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Preface

As the 21st century begins, we are favoured with a worldwide resurgence in hemp cultivation. As
global forests dwindle to rampikes and timber limits, we see a glimmer of hope for our future, thanks to a
renewed interest in this ancient and humble source of food and fibre.

This book is our contribution to hemp’s revival. Much of the literature regarding hemp diseases and
pests dates back 50 years or more. Further, these publications are frequently buried in obscure agronomy
journals. Cultivators of illicit Cannabis have published high-calibre research in the last 25 years, but they
published in semi-clandestine “grey journals” such as Sinsemilla Tips. Our primary effort was to collect
this scattered bibliography and assimilate it into a comprehensive and readable format.

Our second effort was to manoeuvre the control of diseases and pests into the 21st century. Most
hemp research dates to the days when DDT was considered a glamorous panacea. We must find new
control methods for sustainable hemp cultivation. Many “new” pesticides are old, such as pyrethrum, a
popular insecticide before the days of DDT. Biological control also is old; the use of biocontrol against
hemp pests began around 1886, in France. Etre une tete a Papineau, we see biocontrol and hemp
resurging together.

This book was written by amateurs, in the sense that none of the authors earns a living primarily as
an entomologist or plant pathologist. Several Canadian and European professionals reviewed our work
and honoured us with unequalled advice. For this book to have a second edition, we ask you, the reader,
to share the results of your experience. Please send us feedback, via our research centre—the International
Hemp Association, Postbus 75007, 1070 AA Amsterdam, The Netherlands.

The format and organization of this text benefited from George Lucas’s Diseases of Tobacco, Cynthia
Wescott’s Plant Disease Handbook and Gardener’s Bug Book, the APS Compendium series, and the many-
authored Diseases and Pests of Vegetable Crops in Canada, edited by Ronald Howard, J. Allan Garland, and
W. Lloyd Seaman. We hope our efforts to catalogue the Cannabis pest-control literature will reward the
reader, and serve as a platform for launching further investigations. We mind J.D. Bernal’s remark, “It is

easier to make a scientific discovery than to learn whether it has already been made.”

— J.M. McPartland, R.C. Clarke, D.P. Watson
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Forewords

Hemp is grown for a variety of uses and there are records of its production and conversion into useful
products for at least 5000 years. Important raw materials are still available from different types of plant in the
genus Cannabis. It is a renewable starting material for many industries, including textiles, paper, rope, as a
foodstuff and fuel, used from ancient times to the present. More recently it has been used in cosmetics and is
being investigated as the starting point for a new generation of biodegradable plastics. Depletion of feed-
stocks from fossil fuels and the need to access alternative sources of cellulose and fixed oils has refocused
attention on renewable sources of industrial starting materials obtainable from Cannabis.

The use of Cannabis in medicine has had a chequered career throughout history. Until the early part of the
twentieth century it was regarded as a valuable medicine in general practice. At present, Cannabis is classified
as a Schedule 1 (“Class A” in the UK) drug and its use is proscribed under legislation following the UN Single
Convention 1961. Recently, approval has been given by the UK Home Office for Cannabis to be grown for
medicinal purposes so that the safety and efficacy of Cannabis as a medicine can be critically re-evaluated,
with a view to its reinstatement as a prescription medicine.

Cannabis has been grown from antiquity and methods of producing it have been developed in many
geographically different communities. Control of diseases and pests is a necessary part of good husbandry,
and it is useful to have this information critically evaluated and brought together in one volume.

The resurgence of interest in medical and non-medical uses of Cannabis further underlines the need for an
authoritative and comprehensive book on diseases of this valuable crop. The emphasis on biological methods
of control is a recurrent theme throughout the book and reflects the move towards organic methods of horti-
culture for crops grown in the field and under glass. The authors have met this need by providing a compre-
hensive guide based on practical experience and academic expertise.

— Brian A. Whittle
Scientific Director, GW Pharmaceuticals Ltd

This comprehensive volume is an important resource for researchers, crop management consultants, and
growers who wish to increase their knowledge of the pest management of hemp. Many of the pests and
diseases profiled in this book are widely known to crops throughout the world. This book focuses on their
damage to hemp and the specific solutions for this crop. Particularly useful is the clear, systematic approach to
pest and disease descriptions. This is accompanied by an extensive overview of biological, natural, and
chemical solutions to the pests and diseases of hemp, with details on products, application methods, and
dosages. The emphasis on realistic biocontrol options is an outstanding feature . It is rare that such extensive
information on disease and arthropod control has been combined in one volume. Moreover, it will be very
useful for anyone working with pest management in other high-value crops.

Biological control of pests and diseases has evolved rapidly in the past 25 years, and many of the tech-
niques described here have been adapted from tried-and-true strategies that have proved successful for
growers of other crops. In fact, Koppert Biological Systems has been collaborating with one of the authors and
we have successfully controlled many different pests on hemp with natural enemies routinely used in green-
house vegetables.

Just as the science surrounding hemp continues to evolve, so does the science of biological control. The
authors have succeeded in creating a complete, up-to-date collection of pest management information for
hemp. Ultimately, the techniques described in this volume will be adapted and improved by growers them-
selves and I am confident that many growers of hemp will benefit greatly from the knowledge contained in
this volume.

— Willem J. Ravensberg
Head, R & D Microbials, Koppert Biological Systems



How to Use This Book

You need not begin this book at page one. If you tentatively identified a pest or pathogen infesting
your plants, look its name up in the index. See if the problem in hand matches its description in the book.
Proceed to read all about the problem and its control measures. Control measures for common pests and
pathogens are highlighted with charts, illustrations, and explicit instructions.

If you face an unknown assailant, turn to the identification keys in Chapter 1 and Appendix 2. If you
dislike keys, most common pests can be diagnosed by the “picture-book method”—flip through the
illustrations until you recognize your problem.

This book has no separate glossary; technical terms used in this text are defined within it. If a techni-
cal term is unfamiliar to you, use the index to locate the term’s definition. Terms in bold print indicate
they are being defined in that paragraph. We define technical terms in Chapters 1, 2, and 3, to build the
precise language needed for pest identification using pest morphology (form and structure). We are
unapologetic morphologists, and agree with Wheeler (1997), “no credible theoretical reason exists why
molecular data should be more informative or less homoplastic than morphological data.”

To control diseases and pests, we consider chemicals a last resort. We prefer cultural techniques,
mechanical methods, and biological controls. Cultural techniques alter the farmscape, making it less
favourable for pests and disease organisms (see Chapter 9). Mechanical methods utilize traps, barriers,
and other ingenious techniques (see Chapter 9). Biological controls employ beneficial organisms to
subdue pests and pathogens (see Chapter 10). Although we discourage the use of chemicals, technical
information regarding their use is presented in Chapter 11 and Appendix 1. This information is presented
in the spirit of harm-reduction, not as a green light for chemical abuse. Use as little as possible.

For current availability of specific biocontrol organisms and biorational chemical controls, please
obtain the Annual Directory published by BIRC (Bio-Intergral Resource Centre), P.O. Box 7414, Berkeley,
California 94707, telephone (510) 524-2567.
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In order to control mosquitoes, one must learn to think like a mosquito.
—Samuel Taylor Darling

Chapter 1: Principles of Plant Protection

INTRODUCTION

Diseases and pests cost farmers many millions of dollars
in losses every year. Agrios (1997) estimated that 13% of fibre
crops were lost to insects, 11% were lost to diseases, and 7%
were lost to weeds and other organisms. In addition to these
losses in the field, Pimentel et al. (1991) added another 9% in
postharvest storage losses. These percentages would soar if
crops were not managed for diseases and pests.

Our challenge is to sustain crop yields as we shift from
chemical control to biological control. We want products
made from healthy Cannabis—no weakened or discoloured
fibre, rancid seed oil, or aflatoxin-laden medical marijuana.
But we don’t want pesticide-tainted products, either.
Everyone benefits from nontoxic pest control—consumers,
cultivators, Cannabis, and our environment. Nontoxic pest
control is the keystone for sustainable agriculture.
Sustainability requires a shift in societal consciousness, as
well as an agronomic transformation, and we feel Cannabis
cultivation can inspire the shift.

Some experts claim that hemp suffers no pests or
diseases (Herer 1985, Conrad 1994). Their view may be
skewed. We have grown hemp (McPartland under DEA
permit, Clarke and Watson under Dutch and British licenses),
and we can say with confidence that hemp suffers diseases
and pests. As long as we insist on cultivating large acreages
of intensive, high-output, monocropped plants, our crops
will attract problems.

DISEASES AND PESTS

Do insects cause disease? No. According to Whetzel,
quoted in Westcott (1990), disease is damage caused by the
continued or persistent irritation of a causal factor (e.g., a
nutrient deficiency or a pathogen). Pathogens are organisms
that cause continued irritation, such as viruses, bacteria, fungi,
parasitic plants, and nematodes.

Injury, in contrast, is caused by transient irritations.
Insects are transient; they cause feeding injury, not disease.
Hail stones cause injury, not disease. Injury, however, may
lead to secondary disease. Hail stones injure plants, and injured
tissues may become infected by disease organisms, such as
the grey mould fungus (Botrytis cinerea). Aphids injure plants,
and they often transmit viruses as they hop from diseased
plants to healthy plants.

THE CROP DAMAGE TRIANGLE

Any discussion of plant protection should begin with
the “crop damage triangle” (Fig 1.1). Crop damage requires
the presence of: Side 1) a susceptible host, Side 2) a pest or
pathogen, and Side 3) an environment conducive to crop
damage. The length of each side of the triangle represents a

Figure 1.1: The crop
damage triangle.

condition favouring crop damage. The longer each side, the
larger the triangle, the greater the crop damage. Damage is
limited by the triangle’s shortest side—either an absence of
parasites, a healthy environment, or a resistant host. All our
control methods manipulate one or more sides of the triangle.

Host is manipulated by breeding crop plants for
resistance to diseases and pests. Breeding is simply the
mixing of genes and the selection of hybrids with resistant
traits. The larger a crop’s gene pool, the better chance of
finding resistant genes. Cannabis still has a large gene pool.
It has been bred for aeons all over Asia, and each geographic
pocket of plants developed resistance to its local diseases
and pests.

Figure 1.2: The expanding gene pool: sources for genetic
resistance to parasites and pests (adapted from Cook &
Qualset 1996).

When we relocate plants, they are attacked by new pests.
We must breed new resistance. To breed significant resistance
requires casting into a larger gene pool—perhaps crossing
two different cultivars, such as the French cultivar ‘Fibrimon
21" and the Hungarian cultivar ‘Kompolti’ (Fig 1.2). Larger
yet, we can breed different landraces, such as dwarf Northern
Russian hemp and giant Southern Chinese hemp. We can
even breed different species, such as Cannabis sativa and
Cannabis afghanica. Beyond species lies the breeding frontier:
intergeneric crosses between Cannabis sativa and Humulus
lupulus (hops). Cannabis and Humulus are easily grafted
together (Crombie & Crombie 1975), but cross-pollination
does not produce viable seeds. Cereal scientists have created
intergeneric crosses since the 1950s (Sears 1956), combining
X-ray irradiation with embryo rescue on artificial growth
media. But X-rays are now passe. Genetic engineering is the
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2 Hemp Diseases and Pests

latest way to move genes from one plant to another. Engi-
neers have used a bacterium, Agrobacterium tumefaciens, to
splice DNA between plants (for a description, see A. tumefa-
ciens in Chapter 6). More recently, A. tumefaciens has been
replaced by microprojectile bombardment devices known as
“bioblasters” or “gene guns” (Christou 1996).

Bioengineers can introduce genes from closely related
genera (i.e., Humulus), or distantly related plants (e.g.,
Sequoiadendron giganteum). Genetic engineering can even
produce interphyletic crosses, splicing genes from bacteria,
fungi, or animals. In the future, engineers will synthesize
“designer genes”—the ultimate, infinite gene pool, with
unknown benefits and dangers lurking in its depths.

Despite this “lurking unknown,” we see bioengineered
crops being planted across the USA and Canada, so North
America has become a large-scale transgenic field study.
Unanticipated catastrophes have already arisen, both eco-
logical (Losey et al. 1999) and medical (Nordlee et al. 1996,
Ewen & Pusztai 1999, Fenton et al. 1999).

Resistance against insects and diseases does not last for-
ever. Pests and pathogens are moving targets; they mutate
and undo the work of plant breeders. Pests can adapt within
three years of a new cultivar’s introduction (Gould 1991).
Paradoxically, crops with partial resistance may last longer than
strongly-resistant varieties. For more information on breeding
resistance, see Chapter 7 (Genetics) and Chapter 9 (Method 5).

Environment, the base of the crop damage triangle, is
manipulated by cultural and mechanical methods. Glass-
house environments are easily manipulated. To control grey
mould, lower the humidity and increase the temperature.
To control spider mites, raise the humidity and lower the
temperature. Outdoor environments may also be manipu-
lated. Careful site selection influences the immediate
microenvironment .around plants. Choosing a shady site
protects against sun-loving flea beetles but exacerbates grey
mould. Prevent root rot by avoiding low-lying, heavy soil
(or lightening the soil and planting in raised beds).

Field locations should be selected with an eye toward
neighbouring crops—if European corn borers are a problem,
do not plant near maize. The previous season’s crop also
affects a site—expect white root grubs if rotating after sod.
Lastly, host density affects the microenvironment and plays
a significant role in crop protection (De Meijer et al. 1994).

Pests and pathogens, the third side of the triangle, are
controlled by cultural, mechanical, biological, and chemical
methods. Traditionally, agronomists often cite “the two E’s”
of pest and pathogen control: exclusion and eradication.

Exclusion is why the USA government established the
Plant Quarantine Act in 1912—to exclude foreign parasites.
Farmers exclude parasites in three ways: 1) cleaning all
equipment before entering a field, glasshouse, or growroom,
2) sterilizing or pasteurizing soil before bringing it into a
glasshouse or growroom, and 3) using certified seed which
is disease- and pest-free.

Eradication requires the elimination of parasites once
they have arrived. Some problems can be eradicated by
cultural and mechanical methods (e.g., pruning diseased
branches, starving pests via crop rotation, heat treatment of
seeds). Total eradication usually requires the use of heavy
pesticides. But spraying one pest may increase the population
of another pest, resulting in more crop damage. “Eradication”
becomes an unrealistic and self-defeating goal. Eradication is not
a concept embraced by practitioners of IPM.

INTEGRATED PEST MANAGEMENT (IPM)
IPM is a holistic approach to controlling pests (and
disease pathogens and weeds) that integrates all sides of the

crop damage triangle, and utilizes cultural, biological, and
chemical control methods (Stern et al. 1959). Researchers in
Canada and Europe have used terms such as “comple-
mentary”and “coordinated,” but the Australian concept of
“integrated management” has won the acronym battle.

IPM began as a solution to ecological and economic prob-
lems associated with pesticides. It replaces the concept of
eradication with the concept of coexistence (McEno 1990). IPM
practitioners (IPMers) coexist with pests as long as pests re-
main below economically-damaging levels. What constitutes
“economically-damaging” differs from pest to pest and plant
to plant. A gardener growing for a flower contest may con-
sider damage by a single budworm intolerable. Fibre crops,
in contrast, endure many budworms before economic thresh-
olds are reached. Biocontrol alone can keep most pest
populations under economic thresholds.

IPM integrates ideas from conventional agriculture with
ideas from organic farming. Organic farming is defined by
the National Organic Standards Board as “an ecological farm
management system that promotes and enhances
biodiversity, biological cycles, and soil biological activity. It
is based on minimal use of off-farm inputs and on
management practices that restore, maintain and enhance
ecological harmony.” From an economic and political
standpoint, the minimal use of products from commodity
corporations removes organic farmers from the corporate
food chain. This places organic farmers at odds with multi-
national giants; this also places organic farmers at odds with
the USDA, which depends upon research money from the
Monsantos of the world.

The organic process was postulated by Goethe, and
elaborated by Rudolf Steiner, the founder of bio-dynamic
farming. Bio-dynamic farmers control diseases and pests by
stimulating natural processes and enhancing healthy
ecological relationships (Steiner 1924, AGOL 1998). The same
year Steiner founded bio-dynamic farming, Sir Albert
Howard began developing his “Indore Process” for
maintaining soil fertility (Howard 1943). In the USA, J.I.
Rodale began using methods that paralleled the research of
Howard and Steiner.

Organic farmers focus on soil fertility much more than
IPMers. Natural soil fertility has many benefits. Crops
growing in organically-managed soils suffer less pests than
crops growing in conventionally-managed soils (Phelan et
al. 1996). Organic crops cause less pharyngitis and laryngitis
in marijuana smokers than crops cultivated with chemical
fertilizers (Clarke, unpublished research 1996). Marshmann
et al. (1976) compared organically-managed crops to crops
grown with chemical fertilizers, and found the former con-
tained more A’-tetrahydrocannabinol (THC). Similarly, stud-
ies with Papaver showed that poppies sprayed with pesti-
cides produced less opiates than controls (Wu et al. 1978).

Unfortunately, the term “organic farming” has degraded
into a marketing tool. The new USDA certification standards
are weaker than standards previously established by indi-
vidual states in the USA. The term organic farming is also
confused with another USDA buzzword, sustainable agri-
culture. Sustainable agriculture shares goals with organic
farming, but is difficult to define in absolute terms.
Sustainable agriculture does not prescribe a concrete set of
regenerative technologies, practices, or policies. Itis more a
process of education (Roling & Wagemakers 1998).

Organic farmers and IPMers differ in their approaches
to pesticides. Organic farmers eschew synthetic pesticides,
as well as many natural pesticides (see “The National List”
in Chapter 11). IPMers, in contrast, use any pesticide that
works. But IPMers reject the conventional approach of spray-
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ing pesticides, which is rigidly based on the calendar date.
Instead, IPMers spray on a schedule determined by three
aspects: 1) pest monitoring, 2) climate monitoring, and 3)
the presence of beneficial organisms. With IPM, careful obser-
ovation replaces the brute force of conventional chemical warfare.
Farmers using IPM must closely monitor crop conditions,
biocontrol organisms, the weather, and all pests in the area, not
just single target species. IPM is pest management for the
information age.

IPMers must understand a complex web of ecological re-
lationships, such as parasitism, mutualism, and competition.
The centre of this web is a crop. In our case, Cannabis. Animals
and other non-photosynthetic organisms have a parasitic re-
lationship with Cannabis. There are exceptions, such as Homo
sapiens, who maintains a mutualistic relationship with
Cannabis. Mutualism occurs when both species benefit from
their interaction. Homo sapiens nurtures the plant’s growth
(cultivation) and disperses seeds (zoochory); the plant
provides us with fibre, food, oil, and medicaments. Cannabis
has a competitive relationship with most other plants, com-
petition for the raw materials of photosynthesis—sunlight,
water, and soil nutrients.

Relationships change with space and time. When two
insects meet on a plant, the competition becomes intense in
a space-limited environment such as the hollow stalk of a
hemp plant. But insects don’t have to meet to compete. Plants
damaged by leaf-chewing insects are avoided by leafminers
for many months (Faeth 1986). Chewed plants produce more
defence chemicals, such as THC, making the remaining
leaves less desirable to leafminers. Also, leafminers feeding
on previously-damaged leaves suffer greater parasitism than
leafminers feeding on unchewed leaves. This is because some
parasitoids (parasites of pests) use chewed leaves as clues
to locate their hosts. Amazingly, leaves damaged by wind or
other mechanisms do not attract parasitoids unless oral se-
cretions from pests are added (Turlings et al. 1990). Further-
more, parasitoids can distinguish between leaf damage
caused by their hosts and leaf damage caused by other her-
bivores (DeMoraes et al. 1998). Plants emit different volatile
chemicals in response to different pests, and parasitoids clue
into the differences. The communication between plants and
parasitoids is more sophisticated than previously realized
(DeMoraes et al. 1998).

The final outcome of any interaction is often arbitrated
by the environment, or the microclimate. A pest may flourish
on a plant’s lower leaves, shaded and protected, but not
survive in the harsh environment near a plant’s apex. This is
especially true in Cannabis, where flowering tops accumulate
THC—a chemical with pesticidal activity.

These few paragraphs indicate how complex IPM can
become. In practice, IPM methods are arranged in a hierarchy
depending on pest populations, crop density, and
environmental concerns. The primary IPM strategy is
selectivity. A control method should selectively kill pests and
not beneficial organisms. Selective timing and selective
treatment applied to selective infested plants (not the entire
field) minimize collateral damage. Selectivity requires careful
identification of pests and pathogens. Know thy enemy.

CANNABIS

Also know thy host. Unfortunately, the taxonomy of Can-
nabis remains in flux. The genus may be monotypic
(consisting of one species according to Small & Cronquist
1976), or polytypic (with two or more species according to
Schultes et al. 1974 and Emboden 1974).

Knowing your host becomes particularly important when
dealing with pathogens and pests. Many parasites coevolve

with their hosts, eventually becoming dependent on asingle
host species (“Fahrenholz’s Rule”). This is why many pests
attack one species and disregard others. This happens with
Cannabis pests. Some pests attack hemp plants but cannot
feed on marijuana plants (McPartland 1992, 1997a). Are these
hosts different species? Rothschild & Fairbairn (1980) found
the insect pest Pieris brassicae could distinguish between
Turkish and Mexican strains of marijuana. Are these hosts
different species?

Human taxonomists differentiate between plants by
genetic, chemical, and morphological characteristics. The
genetic characteristics of Cannabis are currently under close
scrutiny (see “Genetics” section in Chapter 7). The chemical
taxonomy of Cannabis is complex; Cannabis is a veritable
chemical factory. Cannabis uniquely produces the
cannabinoids, a family of C,, terpenophenolic compounds,
including THC, cannabidiol (CBD), cannabinol (CBN),
cannabichromene (CBC), cannabigerol (CBG), and at least
60 other cannabinoids (Turner et al. 1980). The unique smell
of Cannabis, however, is not from cannabinoids, but from
terpenoids. Terpenoids are polymers of a C; isoprene pre-
cursor, such as the monoterpenoids (with C, skeletons),
sesquiterpenoids (C ), diterpenoids (C,), and triterpenoids
(C,,). Cannabis produces over 150 terpenoids, including
caryophyllene, myrcere, humulene, limonene, and several
pinenes (Hood et al. 1973, Hendriks et al. 1975, Ross & ElSohly
1996, Mediavilla & Steinemann 1997). Collectively,
terpenoids are called the essential oil or volatile oil of the
plant. One terpenoid, caryophyllene oxide, is the primary
volatile sniffed by narcotic dogs (Brenneisen & ElSohly 1988).
Interestingly, hemp varieties produce more caryophyllene
oxide than drug varieties (Mediavilla & Steinemann 1997).
Cannabinoids and terpenoids have pesticidal and repellent
properties (McPartland 1997b).

This book will follow a polytypic approach to Cannabis
taxonomy. The key below describes four prominent Canna-
bis segregates that we can tell apart on a morphological ba-
sis. The morphological key is adapted from work by Schultes
et al. (1974), Emboden (1974), Small & Cronquist (1976), and
Clarke (1987):

1. Cannabis sativa (=C. sativa var. sativa):
Plants tall (up to 6 m), stems smooth and hollow, laxly
branched with long internodes; petioles short, usually
5-9 leaflets per leaf, leaflets lanceolate, largest leaflets
averaging 136 mm long (length/width ratio = 7.5);
racemes have long internodes, and achenes are
partially exposed; achenes (seeds) usually >3.7 mm
long, somewhat lens-shaped with a blunt base, surface
dull light-to-dark green and usually unmarbled, seeds
usually adherent to plants at maturity. Cultivated for
fibre, oil, and sometimes for drugs.

2. Cannabis indica (=C. sativa var. indica):
Plants shorter (under 3 m), stems smooth and nearly
solid, densely branched with shorter internodes;
petioles shorter, usually 7-11 leaflets per leaf; leaflets
narrow lanceolate, largest leaflets averaging 92 mm
long (I/w ratio = 10); achenes averaging 3.7 mm long,
less lens-shaped, with a more rounded base, surface
green-brown and marbled or unmarbled, with or
without an abscission layer. Cultivated primarily for
drugs but also used for fibre and oil.

3. Cannabis ruderalis (=C. sativa var. spontanen):

Plants small (usually under 0.5 m), stems smooth and
hollow, occasionally unbranched; petioles short,
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usually 5-7 leaflets per leaf, leaflets elliptic, largest
leaflets averaging 60 mm long (1/w ratio = 6); achenes
small with a pronounced abscission structure at the
base, surface dull green and marbled, abscission layer
fleshy with oil-producing cells, seeds readily shed from
plant. Not cultivated.

4. Cannabis afghanica (=C. sativa var. afghanica):
Plants short (under 1.5 m), stems ribbed and nearly
solid, densely branched with short internodes; petioles
long, usually 7-11 leaflets per leaf, leaflets dark green
and broadly oblanceolate, largest leaflets averaging 130
mm (1/w ratio =5); racemes have short internodes, and
achenes are not exposed; nested, compound bracts
sometimes produced; achenes usually <3.0 mm long,
nearly round with a blunt base, surface shiny grey and
marbled. Cultivated exclusively for drugs, primarily
hashish.

In our opinion, researchers frequently misname these
Cannabis segregates. C. indica is frequently misnamed C.
sativa, and C. afghanica is frequently misnamed C. indica.
Clarke (1987) attempted to correct the confusion by elevating
C. afghanica Vavilov from its original subspecies level (=C.
sativa f. afghanica Vavilov 1926). Clarke noted that Schultes
etal. (1974) lumped C. afghanica with C. indica. Unfortunately,
Cannabis from Afghanistan has come to typify C. indica,
especially in the eyes of marijuana breeders. This is incorrect;
Lamarck (the botanist who named C. indica) was entirely
unfamiliar with Afghan Cannabis. His taxon refers to the
biotype from India (indica). Marijuana breeders’ use of the
name “indica” for the afghanica biotype has become
entrenched, causing extensive confusion. Some breeders (e.g.,
Schoenmakers 1986) double the confusion by calling afghanica
plants “ruderalis species”.

The cannabinoid content within each Cannabis segregate
varies greatly. Reducing THC has occupied hemp breeders
for years (Bredemann et al. 1956). Cannabis segregates can
interbreed and hybridize, exemplified by XC. intersita Sojak
and by hybrids illustrated by Schoenmakers (1986) and Kees
(1988). C. sativa and C. indica escape cultivation and grow
wild, like C. ruderalis (Small & Cronquist 1976).

IPM STEPS

IPM consists of five steps: 1) identifying and monitoring
diseases and pests, 2) monitoring the environment, 3)
deciding the proper IPM intervention, 4) implementing the
intervention, 5) post-intervention reassessment.

Monitoring methods vary from casual hearsay between
neighbours to daily quantitative trap sampling. Your moni-
toring effort should match the severity of your problem.
Somewhere along the line, keeping a logbook becomes
essential.

Monitoring requires the regular inspection of plants,
insect traps, or soil samples. The larger the crop, the greater
number of samples. Be sure to monitor hard-to-see spots,
like centres of crop fields or back corners of glasshouses. Also
monitor glasshouse “hotspots” located near doors and
window vents. In your logbook, record the date, time, and
location of any crop damage observed. If pests are present,
estimate their numbers (qualitatively—“many,” or
quantitatively—"average of 5 aphids per leaflet”). Recording
the temperature, humidity, and time of day is helpful. Mark
infested plants with a bright-coloured pole or flag so they
can be relocated.

A seasoned entomologist or plant pathologist can
identify a problem at first glance. For the rest of us, several

items of diagnostic equipment come into play, and are de-
scribed below. These items can be purchased from sources
listed in the annual directory published by BIRC (Bio-Integral
Resource Centre), USA telephone 1-510-524-2567. For diffi-
cult-to-find items like aspirators and beat sheets, contact
Gempler’s for their agricultural catalogue (USA 1-800-382-
8473, web site http:/ /www.gemplers.com).

Insects and other arthropods

Most insects can be collected with tweezers or a hand
trowel, plus a flashlight (many are nocturnal). An aspirator
(venturi suction trap) is useful for collecting small, mobile
insects. A penknife may be needed to extract recalcitrant
individuals from protected places. Since smashed insects are
difficult to identify, a collection jar keeps them incarcerated
for closer scrutiny. Knock insects out of foliage with standard
muslin sweep nets or beating sheets. Insect traps baited with
foods or pheromones allow you to monitor pests 24 hours a
day. Insect traps suitable for IPM monitoring are discussed
in Chapter 9 (“method 12”).
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Figure 1.3: Visual scale for damage assessment by fungi or
leaf-eating insects on a Cannabis leaf (McPartland).

A magnifying lens (10x to 16x) may be needed to identify
small insects (aphids, thrips, mites). Some species require
microscopic examination of their genitalia, usually after
chemical clearance with potassium hydroxide. Immature
larvae (caterpillars, grubs, maggots, etc.) may prove
impossible to identify. With care, captured larvae can be
nurtured into adulthood for proper identification.

Many Cannabis pests can be identified by the damage
they cause. A population of insects can also be monitored,
either directly (by counting them) or indirectly (by assessing
their damage). Degree of damage can be estimated with
visual scales (Fig 1.3). The American plant pathologist
Nathan Cobb first devised visual scales. Cobb worked with
disease damage, but his scales can be used for estimating
insect damage. Tehon & Stout (1930) illustrated a variety of
Cobb scales.

Fungi and bacteria

Few fungi and bacteria are readily identified in the field.
Many must be identified with a microscope. “Immature”
(nonsporulating) fungi, like immature insects, may defy iden-
tification. Specimens should be kept moist for a few days to
promote spore development, or they may need to be isolated
and raised on artificial media in petri plates. Hundreds of
different agar-based artificial media are commercially
available. Many selective media only allow growth of
specific pathogens.

Advances in biotechnology may move petri plates to
the basement (Miller 1995). Two biotechnical approaches are
available. Immunodiagnostic methodologies include immuno-
fluorescence, dot immunobinding, and enzyme-linked
immunosorbent assays (ELISA). Nucleic acid-based
methodologies include nucleic acid probes, restrictive fragment
length polymorphism analysis, and polymerase chain
reaction techniques. Immunodiagnostic ELISA tests are the
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Identification keys

Keys are indispensable tools for diag-
nosing crop problems. The best keys are
crop-specific. Some diseases and pests pre-
vail in fibre crops, other problems predomi-
nate in drug crops (McPartland 1996a,b).
Keys should be site-specific, because dis-
eases and pests change between indoor
and outdoor crops. Problems also change

Simpleton’s Key:

Most common symptoms with their most common causes:
no seedlings—old seeds, cold soil, damping off fungi, eaten by pests
wilting—too little or too much H>0, leaf-sucking insects, root insects,
wilt fungi, nematodes
mould on buds or leaves—grey mould, brown blight, downy mildew, pink
rot, powdery mildew (don’t confuse mould with webbing)
webbing—spider mites, budworms, hemp borers, leaf-eating

as plants grow from seedlings to flowering caterpillars
adults. Diseases and pests vary geographi-  gpots on leaves—leaf-sucking insects, leaf fungi, leafminers, too much
cally—many virus diseases, for instance, fertilizer

are limited by the range of their insect vec-
tors. Different keys can be constructed for
all these different scenarios.

There are basically 2 types of identifica-
tion keys: synoptic and dichotomous.
Synoptic keys rely on pattern recognition,
while dichotomous keys are structured de-
cision trees. Watson prefers a synoptic
“Simpleton’'s Key.” Clarke prefers the six
synoptic “Top 10" lists presented below.
McPartland prefers a dichotomous key,
relegated to Appendix 2.

rodents

brown and curling leaf margins—too much fertilizer, dry air, too little K,
brown blight
holes in leaves—caterpillars, beetles, grasshoppers, bacteria
pale green or yellow leaves—not enough N, poor pH, nematodes,
soil fungi, leaf-sucking insects
lumpy stems—European corn borers, hemp borers, beetle grubs,
canker fungi, stem nematodes
spindly stems—not enough light, too much yellow light, temperature too
hot, soil too wet, not enough N or K or Ca
disfigured roots—soil fungi, nematodes, broomrape, grubs, maggots,

tips of limbs or tops missing—rodents, rabbits, deer, cattle, humans

Six “Top 10” lists of common disease & pest problems, indexed with page numbers:

Seed & seedling problems Page
Damping-off fungi
Overwatering ..............
CUtWOIMS it e
CrHCKETS .o
Rodents ........c.ccoevinen.
Slugs and snails .........
Flea beetles ..............

BirdS ..oooeveeie et

Old SEEA ....vviiee et
Insufficient light, water, or temperature

Flower & leaf problems. outdoors Page
Grey Mould.......coouiieiiiiiiicneee e 93
APIAS .ot 31
Yellow and brown leaf spots...................eeel 101,104
Nutritional diSeases ........cocccovvrrvririierercnn i 155
Fleabeetles ..., 65

Budworms & leaf-eating caterpillars .................
Downy mildrew

Plant bugs ...,
Brown blight

Bacterial leaf diS€aSES ...ccceevvvvveeiiiiieiiiiceeeees 144
DBEI o 183

Stem & branch_problems
European corn borers .......ccccccvvvviiincneniincncncn
Grey mould........ccccooiiiiiiiiiii

Hemp borers
Hemp canker
Beetle & weevil grubs ...l
Fusarium Canker .........cccccviiiiien e
Rhizoctonia sore shin
ANthracnose .......oooeeeiiiecceieeeeenes
Striatura ulcerosa (bacteria)
Stem NemMatodes ...cveeieeiceiieee e e

Root problems Page
Root knot nematodes ........ccceveiiiiiniiiie 137
Rhizoctonia root rot
Beetle grubs ...
Fusarium root rot ..o
Broomrape
Cyst nematodes .......c..cccevveiiiiniiicin e,
Texas root rof ...
Root Maggots .......oooiiiiiii e
ROAENtS ....ooiieiiei e
White root grubs ......cccoo i

Whole-plant_problems
Fusarium wilt ...,
Charcoal rot......c.covie e
Verticillium wilt ...,
Nutritional problems
Overwatering .......cccvevevvene.
Bacterial wilt .........

Virus diseases

Armyworms
Thieves with guns

Indoor_problems (alasshouses & arow rooms) Page
Nutritional diseases and overwatering .......... 155, 164
Spider mites
Aphids ..................

Whiteflies .............

Grey mould.......c.coovvvirini e
TRIIPS e e et
Powdery mildrew
Fungus gnats
Leafhoppers ........
Virus diseases
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most popular. They are based on monoclonal antibodies and
provide portable, on-site testing with rapid results.
Commercially available ELISA kits can instantly identify
fungi that cause disease in Cannabis (e.g., Botrytis cinerea,
Rhizoctonia solani, Sclerotinia sclerotiorum, Fusarium
graminearum). These kits detect microscopic fungi before
symptoms appear. But they are expensive—single tests cost
between US$4 to $50 (Sutula 1996).

Nematodes

Some nematodes, such as female root knot nematodes,
can be identified by simply inspecting roots. Other
nematodes may require special techniques, such as boiling
infested roots in lactophenol mixed with cotton blue stain,
then decolourizing roots in plain lactophenol and viewing
roots under a microscope. Agrios (1997) described three
methods for separating nematodes from soil or plant tissues:
the Baermann funnel method, sieving method, and
centrifugal or sugar flotation method. The Baermann is
simple and produces a high yield of nematodes, but takes
two to five days. Centrifugal flotation can be more expensive
and may yield fewer nematodes than the Baermann method,
but takes much less time (only ten minutes).

Viruses

Identifying viruses is not easy. Their symptoms can be
confusing. To see them requires an electron microscope.
Cross-inoculation studies with other plants are time-
intensive. Serological tests and fluorescent antibody
techniques are expensive and not available for HSV (hemp
streak virus) or HMV (hemp mosaic virus)—the most
common viruses on Cannabis. Viral inclusion bodies can be
detected with a light microscope by using special dyes
(Christie et al. 1995), techniques described in Chapter 6.

Nutritional diseases

Mineral deficiencies are usually diagnosed by observing
characteristic symptoms in foliage. Soil and plants can be
chemically tested for mineral deficiencies. Agricultural
agents and extension services often provide inexpensive soil
and water tests. Cheap kits for testing soil are available, but
may provide inaccurate readings.

The ultimate aid for identifying pests and diseases is an
expert. The USA government has employed public
consultants since 1854, when Asa Fitch was hired as an
entomologist. The State of New York hired the first
professional plant pathologist, Joseph C. Arthur, in 1882.
Today. the USDA maintains a network of county extension
agents across the country; find your local office in the yellow
pages. Of course, until Cannabis cultivation is legalized in
the USA, asking extension agents for assistance may be
hazardous.

ENVIRONMENTAL MONITORING

While monitoring diseases and pests, also keep an eye
on the weather. Weather affects the severity of diseases and
pests, and the efficacy of control methods. For instance, if
cutworms are a problem, cool, wet weather causes them to
proliferate. Wet weather hampers biocontrol of cutworms
with Trichogramma wasps, but enhances biocontrol with
Steinernema nematodes.

Heat controls the development of pests and pathogens.
Development cannot begin until the environment reaches a
certain temperature (the low threshold), and pest
development stops if the temperature climbs too high (the
high threshold). The amount of heat required for

development of a pest or pathogen varies very little—it
always equals the sum of temperature (between thresholds)
and time. Thus, we can predict the development of problems
by summing the growing season’s accumulated heat. This is
measured in degree days (°Cd or °Fd, for centigrade or
fahrenheit). Methods of measuring °Cd vary in complexity.
A daily maximum-minimum thermometer can estimate the
approximate °Cd at your location. More accurate
determinations of heat require a calculus of minute-by-
minute measures of air and soil temperatures.

Starting in early spring, record the average temperature
for the day (maximum plus minimum divided by 2). From
the average temperature you then subtract the low threshold
(“base”) temperature. For hemp, Van der Werf (1994) used a
base temperature of 0°C, and began measuring on the day
he sowed seed. For example, the day he sowed seed, the
maximum temperature reached 15°C, the minimum was 5°C,
equalling an average temperature of 10°C. Subtract 0°C as
the base temperature. By this calculation, the seeds
accumulated ten degree days (10 °Cd) the first 24 hours after
planting. Daily degree days are continuously added to
calculate the accumulated °Cd for the season. Van der Werf
(1994) determined that hemp seedlings required 88.3 °Cd
before they emerged from the soil. Slembrouck (1994) also
used a base of 0°C, and began measuring on the day seeds
were sown. She calculated that ‘Fedora’ plants began
flowering at 1350 °Cd, whereas ‘Futura’ plants required 1400
°Cd before flowering,.

For pests and pathogens of temperate crops, many
experts use 10°C as the base temperature. In Vermont (USA),
using 10°C as the base temperature and beginning
measurements on March 1st, adult flea beetle emerge from
soil to chew on seedlings at 90-110 °Cd (data is less accurate
for soil insects, because we measure air temperature, not soil
temperature). The first generation of European corn borer
moths lays eggs around 250-275 °Cd. This year Vermont
suffered record-breaking temperatures all spring, so pests
developed early. Some farmers were caught by surprise when
egg-laying bollworm moths appeared a month before usual,
but the moths were right on time by our °Cd estimations, so
we were ready with our Trichogramma wasps and Bt sprays.

IMPLEMENTING IPM STRATEGIES

The person in charge of monitoring pests should also
be the decision-maker who implements control strategies. If
not, then the monitor and decision-maker must keep in close
communication. Similarly, if the decision-maker and the
implementor are separate, communication is key. Good IPM
decisions frequently require outside support, as this book
hopes to provide.

LAST STEP: POST-INTERVENTION MONITORING

During the 1940s and 1950s, farmers sprayed DDT and
were done, knowing their pests were dead. Not any more.
Today, monitoring pests and pathogens must continue after
you have intervened with control methods. Post-intervention
monitoring provides feedback for evaluating the
effectiveness of the IPM programme. Biocontrol methods
require very careful feedback.

POST SCRIPT: SHOULDERS OF GIANTS

Qur current work on Cannabis builds on earlier efforts
by hundreds of men and women. Allow us to briefly
highlight some previous researchers and their work. For a

more complete history see the two-part series by McEno
(1987, 1988).
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Surprisingly, the first published de-
scription of a Cannabis disease did not
appear until 1832, and it was described
by an American, Lewis David von
Schweinitz (Fig 1.4). Schweinitz dis-
covered a fungus infesting hemp stalks
near Salem, North Carolina. He named
it Sphaeria cannabis. Schweinitz was an
interesting character—a cigar-smoking
minister, and the first American to earn
aPh.D. (Rogers 1977). He described the
first fields of wild hemp growing in
North America (Schweinitz 1836).

In Europe, the first Cannabis
problems to receive attention were leaf
diseases: Lasch described Ascochyta
cannabis in 1846; Westendorp described
powdery mildew in 1854; Kirchner de-
scribed Depazea cannabis in 1856; and
two researchers independently
described Septoria cannabis in 1857. Our
modern-day plague, grey mould
(caused by Botrytis cinerea), was
originally described on hemp by
Hazslinszky in 1877. In the
entomology world, the first Cannabis-
specific insects were described in
1860—Aphis cannabis by Passerini in
Italy, and Psyche cannabinella by
Doumere in France.

One of the great workers emerging
from this period was Oskar Kirchner
(Fig 1.4). A “Renaissance man” from
Germany, Kirchner wrote about all
kinds of Cannabis problems—fungi
and insects, as well as nematodes,
bacteria, and parasitic plants (Kirchner
1906). His artwork was admired by
many, and frequently imitated (see
comments in the section on yellow leaf
spot, Chapter 5).

America’s “Renaissance man” was
Lyster Hoxie Dewey (Fig 1.4). Dewey's
career at the USDA began with critical
work on the Gramineae. He wrote about medicinal herbs,
deploring the overharvesting of wild plants such as
goldenseal and ginseng. His ecological views were unique
in the USDA. Dewey explained how destroying our native
prairie enabled tumbleweed (Russian thistle) to spread across
Midwestern rangelands. Dewey’s contemporaries, in con-
trast, believed tumbleweed was a Russian plot to destroy
American agriculture [see Scientific American 264:84].

From 1899 to 1935 Dewey led fibre-plant investigations
at the USDA. He became a champion of hemp, dedicating
his energies and talents to the advancement of Cannabis.
Dewey imported seeds from all over the world, from fibre
and drug plants, and evaluated them on American soil. Bocsa
(1999) called Dewey “the first hemp breeder,” inaugurating
a distinguished lineage that includes Fleischmann, Grishko,
Bredemann, von Sengbusch, Hoffmann, Allavena, Virovets,
Mathieu, and Bocsa himself.

Dewey (1914) called Coates Bull and Fritz Knorr the first
hemp breeders. This pair from St. Paul bred ‘Minnesota No.
8" from the best Chinese landraces they could buy in
Kentucky. Dewey subjected ‘Minnesota No. 8" to a decade
of inbreeding and half-sib family selection to create his first
successful variety, 'Kymington” (Dewey 1928). At the same

Figure 1.4: Outstanding Cannabis researchers: top row, left to right: Vavilov;,
Schweinitz; Charles; middle left: Kirchner; jower left: Roder; lower right: Dewey
holding a male (staminate) plant growing next to a female (pistillate) plant.

time, Dewey imported seed directly from China, and devel-
oped ‘Chington.” He subsequently bred the first inter-vari-
etal cultivar, ‘Arlington,” by crossing ‘Kymington’ with
‘Chington.” Dewey also crossed ‘Kymington’ with the Ital-
ian variety ‘Ferrara,” to create the celebrated hybrid
‘Ferramington’ (Dewey 1928). Dr. Fleischmann, in Hungary,
bred a similar cultivar by crossing Dewey's ‘Kymington,’
with ‘F-hemp,” a variety of north Italian ancestry.
Fleischmann's stock sired many of the Hungarian cultivars
available today (De Meijer 1995).

Dewey was an ecologist as well as a plant breeder. He
worked on ways to make paper out of hemp hurds. Long
ago he lamented, “There seems to be little doubt that the
present wood supply cannot withstand indefinitely the
demands placed upon it... Qur forests are being cut three
times as fast as they grow” (Dewey & Merrill 1916).
Unfortunately, Dewey lived to see his hemp efforts undone
by Harry Anslinger’s anti-marijuana propaganda. Dewey
died several years after passage of the Marihuana Tax Act of
1937.

Dewey was not expert in pests and pathogens. For these
problems he collaborated with Vera Charles (Fig 1.4). Vera
Charles was another USDA researcher based near Washing-
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ton, D.C., but she collected Cannabis specimens from across
the country. She also lived to see hemp cultivation outlawed,
and saw her old hemp research plots on Potomac Flats re-
placed by the Pentagon.

Dewey’s counterpart in Russia was Nikolai Vavilov (Fig
1.4). Among the great scientists of our century, Vavilov has
been lionized as an international statesman of agriculture
and plant genetics (Menvedev 1969). Vavilov collected
Cannabis from around the globe, often journeying to central
Asia, which he considered the centre of Cannabis diversity.
His Cannabis germplasm collection is preserved at the newly-
renamed Vavilov Research Institute (VIR) in St. Petersburg.
Preservation of Cannabis germplasm by the VIR has been
supported by the International Hemp Association (Lemeshev
et al. 1994).

Vavilov’s research with drug plants elicited criticism from
other Soviet agronomists. His research was eventually ter-
minated by political action, as was Dewey’s research. But
Vavilov also lost his life. Shortly after his publication of The
Origin of the Cultivation of our Primary Crops, in Particular of
Cultivated Hemp, Vavilov locked horns with T.D. Lysenko.
Lysenko was famous for fabricating genetic theories based
on Marxist doctrine. He became a powerful toady of Stalin.
Lysenko had Vavilov arrested. Shortly before Vavilov died
in one of Stalin’s gulags, he wrote for the ages, “We shall go
to the pyre, we shall burn, but we shall not renounce our
convictions.”

Besides Dewey and Vavilov, many other Cannabis re-
searchers died during World War II, including Kirchner and
Klebahn in Germany, Curzi in Italy, Guilliermond in France,
Lange in Denmark, and Komarov and Tranzschel in the
USSR. One researcher that survived the carnage was Kurt
Roder (Fig 1.4). Roder published a half-dozen papers on
Cannabis viruses, fungi, and insect vectors, before his
laboratory in Berlin was destroyed.

In the 1950s, Italy became a centre for hemp research

thanks to the tireless efforts of Ferri and Goidanich at Bolo-
gna, and Noviello at Naples. Eastern Europe got busy, with
publications from Poland, Romania, Bulgaria, the former
Yugoslavia, the former USSR, and especially Hungary. Hun-
garian research has been headed by Bosca (an agronomist)
and Nagy (an entomologist).

The study of Cannabis parasites became divided during
the 1970s with the rise of anti-marijuana biocontrol research.
While Europeans tried to control pests and pathogens of
hemp, USA researchers experimented with the same pests
and pathogens to control marijuana! Marijuana growers
acquired their own disease and pest experts—Frank,
Rosenthal, Rob Clarke, Sam Selgnij, the Bush Doctor, and
Chief Seven Turtles, who published in journals such as High
Times and Sinsemilla Tips. Arthur McCain, a biocontrol
researcher at UC-Berkeley, says the anti-marijuana biocontrol
era ended when research was cancelled by the Carter
administration (Zubrin 1981). Unfortunately, the USA
government may have caught the biocontrol bug again
(McPartland & West 1999).

The 1980s and 1990s saw a renewal of hemp cultivation
in Western Europe. This encouraged new publications
concerning diseases and pests (Spaar et al. 1990, Gutherlet &
Karus 1995). Much recent phytopathological research has
come from Holland (DeMeijer 1993, 1995; Hennink et al. 1993,
Kok et al. 1994, Van der Werf 1994). McPartland (1981 et al.)
revived phytopathological research at the University of
llinois, which has a long history of Cannabis research (e.g.,
Tehon & Boewe 1939, Adams 1942, Hackleman & Domingo
1943, Tehon 1951, Boewe 1963, Haney & Bazzaz 1970, Haney
& Kutscheid 1973, Haney & Kutscheid 1975). Biocontrol
research continues in India, where Cannabis is utilized to
control pests of other crops (Pandey 1982, Mojumder et al.
1989, Kaushal & Paul 1989, Upadhyaya & Gupta 1990, Bajpai
& Sharma 1992, Kashyap et al. 1992, Jalees et al. 1993, Vijai et
al. 1993, Sharma et al. 1997). The future looks promising.



“You never know what is enough unless you know what is more than enough.

—William Blake

Chapter 2: Requirements for Growth

Plants have 17 requirements for growth—moisture, warmth,
light, air, and 13 nutrients found in the soil:

MOISTURE

Thanks to its extensive root system, Cannabis tolerates
dry conditions (although it does not thrive in dry conditions).
Lisson & Mendham (1998) detected water extraction by roots
140 cm deep in soil. On the other hand, Cannabis grows
poorly in wetlands or saturated soil. Hemp growth peaks
when soil moisture is at 80% of soil field capacity (Slonov &
Petinov 1980). Duke (1982) summarized data from 50 reports
and found Cannabis does best in areas receiving 970 mm
rainfall per year (range, 310-4030). During the growing sea-
son, Lisson & Mendham (1998) measured maximum fibre
yields in hemp receiving 535 mm water (rain + irrigation).
They calculated a hemp “water use efficiency” equalling 3 g
stem (dry weight) per kg water.

Plant hydration is expressed as water potential (y),
gauged in MegaPascals (MPa) or bars. Older literature
measures hydration as a percentage of total leaf saturation
(TLS). Hemp growth peaks at a TLS of 85-93% (Slonov &
Petinov 1980). This TLS approximates a y value of -0.3 MPa
(= -3 bars). During dry summer months, y routinely drops
to-1.2 MPa (=-12 bars). When y drops below -1.5 MPa, pho-
tosynthesis shuts down in 75% of maize plants. Note that
photosynthesis stops before wilt symptoms are seen. Canna-
bis probably shuts down below -1.5 MPa, but the exact
number awaits measurement. Inexpensive instruments for
measuring y are becoming available.

Besides soil water and plant hydration, careful cultivators
must account for atmospheric water. Cannabis grows best at a
relative humidity (RH) between 40-80% (Frank 1988), but
RH over 60% promotes gray mould in afghanica biotypes and
their hybrids. So a RH between 40-60% is optimal during
flowering, to avoid gray mould.

TEMPERATURE

In a meta-analysis of 50 studies, Duke (1982) determined
Cannabis growth peaks at a temperature of 14.3°C (range 5.6-
27.5°C). For COj-enriched plants in a glasshouse or
growroom, the ideal temperature is higher—21-27°C during
the day and 13-21°C at night (Frank 1988).

LIGHT

Light may be measured two ways—by quantity and
energy. Light quantity is measured by the brightness cast by
a candle onto a square foot of surface one foot away (1
footcandle or 1 Lumen). Light brightness is what the
“exposure meter” in your camera measures. In the metric
world, light imparted by a candle upon a square metre one
metre away equals 1 Lux (1 Lux = 0.093 Lumen).

Ordinary indoor light averages 150 Lux, too dim for Can-
nabis, a plant that requires a lot of light. Researchers have
grown Cannabis in growrooms under as little as 600 Lux
(Saringer & Nagy 1971). Paris et al. (1975) used fluorescent
and incandescent lamps emitting 14,000-18,000 Lux. The
brightest sunlight yet measured is 100,000 Lux atop Mauna
Loa in Hawai'i.

You can estimate brightness with the light meter in your
camera. Set the film-speed dial to ASA 200. Aim the camera
meter at a sheet of matt white paper placed near plants, and
orient the paper to receive maximum light. Position the cam-
era so the meter sees only the paper, and the camera does
not shadow the paper. Set the shutter speed at 1/500 second.
The f-stop setting for a correct exposure at 1/500 can be
converted to lumens using Table 2.1.

Table 2.1: Converting f-stops to Lumens.

f-stop: Lumens:
f2.8 125 L
4 250 L
5.6 500 L
f8 1000 L
f11 2000 L
f16 4000 L
f22 8000 L

The other way to measure light is energy, its ability to do
work (e.g., drive photosynthesis). Engineers measure light
in kilocalories per hour imparted per square metre, or Watts
per square metre (W m2). Sunlight entering the Earth’s up-
per atmosphere imparts 1350 W m2. By the time sunlight
reaches the Earth’s surface, its energy has dropped to 1000
W m<2, at noon on a clear summer day near the equator. On
a cloudy day sunlight dissipates to 100 W m2. Moonlight
exerts only 0.01 W m2. Cannabis researchers have grown seed-
lings under as little as 96 W m12 of mixed incandescent and
fluorescent lighting (McPartland 1984). Frank & Rosenthal
(1978) suggested flowering Cannabis under a minimum of
215 W m?? (=20 watts ft2). For CO;-enriched growth
chambers, Rosenthal (1990) recommended up to 320 W m2
to saturate Cannabis photosynthesis.

Some Cannabis scientists have measure light energy in
terms of emitted photons, as pE/m2/second, where 1000 Lux
=19.5 pEm®s” (Balduzzi & Gigliano 1985). Bush Doctor
(1993b) described the energy emitted by different lights (fluo-
rescent, metal halide, high pressure sodium bulbs), and how
they translate to watts m2 and watts per dollar.

Light energy depends on colour. Colour is a function of
wavelength, measured innanometers (nm). Energy increases
in proportion to wavelength. Short-wave light has less energy
than long-wave light. For instance, purple light (short
wavelength 420 nm) requires 130 milliWatts to generate 1
Lumen of brightness, whereas yellow (long wavelength 570
nm) needs only 1.4 milliWatts to generate the same
brightness. Converting from light brightness (Lux) to light
energy (W m2) is not simple, since most light represents a
mixture of wavelengths. Rosenthal (1998) provides
brightness-to-energy conversion factors for many different
types of bulbs.

Plants prefer certain wavelengths. Plants reject (reflect)
green-yellow light (500-600 nm). This is why they look green

9
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to us. Photosynthesis works best with
red and blue wavelengths. Bush Doc-
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Table 2.2: Soil nutrient extraction of different crops during one growing season.

tor (1993b) described the wave- N P>O0sg K20 CaO MgO S
lengths emitted by commercial light CROP (kghal)(kgha!) (kghat) (kghal) (kgha') (kghat)
bulbs.

Ultraviolet (UV) radiation Maize (Zea mays) 302 130 302 93 123 37
consists of wavelengths shorter than 12,200 kg grain ha-!
deep purple light. UV-A contains Wheat (Triticum sp.) 152 61 184 34 45 23
wavelengths from 420 to 315 nm, 5200 kg grain ha-!
UV-B ranges from 315 to 280 nm, and Oats (Avena sativa) 131 43 165 21 37 22
UV-C ranges from 280 to 100 nm. UV 3600 kg grain ha!
radiation damages nucleic acids and Hemp-whole plant 177 53 184 199 35 18
proteins in plants and people, =200,000dry kg ha!
especially UV-C. Ozone in the Earth’s Hemp-stems only 52 12 99 68 12 8
upper atmosphere absorbs all UV-C, 6000 kg ha-!
about 95% of UV-B, and about 50% Hemp-seeds only 33 18 8 3 6 9
of UV-A. It has been suggested that 700 kg ha-?
Cannabis biosynthesizes THC asa UV Hemp-flowers only 56 30 15 6 10 9

protectant (Pate 1983, 1994). Indeed,
under conditions of high UV-B expo-
sure, Cannabis produces more THC
(Lydon et al. 1987).

1200 kg ha!

Most experts describe Cannabis

as a short-day plant. It flowers in the autumn, when the
photoperiod drops below 12-13 hours per day, depending
on the variety and its geographical origin. Actually,
Cannabis is best described as a long-night plant—interrup-
tion of dark periods by a short light period will completely
prevent flowering, while an interruption of the light period
by even a long dark period will not prevent flowering.

ATMOSPHERE

Plants, like all living things, require oxygen to survive.
But unlike all other creatures, plants provide their own O,
as a by-product of photosynthesis. Atmospheric carbon
dioxide (CO,) is often the limiting factor for photosynthe-
sis. Frank (1988) reported peak growth at CO, levels of
1500 to 2000 ppm (=1.5-2.0%), five or six times greater than
current atmospheric concentrations.

SOIL

Soil science is an interdisciplinary field, the most
complex feature a farmer must manipulate. In the USA
about 20,000 types of soil are recognized (Brady & Weil
1999). Soil series are named by their sites of discovery—
my garden is dense Vergennes clay; up the hill, the soil
lightens to a Covington silty clay loam. Cannabis grows
best in a nutrient-rich, well-drained, well-structured, high
organic matter, silty loam soil. To create this hypothetical
substrate, you have to evaluate the soil’s nutrient content,
pH, type, and texture.

Macronutrients are elements required by plants in
relatively large amounts. Organic materials in soil provide
three of the six macronutrients—nitrogen (N), phosphorus
(P), and sulphur (S). Minerals in soil provide the other three
macronutrients—potassium (K), magnesium (Mg), and
calcium (Ca).

Micronutrients (formally called trace elements) are
also essential for plant growth, but in relatively small
amounts. Most micronutrients become toxic to plants if
they exceed trace amounts. Minerals in soil provide all
seven micronutrients—iron (Fe), zinc (Zn), boron (B),
copper (Cu), manganese (Mn), chlorine (CI), and
molybdenum (Mo). Some nutrients are needed in
extremely tiny amounts. For instance, a plant needs a
million N atoms for every Mo atom (Jones 1998). Some

1. Data for rows 1-3 converted from Wolf (1999), rows 4-6
from Berger (1969), row 7 from McEno (1991).

researchers argue that nickel (Ni), cobalt (Co), sodium (Na),
vanadium (V), titanium (Ti), and silicon (Si) are also plant
micronutrients (Jones 1998).

Cannabis places greater nutrient demands upon the soil
than other crops. See Table 2.2. Fibre crops require high soil N,
high K, then in descending order: Ca, P, Mg, and
micronutrients. Seed crops, compared to fibre crops, extract
less K and more P from the soil. The nutrient extraction of drug
crops has not been measured, but we present estimates in Table
2.2. Drug crops have a high P requirement (Frank & Rosenthal
1978, Frank 1988), and Mg, Fe, and Mn may play a role in the
enzyme regulation of THC synthesis (Kaneshima et al. 1973,
Latta & Eaton 1975).

Storm (1987) described the function of Cannabis plant nu-
trientsin detail. Asummary is found in Table 2.3. Plants lacking
nutrients produce telltale symptoms. For deficiency symptoms
and their correction see Chapter 7.

Soil acidity, measured as pH, directly affects the
availability of nutrients in the soil. See Fig 2.1 for anillustration
of this relationship in organic soils. In soils with insufficient
organic materials, pH has a greater influence on nutrient
availability (Wolf 1999). Duke (1982) summarized pH data from
44 reports and suggested a soil pH of 6.5 is best. Test the pH of
a tablespoon of wet so0il by adding a pinch of baking soda. If it
fizzes, then pH < 5.0 (too acid). Then test a tablespoon of dry
soil by adding a few drops of vinegar—if it fizzes, then pH >
7.5 (too alkaline). Meters to measure pH are relatively
inexpensive and accurate. Frank & Rosenthal (1978) provided
charts and tables for adjusting different soils to a proper pH.

Understanding soil, however, is more than measuring pH
and nutrients. Digging up soil for chemical tests is like grinding
up your finger and conducting the same tests—you learn a lot
about pH and chemistry, but nothing about structure and func-
tion of the soil.

Soil structure and function is determined by mineral par-
ticles, organic material, and microbiology. The particle size of
minerals determines the three major soil types—sand, silt, and
clay. Sand consists of relatively large particles, from 2.0 to 0.05
mm in diameter (these sizes are USDA standards—the British
standard is 2.0-0.06 mm). Sandy soil feels gritty when rubbed
between the fingers. Silt consists of particles from 0.05 to 0.002
mm in diameter, with a floury feel. Clay particles are smaller
than 0.002 mm, invisible under light microscopes. Wet clay soil



NUTRIENT

Nitrogen
N

Phosphorus
P

Potassium
K

Calcium
Ca

Sulphur
S

Magnesium
Mg

Iron
Fe

Boron
B

Manganese
Mn

Copper
Cu

Molybdenum
Mo

Chlorine
Cl

Zinc
Zn

Cobalt
Co

Vanadium
\Y

Silicon
Si

Sodium
Na

FORMS TAKEN
UP BY PLANT

NH,’
NO,

H,PO,’
HPO &

K+

Ca2+

MgZ+

Fe?
Fe?*

B(OH),
BO*

Mn2+
Mn3+
Cu2+
MoO,>
Ci

Zn2+
Zn(OH),
COZ+

V+

Si(OH),

Na*
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Table 2.3: Soil nutrients required for plant growth, and their function.

NUTRIENT INFORMATION

part of amino acids (proteins), nucleic acids (DNA and RNA),
enzymes, coenzymes, cell membranes, and chiorophyil

a component of sugar phosphates (ATP), nucleic acids, lipids, and
coenzymes, promotes root formation and flowering

The primary intracellular cation and a major enzyme catalyst, fuels
the “hydrogen pump” and drives stomatal movement

cements the middie lamella in cell walls and regulates N
metabolism, promotes healthy root and stem development

required constituent of amino acids, enzymes, and coenzymes, involved
in the formation of vitamins

the core of chlorophyil, regulates P metabolism, and may activate
enzymes that synthesize THC

occurs in respiratory enzymes and a catalyst of chiorophyli formation
and perhaps THC synthesis

appears in enzymes and regulates K and Ca metabolism, promotes root
development and prevents tissue necrosis due to excess oxygen

a component of photosynthetic enzymes, perhaps THC-synthesis
enzymes, involved with N and Fe metabolism

part of respiratory and photosynthetic enzymes, involved in cell
wall formation and lignification

serves as a metal component of enzymes required for utilization of N
major intraceliular anion, activates photosynthesis, invoived with K
in the reguiation of osmotic pressure

required for DNA and protein synthesis and formation of auxin and
other growth hormones

enhances the growth of organisms involved in symbiotic N fixture,
constituent of vitamin B,,

promotes chlorophyll synthesis, functions in oxidation-reduction reactions
forms enzyme complexes that act as photosynthesis regulators, plays
a role in the structural rigidity of cell walls

involved in regulation of osmotic pressure



“Only when there is classification can there be analysis.”

—William James

Chapter 3: Taxonomy and Ecology

Most people, especially ecologists, find taxonomy tedious.
Ecologists and taxonomists examine the organisms in a hemp
field from different perspectives. Ecologists examine all
species to study the way organisms interact with each other,
at one site. Taxonomists examine all ecosystems to study the
way a species is related to other organisms, around the world
{Wheeler 1997). Obviously, taxonomists and ecologists need
each other.

When it comes to pest identification, taxonomists have
the upper hand. Once you know the name of a pest or
pathogen (especially the scientific or Latin name), you can
research ways to control it. Exact identification becomes
crucial if you use biocontrol, which only works against
specific pests. Applying biocontrol against a misidentified
pest can be a waste of time and money. Sloppy identification
is permissible if you use nonspecific pesticides.

Most of us learned a two-kingdom taxonomy in school.
Everything was jammed into the Plant Kingdom or the
Animal Kingdom. In 1969 R. H. Whittaker described a five-
kingdom taxonomy—Monera, Protista (now called
Protoctista), Fungi, Plantae, and Animalia. We describe six
kingdoms: Vira, little bits of bad news wrapped in a protein
coat; Monera, the prokaryotes, including bacteria,
phytoplasmas, and actinomycetes; Protoctista, unicellular
eukaryotes, including protozoans, algae, slime moulds, and
oomycetes; Fungi, moulds, mildews, smuts, etc.; Plantae,
Cannabis; and Animalia, including nematodes, molluscs,
insects, and vertebrates. See Fig 3.1 for an illustration of
Cannabis parasites representing most of these kingdoms.
Each kingdom is subdivided into Phyla, then Classes, Orders,
Families, Genera, and Species (“King Phillip Came Over For
Gold Sovereigns”).

VIRA

Conceptually, the viral kingdom resides within the
other kingdoms. Viruses only replicate as true obligate
parasites, in connection with a living host. Viruses cannot
“grow,” they do not eat, they do not have sex. They are
complex molecules, entities between chemicals and life.
Viruses contain DNA or RNA, which encode information
for the re-production of identical chemicals. Viruses cause
disease by reprogramming their host’s metabolic machinery,
causing host cells to produce foreign (viral) proteins.

A Russian botanist, Dmitri Iwanowsky, discovered
viruses in 1892 while studying diseased tobacco plants. He
found that the juice from diseased tobacco plants could pass
through a bacterial filter and still be infective. Viruses were
not actually seen until the advent of electron microscopy.

Viruses are transmitted (vectored) by aphids as the
aphids move from diseased plants to healthy plants. To a
lesser degree, viruses are vectored by leafthoppers, whiteflies,
mites, mealybugs, thrips, and other insects with sucking
mouthparts. Viruses and their vectors work in a symbiotic
relationship. Viruses induce a change in plant metabolism—
a kind of premature senescence—which makes plant sap
more nutritious for sap-sucking insects (Kennedy 1951,
Kennedy et al. 1959). The insects, in turn, transmit the viruses
to new hosts.

Nematodes, fungi and parasitic plants occasionally
vector viruses as they move (grow) from plant to plant.
Viruses commonly spread through vegetative propagation
(cloning) of infected “mother plants.” Viruses may be
transmitted through seeds. Viruses also spread plant-to-plant
via root grafts, or by leaves rubbing in the wind, or by
workers moving among diseased and healthy plants. Tobacco
mosaic virus (the virus originally discovered by Iwanowsky)
can even be transmitted by smoking infected cigarettes near
uninfected plants.

Viruses cause symptoms of stunting, chlorosis, and
overgrowth. Stunting, also known as dwarfing, indicates a
slowing or cessation of plant growth. When a shoot becomes
stunted, the internodes are shorter, which results in the
crowding of foliage, known as a rosette. Viral destruction of
chlorophyll results in chlorosis—the yellowing of normally
green plant tissue. Chlorosis over an entire leaf is called virus
yellows. Chlorosis may formin circular patterns as ring spot,
in stripes as hemp streak, or appear randomly over the leaf
as virus mosaic.

Symptoms of overgrowth caused by viruses include
hypertrophy and hyperplasia. These appear as distorted en-
largements and thickenings of leaves and flowers, sometimes
called witch’s brooms. The lamina and leaf margins of virus-
infected plants may become distorted and these symptoms
are called wrinkle leaf.

Luckily, few viruses attack hemp. Why? Cannabis
extracts and purified cannabinoids inhibit the replication of
viruses (Blevins & Dumic 1980, Braut-Boucher et al. 1985,
Lancz et al. 1990, Lancz et al. 1991). We know no plant viruses
causing disease in people; likewise, plants cannot catch the flu.

Many viruses infect insects. Insect viruses may contain
DNA or RNA. Garrett (1994) suggested insect-borne RNA
viruses were originally plant viruses that, millions of years
ago, infected insects as insects fed on plant nectar. One such
insect RNA virus is sold as a biocontrol agent—the Agrotis
segetum cytoplasmic polyhedrosis virus (abbreviated
AsCPV). DNA viruses are more common biocontrol agents,
such as the Nuclear Polyhedrosis Virus (NPV) and its many
strains (MbNPV, AcNPV, HzNPV, SeNPV, HecNPV, TnNPV,
etc.), the Agrotis segetum granulosis virus (AsGV), and the
Melanopus sanguinipes entomopoxvirus (MsEPV).

All the aforementioned biocontrol viruses produce oc-
clusion bodies (OBs) in their hosts. OBs are viruses embed-
ded within a proteinaceous capsule. Viruses in OBs persist
longer in the environment than non-occluded viruses, which
makes OB viruses more useful as biocontrol agents. OBs
formed by NPV viruses contain hundreds or thousands of
virus particles and grow to 20 um in diameter (Hunter-Fujita
et al. 1998). OBs of GVs are much smaller and only contain
one virus particle. When insects ingest OBs, the proteinaceous
capsule is dissolved by enzymes in the insect midgut. This
releases the virus particles, allowing viruses to infect the host
and replicate. Eventually the insect dies and its carcass dis-
integrates, releasing more OBs onto leaf surfaces. Viroids
are similar to viruses, but have no protein coat. Plant viroids
were discovered in the early 1970s. About a dozen viroid

diseases have been described, none on Cannabis.
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aphid aphids on underside
stylet of leaflet

cucumber mosaic virus

tobacco mosaic virus

phytoplasm

fungus mycelium nucleus
mitochondrion

bacterium

Figure 3.1: Shapes and sizes of some organisms associated with Cannabis (McPartland redrawn from Agrios 1997).
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MONERA

This kingdom contains two phyla, the Cyanophyta
(blue-green algae) and the Schizomycetes (bacteria,
actinomycetes, and phytoplasmas). Antoni van
Leeuwenhoek discovered bacteria in 1683, shortly after he
started making microscopes. Leeuwenhoek was visually-
oriented (Jan Vermeer was his best friend), and he was quite
a curious fellow. Leeuwenhoek temporarily blinded himself
by observing the ignition of gunpowder magnified x160.
After that he turned to more pedestrian materials such as
the scum on his teeth, where he discovered bacteria.

Thomas Burrill first proposed that bacteria cause
disease. He studied “fire blight” of pear trees at the
University of Illinois in 1878. Burrill predated Pasteur, but
Pasteur studied bacteria in people, so he got all the glory. Thus
we don’t speak of the Burrillization of milk.

Bacteria are far smaller than plant cells or animal cells.
About 1000 bacteria laid side-by-side measure a millimetre.
Exceptionally small bacteria approximate the size of large
viruses, but bacteria are more complex than viruses. Bacteria
are enclosed by a membrane composed of proteins,
carbohydrates, and lipids, similar to plant cells and our cells.
Unlike us (but like plant cells), bacteria have a cell wall.
Bacteria can grow, eat, and have sex. Unlike organisms in all
other kingdoms, they only have one chromosome, and it is
circular, without a nuclear membrane. Bacteria communicate
with each other by passing genes between themselves.

Bacteria are extremely prolific. Some double their num-
bers every 20 minutes. If unchecked, one such bacterium
could multiply into a colony covering the Pentagon in 16.50
hours. Bacteria are very hardy. One plant-pathogenic species,
Bacillus cereus, can revert to a spore stage and survive in
boiling water, frozen water, or no water at all.

Here are some generalities about Cannabis pathogenic
bacteria: they are usually rod-shaped bacilli, gram-negative,
aerobic, motile (moving with propeller-like flagellae), enter
plants through small wounds or other openings, generally
have a narrow host range, and rarely harm humans.

About ten species of bacteria attack Cannabis. Their
symptoms often begin as chlorosis—the same as symptoms
from viruses. But the chlorotic tissue subsequently dies
(becomes necrotic), dries out, and turns brown. Leaf spots
are localized lesions of necrotic leaf tissue, more or less
circular. If lesions enlarge and become irregular in shape,
they become blotches. Blotches have indistinct chlorotic
margins, and may be accompanied by wilting. Wilting is a
drooping of leaves or shoots, a loss of plant turgor, indicating
bacteria have obstructed plant xylem. Blights are symptoms
of wilting and necrosis which involve whole shoots or
branches. If wilting becomes permanent, whole branches
suffer dieback—the wilted leaves turn brown and dry out.
Dieback begins at the tip of a branch or shoot and advances
backwards towards the base. Cankers are localized, sunken,
necrotic lesions on stalks or branches; cankers may cause
wilting and dieback. Rot is a brown liquefying necrosis, in-
dicating complete tissue destruction. A root rot indicates
necrosis and collapse of part or all of the root system. Crown
rot involves the crown (the transition zone between the root
and stalk). One species of bacteria causes hyperplasia and
hypertrophy of plant cells, called a crown gall (a cancer-like
growth).

Cannabis protects itself by producing many
antibacterial compounds. Extracts of Cannabis inhibit or kill
plant-pathogenic bacteria (Bel tyukova 1962, Vijai et al. 1993).
An aqueous extract of hemp or wild hemp, called
“cansantine” or “konsatin,” was sprayed on potatoes and
tomatoes to kill bacteria (Zelepukha 1960, Zelepukha 1963).

Cannabis extracts also kill human pathogens (Krejci 1950,
Ferenczy 1956, Ferenczy et al. 1958, Kabelik et al. 1960,
Radosevic ef al. 1962, Gal et al. 1969, Veliky & Genest 1972,
Veliky & Latta 1974, Klingeren & Ham 1976, Braut-Boucher
et al. 1985). Cannabinoids are bactericidal or bacteriostatic,
including THC and CBD (Schultz & Haffner 1959, Klingeren
& Ham 1976), cannabidiolic acid (Kabelik et al. 1960, Gal et
al. 1969, Farkas & Andrassy 1976), cannabigerol (Mechoulam
& Gaoni 1965, Elsohly et al. 1982), and cannabichromene
(Turner & Elsohly 1981). The non-cannabinoid essential oil
of Cannabis is also bacteriostatic, and the essential oil derived
from hashish is more bacteriostatic than the essential oil
derived from fibre cultivars (Fournier et al. 1978).

Some bacteria act symbiotically with plants, not para-
sitically. Rhizobium species live within legume roots and trap
atmospheric nitrogen for plants. Azobacter, Azospirillum, and
Klebsiella species live on the surface of roots and also fix
nitrogen. Some have been isolated from Cannabis (Kosslak &
Bohlool 1983). Researchers have sprayed these bacteria on
roots as nitrogen “biofertilizers” (Fokkema & Van Heuvel 1986).

Many bacteria colonize the surface of plants, forming
resident populations. Most of these epiphytic bacteria are
gram-negative, such as Erwinia, Pseudomonas, Xanthomonas,
and Flavobacterium species. Gram-positive species occur less
frequently (Bacillus, Lactobacillus, and Corynebacterium
species). Epiphytes live on leaf surfaces (the phylloplane)
more frequently than root surfaces (the rhizoplane). Most
epiphytes colonize plants in a commensal relationship, living
off cellular leakage. Others are mutualistic—in exchange for
plant nutrients, the epiphytes protect plants from pathogenic
organisms. Redmond et al. (1987) applied an Erwinia epiphyte
as a biocontrol against Botrytis, the fungal pathogen that
causes grey mould disease.

Some bacteria aid plants by killing insects. One such
species, Bacillus thuringiensis (Bt) is a well-known insect killer.
Spray Bt on plants and insects will die after they eat sprayed
leaves. Another insect-killing bacterium, Xenorhabdus
nematophilus, lives within soil nematodes. You can purchase
nematodes that contain X. nematophilus and mix them into
insect-infested soil. The nematodes find insects, penetrate
them, then release the bacteria. The bacteria kill the insects
and the nematodes feed off the cadavers. Quite a delivery
system.

Phytoplasmas are essentially small bacteria without
cell walls. They were discovered in a photo darkroom shared
by plant and animal scientists. A plant scientist studying dis-
eased plants was surprised by a lack of viruses appearing in
his electronmicrographs. His veterinary colleague, who
studied mycoplasmal pneumonia of swine, said, “But look
at all those mycoplasmas.” The new microorganisms were
subsequently called mycoplasma-like organisms (MLOs).
Genetic studies have determined these organisms are related
to mycoplasmas, so now they are called Phytoplasmas
(Agrios 1997). They spread by sap-sucking insects, which also
become infected by them. A Cannabis phytoplasma has been
reported in India, causing rosette symptoms with
hypertrophy and leaf distortion (Phatak et al. 1975).

PROTOCTISTA

This kingdom contains green, plant-like organisms, as
well as organisms that move about like animals. Thus, some
researchers split Protoctista into two kingdoms—Chromista
and Protozoa (Hawksworth et al. 1995). Protoctistans are
unicellular or multicellular. They differ from bacteria by
having several chromosomes (surrounded by a nuclear
membrane), plus membrane-bound cell organelles (such as
mitochondria, chloroplasts, etc.).
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The green algae (Chromista phylum Chlorophyta) de-
serve mention, since they produce most of the Earth’s
atmospheric oxygen. Chrysophytids should always be
mentioned. They lived and died 20 million years ago. For
aeons their calcium microskeletons piled up on ocean
bottoms. We now call these deposits diatomaceous earth,
and dust them on plants as an organic control against
aphids.

Protoctistans of the phylum Protozoa are animal-
like—such as the classic Amoeba and the bacteria-eating
Paramecium. One genus of flagellated protozoans,
Phytomonas, causes plant disease. It has not been found in
Cannabis. Extracts of Cannabis and purified cannabinoids
kill protozoans (McClean & Zimmerman 1976, Pringle et al.
1979, Nok et al. 1994).

Members of the phylum Oomycota (also called
Oomycetes, algal fungi, or phycomycetes) are difficult to
differentiate from true fungi. They have cellulose in their
cell walls (like plants), instead of the chitin found in fungi.
Two genera, Pseudoperonospora and Pythium, commonly
infect Cannabis. They give rise to unique symptoms.
Pseudoperonospora species cause downy mildew, a blue-
white felt that forms on the undersides of leaves. Pythium
species cause damping off, a rapid collapse of small
seedlings.

Harvey (1925) invented a technique for isolating
Oomycetes, using steam-sterilized Cannabis seeds. He
floated the seeds in pond water as Oomycete “bait.” Thanks
to Harvey’s technique, the scientific literature is filled with
reports of aquatic Oomycetes infesting Cannabis seeds. None
of these “baited” Oomycetes cause problems unless you store
seeds in pond water.

Phylum Myxomycophyta includes the fungus-like
slime moulds—a truly curious bunch. Some “individuals”
can exist as either one multicellular organism or a collection
of single-celled organisms. If there is enough food around,
the single cells go about their business, growing and
dividing like amoebae. But if starved, they aggregate into
clumps and crawl off like a slug. Finding better conditions,
the slug erects a tall stalk topped by spores. The spores blow
off, revert to amoebae, and go their separate ways. Some
slime moulds are brightly coloured and visibly pulsate. They
often make neighbourhood news when found crawling up
someone’s house. Gzebenyuk (1984) found one species,
Didymium clavus, climbing hemp stems. THC and CBN are
toxic to other slime moulds (Bram & Brachet 1976).

FUNGI

Classification and taxonomy get complicated here.
Even Linnaeus, the genius taxonomist who first coined
“Cannabis sativa,” found the fungi frustrating. He lumped
many fungi in his genus Chaos.

Fungi can be unicellular or multicellular. They contain
one, two, or many nuclei per cell. Fungi have cell walls
composed of chitin. Some are mobile. Most are sexual. They
are everywhere we look. In this aspect they are more
successful than insects—fungi have conquered the seas, but
we find no insects in marine environments. Experts estimate
there are at least 1.5 million species of fungi, but only 10%
have been identified to date (Hawksworth et al. 1995).

Fungi have no digestive system, so they absorb (not
ingest) nutrients. Fungi grow into food, exude enzymes
which cause digestion to occur around them, then they
absorb the nutrients. Multicellular fungi grow in threadlike
tubular filaments termed hyphae. Hyphae may or may not
contain septa, which are incomplete cross-walls. The body
of a fungus, its collection of hyphae, is called a mycelium.

Fungi cause more Cannabis disease than the rest of
earth’s organisms combined. Some symptoms are similar to
those caused by viruses or bacteria, such as chlorosis, necro-
sis, rosettes, wilting, leaf spots, blotches, blights, diebacks,
cankers, root rots, and crown rots. Powdery mildew arises
as a thin covering of white fungus upon the upper surfaces
of leaves. Black mildew and sooty mould appear as black
growths on leaves; the latter is associated with aphid drop-
pings. Rust is distinguished by rust-coloured pustules of
fungal spores.

The vast majority of fungi are saprophytes, living off
already-dead material. They benefit us by decomposing
organic matter and releasing nutrients back to the soil. Fungi
also ruin our food and overrun leather, cotton, and paper in
damp places. A small group of fungi “go both ways” as
saprophytes of dead plants and parasites of living plants.
Termed Facultative Parasites (FPs), they normally live as
saprophytes but can attack living hosts. Many of the rot fungi
and damping-off fungi fall into this category. Some FPs also
attack us. Look in an old pint of cottage cheese. The fuzzy
fungus on the lid causes lung disease (geotrichosis), the black
mould causes mucormycosis, and the orange slime on the
bottom causes meningitis and endocarditis in people with
AIDS. Facultative Saprophytes normally attack living hosts,
but can feed on recently-dead ones when times are tough.
Obligate Saprophytes only eat the dead. Obligate Parasites
(OPs) only feed on the living, which poses a problem for
scientists who study them, since OPs cannot grow on agar
in petri plates.

Some FPs live as symbionts within the nooks and
crannies of leaves, feeding on cellular leakage, aphid
honeydew, pollen grains, and other airborne debris. These
phylloplane fungi live above the leaf epidermis (epiphytes)
or in spaces below the epidermis (endophytes). Phylloplane
fungi protect their plant hosts by repelling pathogenic fungi
and herbivorous animals (Fokkema & Van den Heuvel 1986).

Mycorrhizae are symbionic fungi that live within plant
roots. They extend hyphae into the deep soil, drawing water
and minerals (mostly phosphorus) back to their host’s roots.
In return, the host supplies the mycorrhizae with
photosynthetic products. Plants enjoying this fungus
partnership grow faster than their nonmycorrhizal
neighbours (see “Mycorrhizae” in Chapter 5).

Other “friendly” fungi act as hyperparasites and feed
on other fungi, strangle soil nematodes in nooses of hyphae, and
infest insects. Over 700 species of fungi cause diseases in
insects (Roberts & Hajek 1992). One such fungus, Cordyceps
sinensis, produces long, thin, black sclerotia, known as “dead
man'’s fingers” (highly esteemed in Chinese medicine). Many
Cordyceps anamorphs are sold for biocontrol of insects, including
Hirsutella, Nomuraea, Paecilomyces, and Verticillium species.

Cannabis produces antifungal chemicals. In this
capacity, hemp has been planted with potatoes to deter the
potato blight fungus, Phytophthora infestans (Israel 1981).
Concentrated Cannabis extracts are lethal to fungi (Vysots'kyi
1962, Misra & Dixit 1979, Pandey 1982, Gupta & Singh 1983,
Singh & Pathak 1984, Grewal 1989, Kaushal & Paul 1989).
Pure THC and CBD inhibit fungal growth (Dahiya & Jain
1977, Elsohly et al. 1982, McPartland 1984), as does
cannabichromene (Turner & Elsohly 1981), and cannabigerol
(Elsohly et al. 1982). Terpenoids and phenols are antifungal,
such as linalool, citronellol, geraniol, eugenol (Kurita et al.
1981), limonene, cineole, f-myrcene, a- and B-pinene
(DeGroot 1972, Wilson 1997), and these are components of
Cannabis essential oil (Turner et al. 1980).

But fungi fight back. They can replicate. Fungi
reproduce by budding (like bacteria) or by spores. There
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are several kinds of spores. Conidia are spores produced by
mitosis. They are genetically haploid, 11 (like our sperm and
ova). But unlike our sperm and ova, conidia can germinate
by themselves, directly into whole 1n organisms. Hyphae of
two 1n organisms can intertwine and fuse, forming diploid
(2n) organisms. This is fungal sex. In some cases when
hyphae fuse, their nuclei remain separate—forming
dikaryotic (1+1n) organisms. The hyphae of all these
organisms—haploid, diploid and dikaryotic—are identical
in external appearance. Only their nuclei know for sure.

Diploids (2n) can produce spores by meiosis. These
spores may form at the site of haploid fusion (at the zygote,
hence “zygospores”). Spores also arise distally in a sac (the
sacis called an ascus and spores arising in the ascus are called
ascospores) or spores arise distally on a club (the club is
called a basidium and spores arising on the basidium are
called basidiospores). Most Cannabis-attacking fungi
produce millions of microscopic spores. Spores come in
assorted sizes and shapes (Fig 3.2).

Some spores, asci, and basidia form within
reproductive structures called fruiting bodies. Magic
mushrooms, for instance, are fruiting bodies of the
basidiomycete Psilocybe cubensis. The rest of P. cubensis is an
underground network of hyphae. Fruiting bodies of Cannabis
pathogens are less spectacular. Most look like the period at
the end of this sentence. Figure 3.3 illustrates some fruiting
bodies found on hemp—sporangia, apothecia, pycnidia,
acervuli, synnema (coremia), cleistothecia, perithecia,
spermigonia (=pycnia), aecia, uredia, and telia. Fruiting
bodies and spores serve as the most useful means of
identifying fungi, by their size, shape, colour, and arrangement.

Spores may bud directly off specialized hyphae,
without the protection of a fruiting body. Many fungi also
produce chlamydospores, which are hyphae with hard,
thickened walls that survive inhospitable conditions. After
bad conditions pass, these survival units germinate and
regenerate hyphae. A mass of these survival units, frequently
rounded into a ball with a rind-like covering, is called a
sclerotium.

) Pestalotiopsis sp.
Alternaria

alternata Phomopsis ganjae

Botrytis cinerea

Sclerotinia sclerotiorum

Epicoccum nigricans
Nectria haematococca

Athelia rolfsii
Aspergillus flavus

Penicillium chrysogenum

Curvularia sp.
Ophiobolus anguiliidus

Human RBC

Lasiodiplodia theobromae

Figure 3.2: Spores of several Cannabis-pathogenic fungi, drawn to scale with a

glandular leaf hair (McPartland).

Fusarium oxysporum

Most plant-pathogenic fungi produce two types of
spores. The meiotically-derived sexual spores are called the
teleomorph stage; these include zygospores, ascospores, and
basidiospores. Mitotically-derived asexual spores are called
the anamorph stage, including conidia, chlamydospores, and
sclerotia. The-ability to produce two spore stages confuses
taxonomists: each spore stage may have its own name! The
grey mould fungus, for instance, usually produces conidia
and is called Botrytis cinerea. But the fungus sometimes pro-
duces ascospores, and this stage is named Botryotinia
fuckeliana. Two names, one species. How could this happen?
The two spore stages were discovered by different scientists
who did not recognize the stages were related to each other.

Fungi are classified by their teleomorph (sexual) stage,
and placed the Chytridiomycota, Zygomycota, Ascomycota
and Basidiomycota. The teleomorph stage of some fungi,
however, has not yet been discovered; these fungi are only
known by their anamorph (asexual) stage. Two Frenchmen
called these nonsexual organisms “imperfect fungi,” and the
term stuck. Imperfects are placed in their own phylum, the
Deuteromycota. Hawksworth et al. (1995) abandoned the
Deuteromycota as “an artificial assemblage of fungi.” He
does not classify members of this large group of fungi, but
merely calls them “mitosporic fungi.” We disagree with
Hawksworth and retain the phylum for its three useful
classes (see Table 3.1).

Few areas in biology evoke more controversy than the
classification of fungi. Within the phylum Ascomycota, for
instance, different researchers recognize three to six classes,
whereas Hawksworth et al. (1995) recognize none. We fol-
low Ainsworth et al. (1973), who recognize six classes. Nam-
ing fungi (nomenclature) is governed by the International
Code of Botanical Nomenclature (Greuter et al. 1994). The
code is periodically updated and has become rather compli-
cated. As von Arx once said, “nonspecialists have difficul-
ties in understanding the code and adhering to its provi-
sions.”

In this text, we are primarily concerned with plant-
pathogenic fungi. Thus we will bypass many otherwise-im-

portant fungi, such as truffles, the
Eurotiales (human pathogens), as
well as one whole phylum—the
Chytridiomycota (chytrids). Table
3.1 contains a hierarchical outline
of plant-pathogenic fungi, ar-
ranged by phylum, class, and or-
der.

Some fungi attack only Can-
nabis, while other species plague
a wide variety of plants. Some
fungi switch hosts during their
life cycles, producing different
fruiting bodies on different hosts.
For instance, rust fungi form up
to five different fruiting bodies on
different hosts. None resembles
another. At one time they were
considered five different organ-
isms, rather than five different
forms of one organism. Chaos.

PLANTAE

We split the plant kingdom
into two phyla. The Bryophyta
consists of primitive nonvascular
plants with flagellated sperm
cells, such as liverworts and
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Coremia
(Synnema)

Pycnidium
Sporangia Acervulus
Apothecium

Rust
Fungi:

Cleistothecium

with three
conidiophores
Perithecium

Figure 3.3: Assorted reproductive fruiting structures of Cannabis-pathogenic fungi (McPartland).

mosses. Tracheophyta plants are vascular (containing xy-
lem and phloem) with roots, stems, and leaves. Their sperm
cells (pollen) have no flagella. The Tracheophyta includes
five classes: psilopsids, club mosses, horsetails, ferns, and
seed plants. Seed plants are split into two orders, the
Gymnospermae (cyads, ginkos, conifers) and the
Angiospermae (monocots and dicots). Among the latter
we find Cannabis, as well as some of its antagonists.

Antagonist plants that compete with crops for light,
water, and nutrients are called weeds. For a competitive
edge, evolution has armed some plants with arsenals of
poisons and repellants (termed allelochemicals). Many
weeds inhibit Cannabis seed germination (Muminovic
1990). According to Good (1953), Cannabis grows poorly
near spinach (Spinacia oleracea), rye (Secale cereale), and
garden cress (Lepidium sativum). In retaliation, Cannabis
suppresses neighbouring plants, whether they are weeds
such as purple nutsedge (Srivastava & Das 1974),
quackgrass (Muminovic 1991), and chickweed (Stupnicka-
Rodzynkiewicz 1970), or crop plants such as maize
(Pandey & Mishra 1982), rice (Vismal & Shukla 1970),
lupine, beets, brassicas (Good 1953), wheat, rye, and oats
(Schwar 1972).

Cannabis has weed mimics. Weed mimics imitate
crop plants, so farmers overlook them while weeding.
Seedlings of hemp nettle (Galeopsis species), for instance,
are very difficult to distinguish from Cannabis seedlings.
Male plants of the dye plant Datisca cannabina are
remarkable mimics of Cannabis, fooling even professional
plant taxonomists (Small 1975).

The most pernicious antagonists of Cannabis are para-
sitic plants. These plants contain little or no chlorophyll. They
leech off other plants by sending modified roots (haustoria)
into roots or stems of their hosts. More than 2500 species of
parasitic plants are known around the world. Luckily, less
than a dozen species leech off Cannabis, collectively they are
known as dodder and broomrape. To add injury to insult,
parasitic plants may infect their hosts with viruses.

ANIMALIA

The animal kingdom is divided into 33 phyla. Four
herbivorous (plant-eating) phyla are discussed below: the
Nematoda (nematodes), Mollusca (snails and slugs),
Arthropoda (insects and their ilk), and Chordata (e.g., birds
and mammals). Herbivorous animals are nitrogen-
challenged. Plants consist mainly of carbohydrates, whereas
animals consist of protein. The difference is nitrogen.
Animals are 7-14% nitrogen by dry weight (dw). Plant rarely
contain more than 6% nitrogen (dry weight), except for
actively growing tissues and reproductive parts (see Table
3.2). Thus young shoots and seeds become very attractive to
nitrogen-starved herbivores (Mattson 1980).

Phylum Nematoda (Aschelminthes)

Nematodes (roundworms, eelworms) that feed on
plants are nearly microscopic. Nematodes are not related to
earthworms. Built on a much simpler scale, nematodes have
no respiratory or circulatory systems. They have a few
muscle cells, which enable nematodes to wiggle out of a
predator's grip, but the muscles cannot coordinate move-
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Table 3.1: Taxonomy of fungi associated with Cannabis

PHYLUM ZYGOMYCOTA (hyphae rarely have septa;
teleomorph produces zygospores)
Class Zygomycetes: produce a profuse mycelium,
much of which is immersed in the host; they repro-
duce asexually by sporangia
Order Mucorales: saprophytic (as storage moulds)
or weakly pathogenic on Cannabis: Mucor and
Rhizopus species
Order Endogonales: soil fungi forming mycor-
rhizal associations with plants, Cannabis
symbionts: Glomus species
Order Entomophthorales: parasitic on insects,
biocontrol agents against pests: Erynia,
Conidiobolus, Entomophthora species
PHYLUM ASCOMYCOTA (hyphae septate; teleomorph
produces ascospores)
Class Plectomycetes: asci unitunicate (walls have
one layer), scattered within a closed cleistothecium or
gymnothecium, with single-celled ascospores
Order Erysiphales: produce a profuse mycelium,
mostly on leaf surfaces; anamorph spores formed
in chains—the powdery mildews; Cannabis
pathogens: Leveillula, Sphaerotheca species
Class Pyrenomycetes: asci unitunicate, asci borne
in a single layer within an ostiolated perithecium, with
single or multicelled ascospores
Order Sphaeriales: perithecia dark, carbon-
aceous, with or without a stroma. Anamorph
spores bud directly off hyphae or form within
pycnidia or sporodochia; Cannabis pathogens:
Chaetomium, Gibberella, Diaporthe, Hypomyces,
Melanospora, Nectria, Phyllachora species
Class Discomycetes: asci unitunicate, borne in a
single layer within a cup-like apothecium, with
paraphyses and single- or multi-celled ascospores
Order Helotiales: asci open with a pore or tear
(inoperculate) to release ascospores; Cannabis
pathogens: Sclerotinia, Orbilla, Hymenoscyphus
species
Class Loculoascomycetes: asci bitunicate (have 2
layers), developing in unwalled locules within a
stroma; ascospores usually multicellular; anamorph
stage produces conidia free or within pycnidia
Order Pleosporales: pseudothecia usually
uniloculate, asci clavate (long cylindrical) in shape
and usually arranged in a single layer;
pseudoparaphyses present; Cannabis pathogens:
Botryosphaeria, Didymella, Leptospora,

ment in a specific direction. Their nervous system is so simple
it can be described at the level of individual cells: Caenorhabditis
elegans, for instance, has exactly 302 neurons. A complete wiring
diagram of its nervous system has been compiled. The entire
DNA sequence needed to build C. elegans has been described—
19,000 genes, a 97-megabase genomic sequence. The physical
characteristics of typical plant-pathogenic nematodes are
illustrated in Fig 3.4.

Nematodes are extremely abundant—a fistful of soil may
contain thousands of them. They occupy every earthly niche
from mountain top to sea bottom. Nematode crop losses tend
to be underestimated because of the nematodes’ small size and
their unseen (mostly underground) damage. Indeed, the first
nematode to be discovered was an odd species that attacks
plants above-ground. In 1743 Turberville Needham extracted a

Leptosphaeria, Ophiobolus, Pleospora species
Order Dothideales: pseudothecia are uni- or
multiloculate, asci ovate in shape and usually
scattered within locules; Cannabis pathogens:
Mycosphaerella, Leptosphaerulina, Schiffnerula
species

PHYLUM BASIDIOMYCOTA (hyphae septate with
clamp connections; teleomorph produces basidiospores)

Class Teliomycetes: simple septa present;
basidiospores borne on promycelia and teliospores
Order Uredinales: obligate parasites with
complicated life cycles spanning several spore
types; known as the Rust fungi; Cannabis
pathogens: Aecidium, Uromyces, Uredo species
Class Hymenomycetes: dolipore septa present;
basidia and basidiospores borne on a hymenium
(fertile layer lining a fruiting body)
Order Agaricales: fruiting bodies are monomitic
(one type of thin-walled hypha), hymenium
often hidden by a veil—the Mushrooms.
Order Aphyllophorales: fruiting bodies are
monomitic to trimitic, hymenium exposed;
Cannabis pathogens: Athelia, Thanatephorus

FORM-PHYLUM DEUTEROMYCOTA (hyphae aseptate
or septate; anamorph stage)

Form-Class Hyphomycetes: mycelium bears
conidia directly on special hyphae (conidiophores),
conidiophores free or bound in tufts (coremia) or
cushion-like masses (sporodochia); Cannabis
pathogens: Alternaria, Aspergillus, Botrytis,
Cercospora, Cephalosporium, Cladosporium,
Curvularia, Cylindrosporium, Epicoccum, Fusarium,
Myrothecium, Penicillium, Periconia,
Phymatotrichopsis, Pithomyces, Pseudocercospora,
Ramularia, Sarcinella, Stemphylium, Thyrospora,
Torula, Trichothecium, Ulocladium, Verticillium
species

Form-Class Coelomycetes: conidia borne on
conidiophores enclosed in pycnidia or acervuli;
Cannabis pathogens: Ascochyta, Botryodiplodia,
Colletotrichum, Coniothyrium, Diplodina,
Macrophomina, Microdiplodia, Phoma, Phomopsis,
Phyllosticta, Rhabdospora, Septoria, Sphaeropsis
species

Form-Class Agonomycetes: “Mycelia sterilia,”
mycelium with no reproductive structures; Cannabis
pathogens: Rhizoctonia species

white fibrous material from stunted wheat in England. To
his amazement, the fibrous material began to wiggle when
soaked in water. The fibres were matted larvae of Anguina
tritici, the wheat gall nematode.

Most nematodes are dioecious, with males and fe-
males required for reproduction. Males are usually smaller
than females. Males of one species, Trichosomoides
crassicauda, are so small they live in the female’s uterus!
Some nematodes are hermaphroditic (females with
additional male gonads). Others eliminate males
altogether, and reproduce parthenogenetically.

At least seven nematode species attack Cannabis. All
are polyphagous, which means they attack many different
crops. They feed with a hypodermic-like stylet, which
resembles a hollow spear. Nematodes thrust stylets into
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Table 3.2: Parts of plants and the nutrients they contain

Plant part Nitrogen?  Carbohydrate? Water?®
leaves 1-5 5-17 (40)*-90
stalks <1 50° 30-50
seeds 5-10 30 30-50
pollen 5-50 very low 30-70
phloem sap 0.004-0.6 5-20 80-95
xylem sap 0.0002-0.1 <0.06 >98

'adapted from Mattson (1980), and Young (1997); “Nitrogen and
Carbohydrate concentrations measured as % dry weight, except
for sap which is measured as % weight/volume; Swater ex-
pressed as % wet weight; 4droughted leaves may have very low
water levels; 5hemp fibres contain high levels of cellulose, an
indigestible carbohydrate.

Figure 3.4: Male and female nematodes showing
important parts (McPartland).

plant cells, then suck out cell cytoplasm. Stylets vary in size
and shape between species and are useful for identifying
nematodes. Nematodes can feed from outside roots as
ectoparasites (e.g., Paralongidorus maximus) or enter plants
to feed as endoparasites. Endoparasites are sedentary,
remaining embedded in roots (e.g., Meloidogyne, Heterodera
species) or migratory, moving root-to-root (e.g., Pratylenchus
penetrans) or migrating to above-ground plant parts (e.g.,
Ditylenchus dipsaci).

Above-ground symptoms from nematodes mimic symp-
toms of root injury—stunting, chlorosis, and insipient
wilting (drooping of leaves during midday withrecovery at
night). Below-ground symptoms are more distinctive,
including root knots or root galls.

Nematode populations are naturally biocontrolled by
viruses, bacteria, protozoans, other nematodes, and killer
fungi (which strangle nematodes in constricting hyphal
loops). Some plants, including Cannabis, ooze metabolites that
repel or kill many nematodes (Kir'yanova & Krall 1971,
Haseeb et al. 1978, Vijayalakshmi et al. 1979, Goswami &
Vijayalakshmi 1986, Mojumder et al. 1989, Kok et al. 1994,
Mateeva 1995). Awormrelated to nematodes, Dugesia tigrina,
is killed by THC and CBD (Lenicque et al. 1972).

Phylum Mollusca
Here we have the snails and slugs. They are familiar
creatures, seemingly benign. But garden slugs (Limax,

Agriolimax and Arion species) can be nasty pests. They kill
seedlings and can whack older plants. Cannabinoid recep-
tors and anandamide have been found in several molluscs,
including Mytilus edulis, an edible marine bivalve (Stefano
et al. 1998).

Phylum Annelida

This group deserves a mention for our nightcrawler
friend, Lumbricus terrestris. We owe earthworms an
incalculable debt for serving as “intestines of the earth,” to
quote Aristotle. Earthworms digest organic material, their
tunnels aerate soil, and their manure castings constitute one
of the finest fertilizers available. Earthworms can be quite
prolific—in prairie soil they weigh up to 6738 kg ha ! (6000
Ibs/acre), but in adjacent corn fields, their numbers drop to
an average of 88 kg ha'! (78 lbs/acre)—earthworms do not
tolerate ploughing and other soil disturbances (Zaborski
1998). Pesticides kill earthworms, particularly carbamates
(benomyl, carbaryl, zineb); over 200 pesticides have been
tested for acute toxicity (Edwards & Bohlen 1992).

Earthworms are usually 180 mm long and 4 mm wide,
but can grow up to 300 mm long. Earthworms should not be
confused with nematodes, although 19th century experts er-
roneously urged farmers to destroy both. Parkinson (1640)
described how an aqueous extract of macerated hemp leaves,
“powred into the holes of earthwormes, will draw them
forth, and fishermen and anglers have used this feate to get
wormes to baite their hookes.” This feat is still practised in
eastern Europe (Kabelik et al. 1960). Cannabinoid receptors
and anandamide have been found in a related annelid
species, Hirudo medicinalis, the leech (Stefano et al. 1998).

Phylum Arthropoda

Over 800,000 arthropods have been described, with
dozens of new species named every week. Arthropods
account for 80% of the animal species on earth, and some
wreak havoc on agriculture. Arthropods can be distinguished
by their jointed chitinous exoskeletons and segmented
bodies. Six classes are hemp herbivores: the Crustacea
(including pillbugs, with five to seven pairs of legs),
Symphyla (“garden centipedes,” with 12 pairs of legs),
Chilopoda (true centipedes, with one pair of legs per
segment), Diplopoda (millipedes, thousand-leggers, with
two pairs of legs per segment and many, many segments),
Arachnida (spiders, ticks, and mites, with four pairs of legs),
and the Insecta, with three pairs of legs.

Insects are the largest class. Here’s some entomology
terminology: the body of an insect is segmented into the
head, thorax, and abdomen. Externally, the head may contain
one pair of compound eyes, one or more pairs of simple eyes
(ocelli), one pair of segmented antennae, breathing tubes
(tracheae), and mouthparts. The thorax may sport one or
two pairs of wings, and three pairs of segmented legs. Legs
are jointed, with a hip (trochanter), upper leg (femur), lower
leg (tibia), and a foot (tarsus). Insect abdomens may exhibit
vestigial legs (prolegs, the fleshy unjointed stubs you see on
caterpillars), tympana (thinned sections of abdomen which
serveas “ears”), genitalia (modified as stingers in bees), and
cerci (caudal appendages serving olfactory or tactile
functions). Internally, the head houses brains, a blood vessel,
and the oesophagus. The thorax contains nerve ganglia
(“sub-brains”), the lower oesophagus (including the crop),
two pairs of spiracles (breathing apparati), the aorta, and
muscles for locomotion. Insect abdomens contain insect
hearts, digestive organs, more nerve ganglia, eight more
pair of spiracles, excretory organs, and reproductive systems
(Fig 3.5).
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Moths, butterflies, flies, beetles, wasps, bees, and ants
have four-stage life cycles—eggs, immature larvae (caterpil-
lars, maggots, grubs), pupae (cocoons, chrysalids), and adults.
This is called complete metamorphosis because larvae undergo
a dramatic change during the pupal state. Larvae of moths and
butterflies (caterpillars) may have up to 22 legs—six in front
are true legs, the rest are prolegs and disappear during meta-
morphosis. Beetle larvae (grubs) have six legs. Fly larvae (mag-
gots) have no legs. Larvae generally do not feed on the same
plants as adults.

Aphids, leafhoppers, thrips, plant bugs, grasshoppers,
and related insects only pass through three stages—eggs,
immature nymphs, and adults. This is called incomplete
metamorphosis, without any dramatic change in appearance.
Nymphs and adults often feed on the same host plants.

To grow through their hard exoskeletons, immature in-
sects undergo several moults, when they shed their old
exoskeletons. Stages between moults are termed instars (eggs
hatch into first instars, then moult into second instars, moult
into third instars, etc.). Insects may be univoltine, producing
one generation per year, or multivoltine, producing several
generations per year. Insects are cold-blooded, so their growth
rate and reproduction is partially dependent on the
temperature. Cold temperatures may induce winter dormancy
or hibernation in insects. Generally only one stage hibernates
(either eggs, larvae, pupae, or adults, depending on the
species). Some insects go dormant before temperatures become
unfavourable. This is called diapause, and is frequently
triggered by short photoperiods in autumn.

Figure 3.5:
Typical insect showing important parts (McPartland).

Insects feed with sucking or chewing mouthparts.
Sucking insects insert syringe-like mouthparts into plants
to suck sap. They mostly feed on phloem sap, although
some also feed on xylem sap. Sap-suckers must absorb
huge amounts of sap to obtain their required nitrogen (see
Table 3.2); some suck fluids weighing 100-300 times their
ownbody weight per day. Excess water and carbohydrates
are excreted as sticky honeydew.

Insects with chewing mouthparts may selectively
feed on the delicate leaf tissue between veins, leaving

Table 3.3: A synopsis of the insect orders associated with Cannabis.

simple metamorphosis, no wings, chewing mouthparts
incomplete metamorphosis, 4 wings, chewing parts
incomplete metamorphosis, 4 wings, chewing mouthparts
incomplete metamorphosis, 4 wings, chewing mouthparts

incomplete metamorphosis, 4 wings, rasping-sucking mouthparts

incomplete metamorphosis, “half-wings” (part chitinous, part membranous),

piercing-sucking mouthparts arising from front part of the head.
incomplete metamorphosis, wings either chitinous or membranous
{but uniform), piercing-sucking mouthparts arising from posterior part
incomplete metamorphosis, 4 wings, chewing mouthparts in larvae and

adults (larvae carnivorous, eating other insects)

complete metamorphosis, 4 wings, chewing mouthparts in larvae,
siphoning mouthparts in adults; larvae lack compound eyes

complete metamorphosis, 4 wings (the front pair hardened into a sheath),
chewing mouthparts in larvae and adults; larvae lack compound eyes

complete metamorphosis, 4 wings, chewing or reduced mouthparts in
larvae, and chewing-lapping in adults; larvae lack compound eyes

ORDER ExampLES CHARACTERISTICS
Collembola springtails
Orthoptera crickets, grasshoppers
Dermaptera earwigs
Isoptera termites
Thysanoptera thrips
Hemiptera true bugs
Homoptera aphids, scales,

whiteflies, leafhoppers

of the head

Neuroptera lacewings
Lepidoptera butterflies and moths
Coleoptera beetles and weevils
Hymemoptera bees, wasps, ants,

sawflies
Diptera flies

complete metamorphosis, 2 wings, chewing or reduced mouthparts in
larvae, and sucking-sponging in adults; larvae lack compound eyes
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behind a skeleton of leaf veins (skeletonizers). Other chewers
are less selective and gnaw large holes in leaves or notch leaf
edges. Chewing insects also bore into stems (stem borers),
roots (root borers), or even into the narrow spaces inside
leaves (leafminers). Seed eaters may puncture seeds and suck
out the contents, or break open seeds and shell out the
contents, or eat seeds whole.

Twenty-seven orders of insects are currently recognized
by entomologists. About a third of them include plant pests.
Table 3.3 outlines the orders involved in Cannabis ecology.
Of course, many insects are our friends, like ladybeetles.
Some insects are even domesticated, such as silk moths
{(Bombyx mori), which now exist only in captivity. More than
35 centuries of selective breeding have turned B. mori
caterpillars into fat, sedentary, silk-spewing machines, and
the adults have lost the ability to fly (Young 1997).

Cannabis is primarily wind-pollinated, so it need not
attract symbiotic, pollen-collecting insects. Vavilov (1926)
described a symbiotic exception—he found a red bug
(Pyrrhocoris apterus, Fig 4.39) practising zoochory—the
arumal dispersal of plant seeds. P. apterus is attracted to a fat
pad at the base of Cannabis ruderalis seeds, not the seeds
themselves. In the process of fat pad feeding, the bug carries
seeds “far distances” and facilitates the spread of Cannabis.

Herbivorous insects destroy as much Cannabis as
bacteria, protozoans, and nematodes combined. Wounds
caused by insects serve as portals for fungal infections. Some
insects actually carry plant-pathogenic viruses, bacteria, and
fungi from plant to plant. These pathogens often cause more
damage than the insects themselves.

Plants repel insects by producing mechanical and
chemical deterrents. Cannabis leaves are covered by cystolith
trichomes (Fig 3.6). These microscopic hairs resemble pointed
needles of glass. They are in fact heavily silicified, embedded
with calcium carbonate crystals. Cystoliths impede the
mobility of smaller herbivores, and damage the mouthparts
of larger ones. Small insects actually impale themselves on
cystolith spikes—they may remain impaled and die, or suffer
a morbid series of impale-and-escape episodes (Levin 1973).

Cannabis is also covered by glandular trichomes (see
Fig 3.2). Glandular trichomes secrete many chemicals,
including terpenoids, ketones, and cannabinoids. Glandular
trichomes may rupture and release their fluid contents when
damaged by insects. The fluid oxidizes into a dark, gummy
substance. This gummy substance accumulates on mouth-
parts and limbs of insects and eventually immobilizes them.

The contents of glandular trichomes may also poison
insects. Glandular terpenoids produced by other plants are
powerful insect poisons (e.g., ryania, azadirachtin, and
pyrethroids). Two terpenoids produced by Cannabis—
limonene and pinene—are almost as potent. Limonene is sold
as an insecticide (Demize®). High-THC drug plants produce
three to six times more limonene and pinene than most hemp
varieties (Mediavilla & Steinemann 1997). The terpenoids
humulene and caryophyllene also poison insects (Messer et
al. 1990). Methyl ketones are synthesized by Cannabis (Turner
et al. 1980) and repel leaf-eating insects (Kashyap et al. 1991).
Cannabinoids, such as THC, possess insecticidal and
repellent properties (Rothschild et al. 1977, Rothschild &
Fairbairn 1980, McPartland 1997b).

Levin (1973) asked why these chemicals are secreted
atop glandular trichomes rather than sequestered in the
interior of the leaf. He hypothesized that trichomes serve
as an “early warning system.” Many insects have
chemoreceptors located on their feet (their feet smell). These
insects are repelled the moment their feet touch a chemical-
laden trichome. The rest of the leaf avoids damage.

Figure 3.6: Cystolith trichomes on the surface of a
Cannabis leaf, seen with a scanning electron microscope
(SEMx2000, McPartland).

Volatile chemicals may repel pests from neighbouring
plants. Riley (1885) noted that Cannabis sativa growing near
cotton “exerted a protective influence” against cottonworms
(Alabama argillacea, he called them Aletia xylina). Similarly,
hemp grown around vegetable fields safeguarded the fields
from attack by a cabbage caterpillar, Pieris brassicae (Beling
1932); potato fields were protected against the potato beetle,
Leptinotarsa decemlineata (Stratii 1976); and wheat suffered
less damage by the root maggot, Delia coarctata (Pakhomov
& Potushanskii 1977).

Dried Cannabis leaves repel weevils from harvested
grain (Riley & Howard 1892, Maclndoo & Stevers 1924,
Khare et al. 1974). Scattering a 2 cm layer of leaves over piles
of potatoes protected them from the tuber moth, Phthorimaea
operculella, for up to 120 days (Kashyap et al. 1992). Prakash
et al. (1987) mixed dried leaves into rice, 2% w /w, to control
Sitophilus oryza weevils in the laboratory; but this dose failed
to provide adequate protection in natural storage conditions
(Prakash et al. 1982). Dried leaves kill ticks (Reznik & Imbs
1965), Varroa mites (Surina & Stolbov 1981), and drive off
bedbugs when placed under mattresses (King 1854, Chopra
et al. 1941). Sprays made from Cannabis leaves kill many
insect pests (Bouquet 1950, Abrol & Chopra 1963, Reznik &
Imbs 1965, Stratii 1976, Fenili & Pegazzano 1974, Bajpai &
Sharma 1992, Jalees et al. 1993, Sharma et al. 1997). Juice
squeezed from leaves or seeds has removed vermin from
the scalp and ears (Pliny 1950 reprint, Culpepper 1814, Indian
Hemp Drugs Commission 1894)

If Cannabis is such a good insecticide, how do Cannabis-
eating insects survive? Sap-sucking insects, such as aphids
and mites, use their long stylets to bypass chemicals secreted
on the surface of plants. Leaf-chewing insects, however,
cannot avoid cannabinoids and terpenoids. Perhaps they
intersperse marijuana meals with less-toxic lunches on other
plants. Spilosoma obliqua caterpillars, for instance, often eat
Cannabis in India (Nair & Ponnappa 1974). But when
Deshmukh et al. (1979) force-fed S. obliqua a pure Cannabis
diet, the caterpillars died after 20 days.

Insects protect themselves from consumed toxins by
rapid excretion, enzymatic detoxification, and sequestration.
Sequestration involves the bioaccumulation of toxins into
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impervious tissues or glands, such as fat deposits or the ex-
oskeleton. Monarch butterfly caterpillars are famous for
feeding on milkweeds and sequestering poisonous
pyrrolizidine alkaloids. The stored poisons are distasteful
to birds and rodents and serve as predator deterrents.

Rothschild et al. (1977) studied sequestration of
cannabinoids in caterpillars of the tiger moth, Arctia caja, and
nymphs of the stink grasshopper, Zonocerus elegans.
Caterpillars eating Cannabis stored a significant amount of
THC and CBD in their exoskeleton. Rothschild estimated a
single caterpillar containing 0.07 mg THC could elicit
pharmacological activity in a predatory mouse.
Grasshoppers stored little THC and no CBD in their
exoskeletons, they excreted most cannabinoids in their frass.

Some insects metabolize poisons and convert them to
other uses. The following examples are cited by Duffey
(1980): Beetles blend plant oils (e.g., myrcene) with
pheromones to aid the diffusion of their mating signals.
Spider mites (Tetranychus urticae) convert farnesol to
pheromones. Limonene, a-pinene, and eugenol accelerate
the reproductive maturation of locusts. Aphids use -
farnesene as an alarm pheromone (Howse et al. 1998). Can-
nabis produces all these volatile chemicals (Turner et al. 1980).

Perhaps cannabinoids signal insects as behavioural
pheromones. Some pheromones are heterocyclic structures
(Howse et al. 1998). Rothschild et al. (1977) observed
paradoxical behaviour in Arctia caja exposed to THC.
Rothschild gave caterpillars a feeding choice of two Cannabis
plants—one plant rich in THC, the other plant with little
THC but with high levels of cannabidiol (CBD). The
caterpillars showed a definite preference for high-THC
plants, even though caterpillars feeding on high-THC plants
grew stunted and died sooner than caterpillars feeding on
high-CBD plants. Rothschild noted, “...should these
compounds [cannabinoids] exert a fatal fascination for tiger
caterpillars, it suggests another subtle system of insect control
by plants.”

Subsequently, Rothschild & Fairbairn (1980) studied
egg-laying females of the large white butterfly (Pieris
brassicae). Females of this species normally oviposit on
cabbage leaves. Spraying cabbage leaves with extracts of
THC-rich plants reduced egg laying by P. brassicae, compared
to cabbage leaves sprayed with extracts of CBD-plants.
Furthermore, spraying leaves with a 1% THC solution
reduced egg laying by P. brassicae, compared to leaves
sprayed with a 1% CBD solution. Both cannabinoids
signalled females as oviposit deterrents.

Rothschild conducted her research before the discovery
of cannabinoid receptors. Does THC exert behavioural
changes in insects via cannabinoid receptors? Preliminary
results say no, cannabinoid receptors (CB1) could not be
detected in brain tissue of a locust, Schistocerca gregaria
(Egertova et al. 1998).

The production of cannabinoids increases in plants un-
der stress (Pate 1999). Other plants under stress increase their
production of terpenoids. For instance, tobacco plants dam-
aged by budworms (Heliothis virescens) release much more
Bcaryophyllene and slightly more -farnesene than undam-
aged plants. Plants damaged by bollworms (Helicoverpa zea),
produce slightly more B-caryophyllene and much more -
farnesenea—a reversed ratio. These different ratios can be
distinguished by the parasitic wasp Cardiochiles nigriceps,
which only attacks H. virescens (DeMoraes et al. 1998).
Essentially, the tobacco plants utilize volatile terpenoids as
“smoke signals” to alert the enemy of their enemy.

Terpenoids also have their bad side, from our perspec-
tive. Terpenoids attract certain pests (Howse et al. 1998), and
they repel or harm some beneficial insects. See “Method 5”
in Chapter 9 for more information.

Phylum Chordata

Chordates contain internal skeletons and dorsal nerve
chords. Most of the 15 chordate classes ignore Cannabis, in-
cluding Class Reptilia and Class Amphibia. Concerning
Class Osteichthyes (fish), we have two reports: Fairbain
(1976) described anglers using Cannabis seeds for fish bait.
Anglers germinated the seeds and used them when root tips
emerged from seedcoats. At this stage the seeds resemble
water snails. Clarke (pers. commun. 1997) reported European
fishermen mixing Cannabis seeds in dough balls as carp bait.

Members of only two chordate classes regularly interact
with Cannabis. They act as herbivores, sometimes aiding
plants by distributing seeds which pass per anum:

Class Aves includes four orders of Cannabis seed-eating
birds: Galliformes (e.g., quail and pheasant), Columbiformes
(doves), Pickformes (woodpeckers), and Passeriformes (lin-
nets, starlings, grackles, sparrows, nuthatches, goldfinches,
etc.). As a historical postscript, early reports from Kentucky
described the now-extinct passenger pigeon (Ectopistes
migratorius) feeding on hemp seed (Allen 1908). Seed from
feral hemp is an important food for several midwestern
American game birds. This has pitted wildlife agencies
against police who eradicate feral hemp (Vance 1971).

Members of the class Mammalia are frequent Cannabis
pests, including the order Rodentia (mice, moles, field voles,
gophers, and groundhogs/woodchucks), order Lagomorpha
(rabbits and hares), and order Artiodactyla (deer). Some
humans (Homo sapiens) can be destructive. Cannabinoids are
not very toxic to mammals. The oral LDsy of THC in mice is
>21,600 mg kg! (Loewe 1946). Mixtures of cannabinoids are
even less toxic than pure THC (Thompson et al. 1973). THC
may harm ruminants (cows, sheep, deer) because of its
antibacterial activity. Deer rumen microorganisms are
inhibited by two terpenes, cineol and camphor (Nagy et al.
1964). These terpenes are also biosynthesized by Cannabis
(Turner et al. 1980).



‘A single man cannot help his time, he can only express its collapse.”

—Seoren Kierkegaard

Chapter 4: Insects and Mites

Mostafa & Messenger
(1972) listed 272 species of
insects and mites asso-
ciated with Cannabis. Here
we describe fewer organ-
isms, about 150. This
chapter represents a
critical review of the
existing literature—we
believe many publications
describing “Cannabis-
insect associations”
actually report insects and
entomologists meeting
accidently in hemp fields.
Insects, after all, wander.

Mites and insects are
presented here in their
approximate order of
economic impact. Com-
mon names are standards
accepted by the Entomo-
logical Society of America
(Bosik 1997). These standards may differ from common
names used in Europe (Wood 1989) or Australia (Naumann
1993). Scientific (=Latin) names change occasionally; we have
included synonyms or earlier names for the sake of
continuity and reference to earlier literature.

SPIDER MITES

These insidious arachnids are the most destructive pests
of glasshouse and growroom Cannabis. Indoor areas are
commonly contaminated by bringing in Cannabis clones from
infested mother plants. Outdoor crops may also become
infested in warm climates; Cherian (1932) reported 50%
losses in field crops near Madras, India. Spider mites bite
into leaves and suck up exuded sap. They usually congregate
on the undersides of leaves, but in heavy infestations may
be found on both sides of leaves.

SIGNS & SYMPTOMS

Damage is not initially evident. Each mite puncture pro-
duces a tiny, light-coloured leaf spot (“stipple”), which ap-
pears on both sides of the leaf. Stipples are grey-white to
yellow. They begin the size of pinpricks, then enlarge (see
Plate 1). Many stipples arise in lines parallel to leaf veins.
Ultimately, whole leaves turn a parched yellow colour, droop
as if wilting, then turn brown and die (Kirchner 1906). In-
specting the underside of leaf surfaces, particularly along
main veins, reveals silvery webbing, eggs (“nits”), faecal
deposits (“frass”), and the mites themselves. Leaves near the
bottom of the plant are usually infested first.

Spider mites tend to infest crops in a patchy distribu-
tion, so early infestations may be missed. Symptoms are the
worst during flowering, when whole plants dry up and be-
come webbed together. Short days may induce diapause in
spider mites, causing them to migrate and cluster together

Figure 4.1: Life stages of female Tetranychus urticae
(McPartland modified from Malais & Ravensberg 1992).

at tips of leaves and flow-
ering tops. Clusters of
diapausing mites may con-
tain many thousands of
individuals and grow
quite large (Plate 2).

TAXONOMY

This pest may consist of
one species (Ravensberg,
pers. commun. 1998) or
two species (Gill & Sand-
erson 1998). We see two
species, separated by dif-
ferences in morphology
and ecology. The species
are known by at least six
common names—red spi-
der mites, carmine spider
mites, two-spotted spider
mites, glasshouse spider
mites, simple spider mites,
and common spinning
mite. To compound the confusion, about 60 Latin names ex-
ist for these two species, described from different hosts
around the world. At least four of these taxonomic synonyms
appear in the Cannabis literature.

1. TWO-SPOTTED SPIDER MITE
Tetranychus urticae Koch 1886, Acari; Tetranychidae.
=Tetranychus bimaculatus Harvey 1898, =Tetranychus telarius of
various authors, =Epitetranycus athaea von Hanstein 1901
Description: Eggs are spherical and 0.14 mm in diametre.
Initially translucent to white, eggs turn a straw colour just before
hatching. Hatching larvae have six legs and two tiny red eye spots.
Protonymphs become eight-legged and moult into deutonymphs.
Deutonymphs moult into yellow-green coloured adults. As adults
feed on chlorophyll-rich plants, two brown-black spots enlarge across
their dorsum (Fig 4.1; Plate 3). Females mites average 0.4 to 0.5 mm
in length. Males are slightly smaller, with a less-rounded posterior.
Their dorsal spots may not be as evident. The male’s knobbed
aedeagi are at right angles to the neck and symmetrical. As winter
approaches, two-spotted spider mites turn bright orange-red (Plate
2), making them difficult to distinguish from carmine spider mites
or even the predatory mite Phytoseiulus persimilis.

Life History & Host Range

T. urticae overwinters as an adult and emerges in the
spring. Females lay eggs on undersides of leaves or in small
webs, one at a time. They lay as many as 200 eggs. Eggs hatch
into larvae, which moult three times before they are capable
of reproduction. Females arise in a 3:1 ratio to males. Under
optimum conditions for development (30°C with low hu-
midity), the life cycle of two-spotted spider mites repeats
every eight days. Shortened photoperiods in autumn usu-
ally induce a reproductive diapause, where females stop feed-
ing, turn orange-red, migrate into clusters, then hibernate
under ground litter. The photoperiod that induces diapause
will differ in mite populations from different latitudes. Warm
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temperatures inhibit diapause (Fig 4.2), and food availabil-
ity may play a factor. Cool temperatures also induce hiber-
nation in outdoor populations.

T. urticae is common in North American and European
glasshouses. It attacks outdoor crops in temperate climates,
and infests fruit trees as far north as Canada. Frank &
Rosenthal (1978) incorrectly stated this species will not in-
fest female flowers.

2. CARMINE SPIDER MITE
Tetranychus cinnabarinus (Boisdural) 1867, Acari; Tetranychidae.
=Tetranychus telarius (Linnaeus) 1758
Description: Eggs and immature stages of T. cinnabarinus
closely resemble those of T. urticae. Adults, however, become plum
red to brick red, with dark internal markings. But in cooler climates,
adults turn green, and become difficult to distinguish from two-spot-
ted spider mites. Adult male’s aedeagi are not always symmetrical,
having a rounded anterior side and a sharp posterior side.

Life History & Host Range

The life history of T. cinnabarinus is similar to that of T.
urticae, especially in its fecundity. Its geographic range dif-
ters, because T. cinnabarinus prefers higher temperatures—
35°C and above—so it thrives in semitropical areas. In cool
climates the pest is limited to hot glasshouses. High humid-
ity causes all stages (larvae, nymphs, adults) to stop feeding
and enter a quiescent period. Hussey & Scopes (1985) called
T. cinnabarinus “the hypertoxic mite” and considered it more
dangerous than T. urticae. Cherian (1932) claimed the car-
mine spider mite is attracted to female flowering tops. He
noted plants yielding the largest flowers were the most heav-
ily infested.

Figure 4.2: Diapause response curves in Tetranychus urticae
from Holland—the effect of temperature on photoperiod (Mc-
Partland modified from Helle 1962).

DIFFERENTIAL DIAGNOSIS

Damage by other mites can be confused with spider mite
injury. See the next section. Early aphid damage, sudden fun-
gal wilts, and nutrient deficiencies may be confused with
symptoms from spider mites. Late-season hemp borers and
assorted budworms hide in webbing that is mite-like. Find
the mites for a positive diagnosis.

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)
Method 1 (sanitation) must be observed every growing

Table 4.1: Infestation Severity Index (ISI) for the
two-spotted spider mite

Light any mites seen

often no symptoms
Moderate <5 mites/leaf (not leaflet)

feeding patches present
Heavy >5 mites/leaf

feeding patches coalescing
Critical >25 mites/leaf

shrivelled leaves and webbing

season. Spider mites can be carried into growrooms on
plants, people, and pets; they can even float on air currents.
Glasshouses should be surrounded by a weed-free zone at
least 3 m wide. Chickweed (Stellaria species) is an important
weed host (Howard ef al. 1994). For growers working with
vegetative clones, infested mother plants are the most
common source of new mite infestations. Once mites have
infested your growroom or glasshouse, you will never get
rid of them without removing everything from the space
and disinfesting the place with steam heat or pesticides.
Method 5 (genetic resistance) is a future goal—select plants
that survive heavy mite infestations. Cherian (1932)
compared six varieties of Indian ganja for resistance to T.
cinnabarinus; the most resistant varieties produced the
smallest female flowers. Regev & Cone (1975) compared five
varieties of hops for resistance to T. urticae; the most resistant
varieties produced the least amount of farnesol, a
sesquiterpene alcohol that is also produced by Cannabis
(Turner et al. 1980).

BIOLOGICAL CONTROL (see Chapter 10)

Biocontrol should be established before spider mite populations
explode. If mite populations balloon, biocontrols never catch
up. A mixture of three biocontrols, Phytoseiulus persimilis,
Neoseiulus californicus, and Mesoseiulus longipes, provides
excellent biocontrol for most glasshouses. These predatory
mites are described below. For unique situations and out-
door crops, Galendromus occidentalis, Galendromus pyri, and
Neoseiulus fallacis are also described below. Other predatory
mites eat spider mites in the absence of their primary hosts
(see Neoseiulus cucumeris and Iphiseius degenerans, described
under thrips).

Spider mite destroyers (Stethorus picipes, described be-
low) and midge maggots (Feltiella acarisuga, described be-
low) are predatory insects that prefer eating spider mites.
General predators include lacewings (Chrysoperla carnea,
described under aphids), mirid bugs (Macrolophus caliginosus,
under whiteflies; Deraeocoris brevis, under thrips), pirate bugs
(Orius species, under thrips), lygaeid bugs (Geocoris punctipes,
under whiteflies), and predatory thrips (Aeolothrips
intermedius, under thrips).

Two fungi have been used to control spider mites.
Neozygites floridana is being developed for commercial use,
and Hirsutella thompsonii (Mycar®) was previously registered
in the USA. These biocontrols require high humidity. They
work well against mites in humid vegetative propagation
chambers.

Biocontrol of mites must be achieved before flowering has
begun. Gaining biological control after the photoperiod drops below
12 hours per day is nearly impossible (Watson, pers. commun.
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1999). Diapausing spider mites cluster by the thousands; at
that point, many biocontrols stop working (especially preda-
tory mites).

Phytoseiulus persimilis “P-squared”

BIOLOGY: A predatory mite that feeds on Tetranychus
spider mites, and is native to subtropical regions. Its eggs
survive best in high humidity (70-95% RH). The adults work
best at moderate temperatures (20-30°C) and >70% RH.
Reproduction stops <60% RH (eggs stop hatching), and
feeding stops <30% RH. A related species from Florida,
Phytoseiulus macropilis, is also becoming commercially
available.

APPEARANCE: Adult mites are orange-red in colour,
pear-shaped or droplet-shaped, 0.5-0.7 mm long, with long
legs and no spots (Plate 4). Compared to the spider mite, P.
persimilis is slightly larger, more elongate, and moves quicker.
P. persimilis eggs are oblong and twice the size of spider mite
eggs.

DEVELOPMENT: There are five stages—eggs, six-legged
larvae, eight-legged protonymphs, deutonymphs, and
adults. After the larval stage P. persimilis feeds continuously.
The life cycle takes seven days in optimal conditions (Fig
4.3). Adults live another 3040 days in the lab, but less in the

Figure 4.3: A Month'o’'Mites. At 21°C, predatory mites
(Phytoseiulus persimilis) reproduce every 7 days, twice as
fast as spider mites ( Tetranychus urticae), leading to a
large buildup of predators (McPartland redrawn from
Olkowski et al. 1991).

field. Adults consume up to 24 immature spider mites or
30 eggs per day. Within a week of hatching, females start
laying four or five eggs per day, for a total of 60 eggs per
lifetime—they convert 70% of ingested food into eggs, and
produce a daily egg biomass equal to their own body weight
(Sabelis & Janssen 1994). P. persimilis, unlike some
phytoseiid mites, does not enter diapause in the presence
of cool temperatures and short day lengths.
APPLICATION: Supplied as adults and nymphs mixed
with inert materials (vermiculite, bran, corn cob grit, etc.)
in pour-top bottles or tubes. Some are shipped on bean
leaves in plastic tubs. As with all predatory mites, P.
persimilis should be applied immediately; store only if
necessary. Store for a maximum of four days in a cool (8-
10°C), dark place. P. persimilis can be sprinkled into
distribution boxes hanging on plants (Plate 85), or sprin-
kled directly on plants, the closer to spider mites the better.
Recommended release rates are presented in Table 4.2.
Increase rates when plants are taller than 1 m, planted more
densely than six per m2, or when humidity is low (<45%
RH). Encourage P. persimilis by misting plants with water
during periods of low humidity. Misting also discourages

spider mites. Of course, flowering plants cannot be misted,
because they may mould.

NOTES: P. persimilis is the most popular mail-order mite.
It does best on low-growing bushy plants, where plants touch
each other in a closed canopy (Helle & Sabelis 1985, vol 1B).
P. persimilis remains active in high humidity, works in a wide
range of temperatures, and reproduces fast. But the preda-
tors avoid areas of high temperature, such as flowering tops
basking in bright light. The effectiveness of P. persimilis de-
creases when Cannabis begins flowering, because the preda-
tors find it difficult to move across sticky flower resins. Fur-
thermore, their need for high humidity is not compatible with
mould-susceptible Cannabis flowers.

P. persimilis can annihilate a pest population. But the vo-
racious predators subsequently die out themselves, because
they have no alternative food source. Thus, P. persimilis is
often combined with Neoseiulus californicus and Mesoseiulus
longipes, because these mites live longer without food. P.
persimilis is also compatible with Bt, Feltiella acarisuga, and
most parasitic wasps. P. persimilis can coexist with Neoseiulus
cucumeris but the two biocontrols prey upon each other in
the absence of their primary hosts (Hussey & Scopes 1985).
P. persimilis has been mixed with lacewings (Chrysoperia
species), but lacewings may eat predatory mites. Avoid most
insecticides, miticides and even fungicides while utilizing P.
persimilis (Table 10.1). According to van Lenteren & Woets
(1988), some strains of P. persimilis tolerate some miticides
(sulphur and fenbutatin oxide) and some insecticides
(diazinon and malathion). Benomy] sterilizes predatory mites
so they stop reproducing. Allow previously applied
pesticides to break down for two or three weeks before
introducing predators.

Neoseiulus (Amblyseius) californicus

BIOLOGY: A predatory mite that eats spider mites, broad
mites, and pollen, is native to southern California and Florida,
and does best in moderate humidity (>60% RH) and
moderate to high temperatures (18-35°C).

APPEARANCE & DEVELOPMENT: Adult mites are
droplet-shaped and translucent to beige in colour, depending
on what they eat. The life cycle may take only six days in

Table 4.2: P. persimilis release rate for control of
two-spotted spider mites.

NUMBER OF PREDATORS RELEASED PER

IsI* M? OF GLASSHOUSE CROP**

Preventative 5 m?2every 3 weeks

Light 10 m2initial release, then 5 m? every
3 weeks

Moderate 25 m2 on trouble spots, 10 m? else-
where, then 5 m2 every 3 weeks

Heavy 200 m2on trouble spots, 25 m2
elsewhere, then 10 m2 every
3 weeks

Critical mechanical & chemical control of

trouble spots, 25 m? elsewhere, then
10 m2 every 3 weeks

* ISI = Infestation Severity Index of two-spotted spider mite, see
Table 4.1.
**effectiveness of P. persimilis decreases during flowering.
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optimal conditions. Females lay three eggs per day for up to
14 days. Adults eat five to 15 adult spider mites per day,
along with some eggs and larvae. New strains of N.
californicus do not diapause in short days (Ravensberg, pers.
commun. 1999).

APPLICATION: Supplied as adults and nymphs mixed
with vermiculite or sawdust in pour-top bottles. Store one
to four days in a cool (8-10°C), dark place. N. californicus
migrates fairly well and has been used outdoors. N.
californicus tolerates lower humidity and lives longer without
prey than P. persimilis, but N. californicus feeds slower than
P. persimilis and its populations build slower. These attributes
make N. californicus an excellent preventative, and fine for
treating light infestations (same release rates as P. persimilis).
But for heavy or critical infestations, switch to P. persimilis.

NOTES: N. californicus is compatible with P. persimilis and
all biocontrols compatible with P. persimilis. N. californicus
tolerates more insecticides than P. persimilis, but is still
susceptible to most pesticides (even benomy], a fungicide).

Mesoseiulus (Phytoseiulus) longipes

BIOLOGY: A predatory mite that feeds on many mites,
is native to South Africa, and tolerates conditions that are
warm (up to 38°C) and dry (as low as 40% RH at 21°C).

APPEARANCE & DEVELOPMENT: Adults resemble P.
persimilis, as do their eggs. The life cycle can turn in seven
days at optimal temperatures. Female mites lay three or four
eggs per day (Sabelis & Janssen 1994), and live up to 34 days.
Short photoperiods may send M. longipes into diapause.

APPLICATION: Supplied as adults in pour-top bottles.
Adults should be used immediately upon delivery but can
be stored in a cool (6-10°C), dark place for a couple of days.
Release at the same rate as P. persimilis.

NOTES: M. longipes thrives in temperatures that wilt P.
persimilis or even N. californicus, and it tolerates lower
humidities. It migrates better than many mites, making it
suitable for taller plants. M. longipes reproduces slower than
P. persimilis. M. longipes is compatible with the same
biocontrols as P. persimilis. Avoid insecticides, though some
strains tolerate malathion.

Neoseiulus (Amblyseius) fallacis

BIOLOGY: A predatory mite that feeds on spider mites,
red mites, and russet mites, and survives on pollen in the
absence of prey. It is native to the Northwestern USA, and
does best in moderate to high humidity (60-90% RH) and
moderate temperatures (optimally 10-27°C, but up to 38°C
in high humidity).

APPEARANCE: Adults are pear-shaped and white until
they feed, when they take on the colour of their prey, usually
pale red or brown. They are slightly smaller than other
predators, such as P. persimilis.

DEVELOPMENT: Adults overwinter in crevices of tree
bark, but not as successfully as Galendromus pyri (described
below). The life cycle takes ten days in optimal conditions.
Adults live another 20-60 days (four to six generations arise
per year). Adult females eat about 15 mites per day, and lay
a total of 40-60 eggs. Short days and cold temperatures
interact to send N. fallacis into diapause. Diapause is delayed
by warmer temperatures, and completely averted above
27°C (Helle & Sabelis 1985, vol 1B).

APPLICATION: Supplied as adults in bottles, or a mix of
adults and nymphs on bean leaves in plastic tubs. Store a
maximum of two or three days in a cool (8-10°C), dark place.
Used preventively, release ten mites per m?, every two weeks,
two or three times. For light to moderate infestations, release
20-40 mites per m? weekly until controlled.

NOTES: Strong & Croft (1996) used N. fallacis to control
T. urticae infesting hops in Oregon, released at rates of 125,000
per ha (50,000 per acre). N. fallacis migrates vigorously
across plants of all sizes, and uses aerial dispersal to blow
from plant to plant. It is probably compatible with other
Neoseiulus species. N. fallacis tolerates more pesticides than
any other predatory mite. Some strains are compatible with
neem, sulphur, abamectin, and pyrethrin (and the synthetic
pesticides malathion, dicofol, and propargite).

Galendromus (Metaseiulus) occidentalis

BIOLOGY: A predatory mite that eats spider mites and
some russet mites, and is native to western North America.
It tolerates a range of humidities (40-80% RH) and
temperatures (26-35°C). G. occidentalis has been used in
Washington State apple orchards since 1962.

APPEARANCE & DEVELOPMENT: G. occidentalis
resembles N. fallacis. The life cycle takes seven to 14 days
depending on temperature. Adults eat one to three spider
mites per day or six mite eggs per day. Many strains of G.
occidentalis go into diapause with short days and cold
temperatures (Helle & Sabelis 1985, vol 1B), so their
effectiveness ends when Cannabis begins flowering.

APPLICATION: Supplied as adults mixed in pour-top
bottles. In the Pacific Northwest, G. occidentalis can also be
obtained from nearby orchards by collecting apple leaves.
Store a maximum of five days in a cool (8-10°C), dark place.
On field crops, release 12,500 per ha (5000 per acre) at the
first sign of pests, repeat every two weeks. Release 50 per
m2 every two weeks during indoor infestations.

NOTES: G. occidentalis eats less than P. persimilis and re-
produces slower, but lives longer without food, disperses
more rapidly (including aerial dispersal), and tolerates
semiarid conditions (it does not tolerate high humidity). G.
occidentalis does well on both short and tall plants, and has
been used outdoors. It is compatible with Bt and Galendromus
pyri in apple orchards and hops yards. A new strain of G.
occidentalis is photoperiod neutral (nondiapausing), soit can
be used while plants are flowering. G. occidentalis tolerates
pesticides better than most predator mites; some strains
tolerate sulphur, pyrethroids, abamectin, and carbaryl.
Release mites at least a week after spraying. G. occidentalis is
a small predator, so some T. urticae adults may be too big for
G. occidentalis to handle.

Galendromus (Typhlodromus) pyri

BIOLOGY: A generalist predatory mite that feeds on
spider mites. It occurs naturally in temperate apple orchards,
and does best in cooler, humid climates.

APPEARANCE & DEVELOPMENT: Adults are indistin-
guishable from the aforementioned species. G. pyri
reproduces slowly, taking nearly two weeks to mature, and
lays only one egg per day (Sabelis & Janssen 1994). Short
days send it into diapause.

APPLICATION: Supplied as adults in bottles or tubes.
Store up to five days in a cool (8-10°C), dark place. Release
the same rate as G. occidentalis.

NOTES: G. pyri overwinters better than G. occidentalis and
other predatory mites (Helle & Sabelis 1985, vol 1B). Its
evasive behaviours also enhance outdoor survival. G. pyri
does best on medium-sized to tall plants. It is compatible
with Bt and Galendromus occidentalis in apple orchards. A
New Zealand strain is resistant to pyrethroids.

Stethorus species “spider mite destroyers”
BIOLOGY: Three species of tiny ladybeetles (S.
punctillum, S. punctum, S. picipes) prey on spider mites and
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their eggs, as well as red mites, aphids, whiteflies, and other
soft-bodied insects. All three species are temperate Ameri-
cans and do best in moderate humidity (60% RH) and tem-
peratures (26-35°C). Other Stethorus species are found in
tropical regions.

APPEARANCE: Adults are oval, black, shiny, pubescent,
1.5-3 mm long, with brown or yellow legs (Fig 4.4). Larvae
are cylindrical, dark grey to black (turning reddish before
pupation), covered with fine pale-yellow spines, 1-2 mm
long. Eggs are oval, <0.5 mm long, initially white but turn-
ing grey before hatching, usually laid singly on undersides
of leaves near veins.

DEVELOPMENT: Adults overwinter in leaf litter on the
ground, and emerge when apple trees are blooming. They
lay eggs from May to mid-August. Females lay up to 750
eggs in the presence of adequate prey. Larvae feed on eggs
and young spider mites before pupating in foliage. The life
cycle takes 20-40 days. Adults live another 30-40 days.
Adults consume all stages of mites, up to 75-100 per day.
One to three generations arise annually in temperate regions.
Short days may send S. picipes into diapause (Helle & Sabelis
1985, vol. 1B).

APPLICATION: Supplied as adults in pour-top bottles.
Store up to a week in a cool (8-10°C), dark place. Used
preventively, release one or two beetles per m? every month.
For light to moderate infestations, release three or four beetles
per m2 every two weeks. For heavy infestations, double the
release rate.

NOTES: Stethorus beetles are good fliers and find infes-
tations easily. They feed greedily but migrate before their
job is finished. To reduce migration, use strategies described
under Hippodamia convergens (in the aphid section). Dense
mite webbing impedes newly-hatched Stethorus larvae (Helle
& Sabelis 1985, vol. 1B). Stethorus species may eat predatory

mites (Helle & Sabelis 1985, vol. 1B), or they may not (Cherim
1998). Adults tolerate organophosphates and juvenile growth
hormones (e.g., fenoxycarb, teflubenzuron), but larvae are
seriously impacted by insecticides (Biddinger & Hull 1995).

Feltiella acarisuga (Therodiplosis persicae)

BIOLOGY: A cecidomyiid gall midge similar to Aphidoletes
aphidimyza, the aphid predator. F. acarisuga feeds on all spider
mites, including T. urticae and T. cinnabarinus. Adult midges
do best in >60% RH and 20-27°C, but the predatory larvae
tolerate a wider range of conditions. The species is called T.
persicae by some suppliers, but the correct name is F. acarisuga
(Gagne 1995). A related species, Feltiella occidentalis, is also
being developed.

APPEARANCE & DEVELOPMENT: Adults look like tiny
pink-brown mosquitos, with a wingspan of 1.6-3.2 mm.
Adults only live three or four days, long enough for females
to lay 30 eggs on plants near spider mite colonies. Eggs are
tiny, oblong, and shiny-yellow. Hatching larvae are slug-like
and grow to 1.7-2.0 mm long. They are yellow, cream-
coloured, orange, or red; their colour depends on body
contents. Larvae sink their mandibles into all stages of spider
mites, from eggs to adults. They feed on 30 nymphs and
adults per day or as many as 80 mite eggs per day (Gagne
1995). In one week larvae stop eating, they spin white co-
coons, and pupate on undersides of leaves. The entire life
cycle takes two to four weeks.

APPLICATION: Supplied as pupae on leaves or on pa-
per. Store a maximum of one or two days ina cool (10-15°C),
dark place. Sprinkle pupae on soil or in open containers
attached to plants; protect against direct sunlight. Release
rates for preventative control range from one pupa per m2 to
1000 pupae per ha. For moderate infestations apply five
pupae per m? per week or 7500 pupae per ha per week.

Figure 4.4: Assorted beneficial ladybug beetles (all x6). A,B,C. Adult, pupa, larva of convergent lady beetle (Hippodamia
convergens); D. Spider mite destroyer (Stethorus picipes); E. Seven-spotted ladybeetle (Coccinella septempunctata);

F & G. Adult & larva of vedalia (Rodolia cardinalis); H & J. Adult & larva of mealybug destroyer (Cryptolaemus
montrouzieri); K. Two-spotted lady beetle (Adalia bipunctata) (Courtesy USDA except H & J, McPartland).



30 Hemp Diseases and Pests

NOTES: Some strains of this “flying predator” do not
diapause, a welcome advantage in flowering crops. The
larvae move well across heavily-trichomed leaf surfaces. F.
acarisuga larvae eat more spider mites than P. persimilis, but
reproduce slower. The two biocontrols are compatible. F.
acarisuga tolerates sulphur pesticides. In Europe F. acarisuga
can be parasitized by Aphanogmus wasps, which hamper its
effectiveness (Gagne 1995).

BIORATIONAL CHEMICAL CONTROL (see Chapter 11)

Use chemicals for “spot treatment” of heavy mite infes-
tations. Heavy infestations arise on stressed plants, on plants
located near glasshouse openings, and on plants growing
along the windward edge of fields. Direct all sprays at the
undersides of leaves. Since mite eggs are not harmed by many
chemicals, repeat the treatment a week later. After every har-
vest in glasshouses or growrooms, spray all walls, floors,
ceilings, and equipment (pots, tools, etc.). Of course, strong
pesticides must subsequently be washed off, to prevent
residues from harming biocontrols in the next crop. For grow-
ers working with clones, chemicals are recommended thrice:
on mother plants before clones are cut, on clones several days
after transplanting, and again on clones the day before flow-
ering is induced.

Horticulture oil, Safer’s Soap, clay microparticles, and
even tap water are mildly effective, and described in Chapter
11. Cherian (1932) killed spider mites with either a lime-
sulphur spray or fish oil soap. “Ganja” sprayed with lime-
sulphur “...was tested by veteran smokers who gave their
verdict against it,” whereas ganja sprayed with soap passed
the smoker s test. Pure sulphur (not lime-sulphur) may work,
but mite populations started developing resistance to sulphur
90 years ago (Parker 1913b). Rosenthal (1998) sprayed mites
with sodium hypochlorite (household bleach diluted to 5%).
Bush Doctor (1986b) sprayed mites with a flour slurry,
strained through cheesecloth. Parker (1913b) used a flour
slurry against T. urticae in hops, mixing 3.6 kg flour in 378 1
water (8 Ibs/100 gallons). Flour solutions require frequent
agitation to keep sprayers from clogging.

Turning to botanicals, Parker (1913b) killed 99% of two-
spotted spider mites with nicotine sulphate, mixing 190 ml
of 40% concentrate nicotine sulphate in 378 1 water (6.5 oz/
100 gallons). T. cinnabarinus is highly susceptible to neem
seed extracts, up to 58 times more susceptible than its
predator, P. persimilis (Mordue & Blackwell 1993).

Cinnamaldehyde, extracted from cinnamon
(Cinnamonum zeylanicum), kills all stages of spider mites, in-
cluding eggs. But it also kills beneficial mites and insects.
Ironically, European researchers have controlled spider mites
with leaf extracts of Cannabis sativa (Fenili & Pegazzano 1974).
Pyrethrum works (Frank 1988), but synthetic pyrethroids (such
as permethrin) rarely kill mites and actually induce egg
laying. Imidacloprid (a nicotine derivative) and abamectin
(a fermentation product) kill spider mites.

Synthetic insect growth hormones, such as flucyclozuron
and methoprene, kill immature spider mites. Hexythiazox
is a growth hormone that selectively kills mites. A synthetic
pheromone, trimethyl docecatriene (StirrupM?®), attracts spi-
der mites. It markedly enhances the effectiveness of miticides.
Kac (1976) tested 25 synthetic and systemic pesticides for
controlling mites in Slovenian hemp (see the appendix).

HEMP RUSSET MITE

Hemp russet mites have infested hemp in central Eu-
rope (Farkas 1965) and feral hemp in Kansas (Hartowicz et
al. 1971). At Indiana University, the pest thrives in glasshouses

and feeds on all kinds of Cannabis, including European fibre
cultivars, southeast Asian drug landraces, Afghan landraces,
and ruderals (Hillig, unpublished data 1994). The mite popu-
lation at I.U. was possibly imported on seeds from Nepal or
northern India.

SIGNS & SYMPTOMS

A. cannabicola feeds primarily on petioles and leaflets.
Leaflets curl at the edges, followed by chlorosis and necro-
sis. Petioles become brittle and leaflets break off easily. In
bad infestations the mites crowd plants by the thousands,
giving leaflets a beige appearance. The mites may also in-
fest flowering tops; they selectively feed on pistils, render-
ing female flowers sterile.

TAXONOMY & DESCRIPTION
Aculops (Vasates) cannabicola (Farkas) 1965, Acari; Eriophyidae.
Description: Eriophyid mites are soft-bodied, sausage-shaped,
and exceptionally tiny, with only two pairs of legs (Fig 4.5 & Plate
5). Their pale beige bodies are composed of two sections: the
gnathosoma (mouthparts) and idiosoma (rest of the body). The legs
project from around the gnathosoma, near the front. The idiosoma
is covered with many minute transverse ridges and tiny spines. A.
cannabicola females reach 200 pm (0.2 mm) long and 45 pm wide—
less than half the size of Tetranychus urticae.

Life History

We know little about A. cannabicola’s life cycle. Outdoor
populations probably overwinter in contaminated seed. In-
door populations remain on plants year round. The mites
move towards the top of dying plants, where they spread to
other plants by wind or splashing water. A turn of the life
cycle takes about 30 days under optimum conditions of 27°C
and 70% RH. Related eriophyid mites lay ten to 50 eggs dur-
ing a life-span of 2040 days.

A related pest, Aculops lycopersici (Tyron), the tomato
russet mite, vectors viruses. A. lycopersici goes into a feeding
frenzy called “solanum stimulation,” where it feeds until it
kills its own host (Lindquist et al. 1996).

DIFFERENTIAL DIAGNOSIS
The hemp russet mite’s morphology, colouring, and lack
of webbing make it easy to discern from spider mites.

CULTURAL & MECHANICAL CONTROL (see Chapter 9)

Use clean seed to keep mites out—see method 11. Once
mites infest an area, a grower’s best efforts only decrease
populations, not eliminate them. Method 5 (genetic resist-
ance) is a future goal.

BIOCONTROL (see Chapter 10)

No effective biocontrol of A. cannabicola is known. Phyto-
seiulus persimilis does not feed on A. cannabicola (Hillig, un-
published data 1994). Other russet mites are controlled by
Zetzellia mali (a tiny predator mite not commercially avail-
able). Some Aculops mites are susceptible to Verticillium lecanii
(Olkowski et al. 1991), a biocontrol fungus described under
whiteflies. Two other possibilities are described below:

Homeopronematus anconai

BIOLOGY: Royalty & Perring (1987) controlled Aculops
lycopersici with this predatory tydeid mite. Royalty & Perring
found H. anconai resistant to abamectin, so the predator and
pesticide could be used together. H. anconai may prey on
Phytoseiulus persimilis, so their compatibility is questionable.

Hirsutella thompsonii
BIOLOGY: H. thompsonii infests several eriophyid and
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tetranychid mites. The fungus was released in Cuba to con-
trol an Aculops species, and sprayed in Florida citrus groves
against other eriophyid mites (Lindquist et al. 1996). H.
thompsonii does best in hot, humid conditions.

APPEARANCE & DEVELOPMENT: Conidia quickly ger-
minate, directly infect mites, and kill them in one or two
weeks. Fungal hyphae emerge from dead mites. The hyphae
bear solitary phialidic conidiophores and slimy, round-to-
lemon-shaped conidia. Under optimal conditions, mite ca-
davers sprout long, white, hairlike synnemata, which bear
conidiophores and conidia.

APPLICATION: H. thompsonii is mass-produced in lig-
uid media fermenters, and supplied as conidia (10° conidia
per g). Release rate for citrus and turf is 2.2-4.5 kg ha1 (2-4
lbs/acre) in optimal weather conditions (Lindquist et al.
1996). This fungus was previously sold in the USA (as
Mycar®), but Abbott Labs cancelled its registration in 1988.

CHEMICAL CONTROL (see Chapter 11)

Spraying oil or sulphur works against some russet mites,
but not A. cannabicola (Hillig, unpublished data 1994).
Cinnamaldehyde, a new product extracted from cinnamon
(Cinnamonum zeylanicum), may be effective against russet
mites. Hillig used abamectin (avermectin B1). Lindquist et
al. (1996) used abamectin against Aculops lycopersici;
abamectin killed more russet mites than dicofol, yet spared
the biocontrol mite Homeopronematus anconai. Hexythiazox
is a growth hormone that selectively kills immature mites.
Hillig (unpublished data 1994) killed A. cannabicola by en-
closing potted plants in large plastic bags and filling the bags
with CO; for two hours. Spider mites and thrips can also be
killed with 100% CO,, but require at least 12 hours of expo-
sure. Take care while using CO, in growrooms and other
sealed spaces.

Figure 4.5: Other mites. A. Aculops cannabicola (from
Farkas 1965); B. Eutetranychus orientalis (from Hill 1994),
C. Brevipalpus obovatus (drawings not to scale).

OTHER MITES

Researchers cite other mites attacking Cannabis: the ori-
ental mite, two species of privet mites, and the ta ma mite.
Additionally, many species of mites parasitize hemp seeds
in storage (see Chapter 8).

1. ORIENTAL MITE
Eutetranychus orientalis (McGregor) 1914, Acari; Tetranychidae.
=Eutetranychus orientalis (Klein) 1936

Description: Eggs are subspherical, pale brown, 0.14 mm diametre.
Larvae are light brown and six-legged. Nymphs emerge from moults
with eight legs, like adults. Female E. orientalis adults are round-
bodied, greenish-brown, up to 0.5 mm long, and covered with short
spines (Fig 4.5). Males are smaller and more red than females.

Life History & Host Range
Females lay eggs along main veins on upper leaf sur-

faces. Upper leaf surfaces of infested plants turn yellow, then
red-brown, then die. Feeding damage peaks in April-June
and September—November. The life cycle can be as short as
two weeks. E. orientalis normally attacks Citrus species but
infests a wide variety of hosts, including Cannabis in India
(Dhooria 1983, Gupta SK 1985). Oriental mites live in north-
ern Africa, the middle East, India, and southeast China.

2. PRIVET MITES

a. Brevipalpus obovatus Donnadieu 1875, Acari; Tenuipalpidae.

b. Brevipalpus rugulosus Chaudri, Akbar & Rasool 1974
Description: Eggs are bright red, 0.1 mm long. Larvae and

nymphs are bright red. Adults are oval in outline, average 0.3 mm

long and vary from light orange to dark red in colour (Fig 4.5).

Life History & Host Range

B. obovatus is a polyphagous pest found in temperate
zones around the world. B. rugulosus is restricted to the In-
dian subcontinent. Both species attacked Cannabis in India
(Gupta SK 1985). Their toxic saliva causes severe leaf spot-
ting, on upper and lower leaf surfaces. Female privet mites
lay eggs on undersides of leaves, one at a time. They
overwinter as adults and their life cycle takes about 60 days.

3. TA MA MITE

Typhlodromus cannabis Ke & Xin 1983, Acari; Phytoseiidae.
Ke & Xin (1983) found this new species on Chinese

hemp. The mite also infested horsetail rush (Pteridium

aquilinum), clematis (Clematis species) and Populus species.

No plant symptoms or control measures were described.

DIFFERENTIAL DIAGNOSIS
These other mites can be confused with spider mites,
described earlier.

BIOLOGICAL & CHEMICAL CONTROL

Damage is greatest in drought-stressed plants (Hill
1983). For oriental mites, Dhooria (1983) cited two biocontrol
organisms—a predator mite (Amblyseius alstonige Gupta) and
a thrips (Scolothrips indicus Priesn.). Neoseiulus californicus
feeds on E. orientalis but does better against mites that pro-
duce heavier webbing, such as spider mites (described there).

According to Ravensberg (pers. commun. 1998), privet
mites can be controlled by Neoseiulus californicus and
Neoseiulus fallacis (described under spider mites), and
Neoseiulus cucumeris and Neoseiulus barkeri (described under
thrips). Privet mites are susceptible to sulphur but resistant
to organophosphate and carbamate pesticides (Hill 1983). Try
soap or horticultural oil.

APHIDS

Aphids, or “plant lice,” are tiny, soft-bodied, and pear-
shaped. They have relatively long legs and antennae. Some
species have antennal tubercles, important landmarks in pest
identification. Antennal tubercles are paired “bumps on the
head,” located between antennae (see Fig 4.8). Protrusions
from the rear of aphids also serve in pest identification: A
pair of tubelike cornicles (or siphons) project backwards,
they resemble dual tailpipes. Between the cornicles, the rear
end tapers to a pointed, tail-like caudum.

Most adult aphids do not have wings (these adults are
called apterae), but some do (alatae). The wings of alatae
are much longer than their bodies.

Aphids suck sap from a plant’s vascular system, using
long narrow stylets. Most aphids are phloem-feeders, but
some also suck on xylem (Hill 1994). Besides sucking sap,
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aphids damage plants by vectoring fungi, bacteria, and es-
pecially viruses. Viruses and aphids have a symbiotic rela-
tionship (Kennedy et al. 1959).

At least six aphid species attack Cannabis. Aphid dam-
age increases in warm, moist weather, with gentle rain and
little wind. Damage decreases in hot, dry weather and in the
presence of strong, dry winds (Parker 1913a).

SIGNS & SYMPTOMS

Aphids congregate on the undersides of leaflets and
cause yellowing and wilting. Some aphid species prefer older,
lower leaves (e.g., Myzus persicae), and some prefer younger,
upper leaves (e.g., Aphis fabae). Some species even infest flow-
ering tops (e.g., Phorodon humuli, Phorodon cannabis). Early
damage is hard to detect—the undersides of leaflets develop
light-coloured spots, especially near leaflet veins (look closely
at Plate 8). Eventually, leaves and flowers become puckered
and distorted (Kirchner 1906). Heavily infested plants may
completely wilt and die. Surviving plants remain stunted.

Honeydew exudes from the anus of feeding aphids. On
warm afternoons honeydew may be seen falling as a mist
from severely infested plants (Parker 1913a). Honeydew
causes secondary problems—ants eat it, and sooty mould
grows on it. For the love of honeydew, ants become “pugna-
cious bodyguards” of aphids, and attack aphid predators.
Ants must be eliminated for biocontrol to be effective. Sooty
mould reduces plant photosynthesis and leaf transpiration,
and hinders the movement of aphid predators and parasites.

1. GREEN PEACH APHID
Myzus persicae (Sulzer) 1776, Homoptera; Aphididae.
=Phorodon persicae Sulzer
Description: Apterae are green (sometimes yellow-green or pink),
oval in outline, averaging 2.0~3.4 mm in length (Plate 8). Antennal
tubercles are mammary-like bumps (less than half as long as the
first antennal segment), and point inward (converge towards each
other). Cornicles are the same colour as the abdomen, except for
darkened tips. Cornicles are long, thin, slightly swollen near the
midpoint, and grow twice as long as cauda. Cauda are lightly bris-
tled and constricted slightly at the midpoint. Alatae nymphs are of-
ten pink or red, and develop wing-pads. Winged adults have black-
brown heads, a black spot in the middle of their abdomens (Fig 4.6
& Plate 6), and hold their wings in a vertical plane when at rest.

Figure 4.6: Adult aphids, alatae (winged forms), mounted
on a microscope slide and cleared with potassium hydrox-
ide. A. Myzus persicae; B. Phorodon cannabis, LM x 10.

Life History & Host Range

The complicated life cycle of aphids requires special ter-
minology. Most outdoor aphids are heteroecious (or
holocyclic) —they migrate between two hosts. The
overwintering host is called the primary host. M. persicae
overwinters on Prunus, as shiny black eggs laid on tree limbs
and under the axils of tree buds. Eggs hatch into rotund “stem
mothers” or fundatrices. Hatch time is temperature depend-

ent. Fundatrices multiply parthenogenically—no sex needed.
They are born fertile and within days begin giving birth.
They give birth viviparously—eggs hatch within their re-
productive tract—so larvae, not eggs, are “born alive” (an-
other discovery by Leeuwenhoek). Fundatrices bear 60-100
fundatrigeniae. Soon the fundatrigeniae—which are apter-
ous (wingless) females—begin giving birth to more live fe-
males (apterous viviparae or apterae). Thus stem mothers
may live to see their great-great-great-granddaughters. In
late spring the first alatae (winged aphids) develop. They
are called spring migrants and fly off to secondary hosts,
such asCannabis.

Aphids are weak fliers, with a flight speed of only 1.6-
3.2 km hlin still air. To migrate, alatae fly straight up into a
moving air mass. The wind governs their direction of flight.
In this way they can migrate 15-20 km. Aphids terminate
migration by actively flying downward and settling on
plants. Once settled on Cannabis the alatae give birth to
apterae; apterae undergo four moults in about ten days to
reach sexual maturity. Each aptera gives birth to 30-70 young.
Crowded conditions or a lack of food induce new alatae,
which fly off seeking unexploited Cannabis. They are called
summer migrants. At the end of the summer, special alatae
called sexuparae (or autumn migrants or return migrants)
fly back to the primary host and give birth to ten sexuales.
Sexuales are either females or males, alatous or apterous.
They mate and the females become oviparae and lay five to
ten eggs, which overwinter.

Hill (1994) claims that a single springtime fundatrix can
give rise to up to 12 generations of aphids in one year—and
theoretically 600,000 million offspring. In tropical regions and
in warm glasshouses, aphids do not migrate between hosts, nor do
they lay overwintering eggs. They reproduce parthenogenically
all year long, and remain on their secondary host. Thus, some
aphids that are normally heteroecious may become autoe-
cious in warmer climates. M. persicae, for instance,
overwinters as adult females on secondary hosts in the south
or in warm glasshouses (Howard et al. 1994).

M. persicae attacks dozens of plant species, and now
lives worldwide (Spaar et al. 1990). The pest is exceptionally
restless; alatae repeatedly land on plants, probe briefly, then
take off for other plants. This behaviour makes M. persicae
“the most notorious vector of plant viruses” (Kennedy et al.
1959). It infests feral hemp in Illinois (Bush Doctor, unpub-
lished data 1981) and marijuana in India (Sekhon et al. 1979).
M. persicae is the most common aphid in Dutch glasshouses
(Clarke & Watson, pers. commun. 1995). This species resists
a broader range of pesticides than any other insect pest.

2. BLACK BEAN APHID
Aphis fabae Scopoli 1763, Homoptera; Aphididae.

Description: Apterae are oval to pear-shaped, olive green to
dull black, averaging 1.5-3.1 mm in length (Fig 4.7 & Plate 7); legs
are light green to white; antennae tubercles not prominent; cornicles
relatively short (0.3-0.6 mm) and cylindrical; cauda are heavily bris-
tled. Alatae nymphs have prominent white markings on their ab-
domen. Alatae are slightly smaller than apterae (1.3-2.6 mm long),
their bodies are dark green-black with variable white stripes, wings
are spotted with white wax. Alatae hold their wings vertically over
their abdomens when at rest. A. fabae colonies are regularly ant-
attended and they may congregate in great numbers.

Life History & Host Range

A. fabae is heteroecious—it migrates between two hosts.
The overwintering host is Euonymus and sometimes
Virburnum species. In the spring, eggs hatch into fundatrices,
then fundatrigeniae, then apterae (see the life history of M.
persicae for these terms). Apterae give birth to spring mi-
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Figure 4.7: Aphis fabae. A. Adult aptera (wingless);
B. Adult alata (winged); both x 10 (from Imms 1948,
labelled “Aphis rumicis”).

grants, which migrate to Cannabis and other secondary hosts.
At the end of the summer, autumn migrants fly back to the
overwintering host.

Blackman & Eastop (1984) listed Cannabis as a host for
A. fabae. 1t is the second most common aphid in Dutch glass-
houses, and attacks outdoor crops in China (Clarke &
Watson, unpublished data 1992) and South Africa
(Dippenaar et al. 1996). A. fabae may have been the “black
aphid” infesting a seed-oil cultivar (‘FIN-315) in Finland
(Callaway & Laakkonen 1996). The taxon A. fabae represents
a complex of at least four subspecies; exactly which subspe-
cies attacks Cannabis is unknown. Black bean aphids are
found in all temperate regions except Australia. They infest
many crops and vector over 30 viruses.

Figure 4.8: Prominent head bristles on Phorodon can-
nabis (left) compared to Phorodon humuli (right), from
Muller & Karl (1976).“T” arrows point to tubercles, “K” points
to midline knob.

3. BHANG APHID or HEMP LOUSE
Phorodon cannabis (Passerini) 1860, Homoptera; Aphididae.

=Aphis cannabis Passerini, =Myzus cannabis (Passerini),
=Paraphorodon cannabis (Passerini), =Diphorodon cannabis (Passerini),
=Aphis sativae Williams 1911, =Phorodon asacola Matsumura 1917,
=Capitophorus cannabifoliae Shinji 1924, ? =Semiaphoides cannabiarum
Rusanova 1943

Description: Apterae have flattened, elongate-oval bodies. They
closely resemble M. persicae but are about 25% smaller, averaging
1.9-2.7 mm in length. They are described as nearly colourless
(Ceapoiu 1958) to bright green with darker green longitudinal stripes
(Kirchner 1906). Their heads are covered with tiny bristles; the bris-
tles have knobbed apices which differentiate bhang aphids from hops
aphids (Muller & Karl 1976, Fig 4.8). Antennae are 1.1-2.2 mm long;
antennal tubercles are prominent (at least half as long as the first
antennal segment), converge slightly, and several bristles sprout
from each tubercle. Between the tubercles arises a smaller midline
knob, also bristled. Cornicles are white, up to 0.8 mm long (nearly a
third of the body length), cylindrical, and taper towards their tips.
Cauda taper evenly to their tips. Alatae are slightly smaller than
apterae, and develop black-brown patches on heads and abdomens
(Fig 4.6). They hold their wings vertically over their abdomens when

at rest. Males are smaller and darker than females, averaging 1.6-
1.8 mm long. Overwintering eggs are ovate, shiny green-black, 0.7
mm long. Fundatrices are more oval than other apterae but slightly
shorter (1.8-2.4 mm), with long antennae.

Life History & Host Range

The life history of P. cannabis is autoecious, sometimes
called monoecious—the pest never alternates hosts
(Balachowsky & Mesnil 1935, Muller & Karl 1976). Sexuparae
of P. cannabis never fly away, so oviparous females lay eggs
in the flowering tops of Cannabis. Most eggs are destroyed
when the hemp crop is harvested.

The bhang aphid is particularly damaging to female
buds; “...it sits between female flowers and seeds, sucking
plantsap” (Kirchner 1906). Bhang aphids vector hemp streak
virus (Goidanich 1955), hemp mosaic virus, hemp leaf chlo-
rosis virus (Ceapoiu 1958), cucumber mosaic, hemp mottle
virus, and alfalfa mosaic virus (Schmidt & Karl 1970). The
species is native to Eurasia (ranging from Britain to Japan),
and now lives in North America and northern Africa. Bantra
(1976) suggested using the pest as a biocontrol agent against
illicit marijuana crops. According to Muller & Karl (1976), P.
cannabis infests C. sativa, C. indica and C. ruderalis. The pest
also attacks hops (Blackman & Eastop 1984).

According to Martelli (1940), bhang aphids are identi-
cal to hops aphids (the next species described below). We
disagree—hops aphids have different-shaped heads, with
few bristles (Muller & Karl 1976, Fig 4.8). The two species
also have different life histories—P. cannabis has reduced to
an autoecious life cycle (only one host), first noted by
Balachowsky & Mesnil (1935). Autoeciousness suggests P.
cannabis evolved from P. humuli, not vice-versa.

4. HOPS APHID
Phorodon humuli (Schrank) 1801, Homoptera; Aphididae.
Description: Hops aphids closely resemble bhang aphids, ex-
cept the head of P. hurmuli sports few bristles, if any (Muller & Karl
1976, see Fig 4.8); the few bristles on antennal tubercles have blunt
or pointed apices, never knobbed; the midline knob is scarcely ap-
parent. Apterae are larger on Prunus in the spring (2.0-2.6 mm) than
apterae on Humulus in the summer (1.1-1.8 mm); alatae average
1.4-2.1 mm long.

Life History & Host Range

P. humuli is heteroecious; the overwintering host is
Prunus. Eggs of P. cannabis hatch when the temperature
reaches 22-26°C. Eggs hatch into fundatrices, then
fundatrigeniae, then apterae, then spring migrants (see the
life history of M. persicae for these terms). In the California
Bay area, spring migration of P. humuli peaks on June 1st
(Parker 1913a); in southern England the flight peaks in late
June (Dixon 1985). P. humuli migrants fly straight up into a
moving air mass, and can travel 150 km or more (Dixon 1985).
They spend the summer on secondary hosts, then fly back to
overwintering hosts. For P. humuli this autumn migration
peaks in late September (Dixon 1985).

Blunck (1920), Flachs (1936), and Eppler (1986) reported
P. humuli infesting Cannabis. These pests normally attack
hops. P. humuli vectors many plant viruses and
Pseudoperonospora humuli (a fungus causing downy mildew
of hops and hemp, Sorauer 1958). P. humuli lives in Europe,
central Asia, north Africa, and North America, but not Aus-
tralia. In California P. humuli is aided by a large black ant,
Formica subsericea Say (Parker 1913a).

5. OTHER APHIDS

Cherian (1932) and Raychaudhuri (1985) cited the cot-
ton aphid (also called the melon aphid, Aphis gossypii Glover
1877) on marijuana in India. A. gossypii adults are 1-2 mm
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Figure 4.10:
Life history of Myzus
persicae.

A. Fundatrix giving birth to
live fundatrigeniae;

B. Fundatrigenia shedding
skin of its last moult;

. Aptera;

. Alata (spring migrant);

. Summer migrant;

. Autumn migrant or
sexupara;

. Sexuales (female on
left, male on right);

. Egg-laying ovipara;

. Egg;
[iNustrations of
M. persicae (C-Q)
by Hill 1994, other
illustrations by
Weber 1930].
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long, have short, bristled cauda, and lack antennal tuber-
cles. Body colour ranges from light yellow to very dark
green. Cornicles are.always black, regardless of body
colour (Fig 4.9). A. gossypii lives around the world and
seriously damages cotton and cucurbit crops, but feeds
on almost anything. The species prefers high temperatures;
at27°C the aphids mature in seven days. A. gossypii vectors
over 50 plant viruses and is often ant-attended.

Raychaudhuri (1985) cited Uroleucon jaceae
(Linnaeus) 1758 in India. U. jaceae is a large (2.5-3.5 mm
long) reddish brown to brown-black aphid that infests
Compositae in Europe and Asia.

DIFFERENTIAL DIAGNOSIS

Symptoms from aphids (wilting, yellowing) can be
confused with damage by spider mites and whiteflies. Turn
over a leaf to see what lurks beneath. Young aphids can be

Figure 4.9: Aphis gossypii. A. Adult aptera (wingless); B. Adult
alata (winged); C. Young nymph; all x 10 (courtesy USDA).

confused with young whiteflies, young scales, even young
tarnished plant bugs. A hand lens helps distinguish these
pests. The wings of aphids extend at least twice the length
their bodies, which differentiates winged aphids from fun-
gus gnats, whose wings are shorter (Gill & Sanderson 1998).

Differentiating aphids from each other can be difficult.
If apterae are light green, consider M. persicae, P. humuli, or
P. cannabis. M. persicae is about 25% larger than the other
two species, its antennal tubercles are short and rounded,
its midline knob between the tubercles is small, its cornicles
develop aslight swelling, and its cauda is slightly constricted.
P. cannabis tubercles are long (sometimes finger-like projec-
tions), heavily bristled, and P. cannabis sports the largest
midline knob. P. humuli has short tubercles, few bristles, and
lacks a midline knob. Blackman & Eastop (1984) provided
an illustrated key for these species as they appear on hops.

If apterae are dark green-black and lack attennae tuber-
cles, suspect A. fabae. But don't forget A. gossypii, which can
also be quite dark and lacks tubercles. The jet-black cornicles
of A. gossypii set it apart from A. fabae.

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Method 1 (sanitation) is the workhorse. Mechanical re-
pelling (method 12a) works well against winged aphids.
Catching winged aphids with yellow sticky traps (method
12b) provides an early warning of aphids migrating into your
area. Screen all entrances to glasshouses (method 13). Method
5 (genetic resistance) glitters with future potential—but thus
far, only aphid-susceptible plants have been identified. BB
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(1990) reported aphids “just love” afghanica cultivars
developed in Holland. Exclude or kill all ants in the area.

BIOCONTROL (see Chapter 10)

Aphids can be nearly eradicated with biocontrol organ-
isms. To control established aphid infestations, predators work
better than parasitoids. Parker (1913a) and Campbell & Cone
(1994) listed many natural aphid predators in California and
Washington hops yards. Most are now commercially avail-
able—green lacewings (Chrysoperla carnea), convergent
ladybeetles (Hippodamia convergens), two-spotted ladybeetles
(Adalia bipunctata), and the tiny slug-like predator Aphidoletes
aphidimyza. These are described below. Predators that feed
on aphids in the absence of their primary hosts include
Cryptolaemus montrouzieri, Harmonia axyridis, and Rodolia
cardinalis (discussed in the section on mealybugs), Stethorus
picipes (described under spider mites), Orius species
(described under thrips), and Deraeocoris brevis (described
under thrips).

The best preventatives are parasitoid wasps—Aphidius
matricariae, A. colemani, and Aphelinus abdominalis (described
below). For some reason, parasitoids tend to prey on rose-
coloured aphid colour morphs, and predators tend to attack
green morphs (Losey et al. 1997).

Fungi are the best microbial biocontrols of aphids.
Viruses and bacteria must be eaten to be infective—and since
aphids suck sap, there is little chance of their injesting viruses
and bacteria sprayed on plant surfaces. Fungi need not be
injested. They work on contact, and directly penetrate aphid
skin. Verticillium lecanii, Metarhizium anisopliane, Entomophthora
exitialis, and Erynia neoaphidis are discussed below; Beauveria
bassiana and Beauveria globulifera are discussed under
whiteflies.

Yepsen (1976) suggested companion-planting with co-
riander, anise, wormwood, or mint to drive away aphids.
Aphids are also repelled by nasturtiums, marigolds, chives,
onions, and garlic (Israel 1981).

Table 4.3: Infestation Severity Index for aphids.

Light any aphids seen

often no symptoms present
Moderate < 10 aphids/leaf (not leaflet)

feeding patches present
Heavy 11-50 aphids/leaf

feeding patches coalescing
Critical > 50 aphids/leaf

shrivelled, discoloured leaves
and honeydew

Chrysoperla (Chrysopa) carnea “Green lacewing”
BIOLOGY: The lacewing larva (also known as the “Aphid
lion”) is a nocturnal predator. It eats aphids, and to a lesser
extent, feeds on whitefly nymphs, budworm eggs, thrips,
and spider mites. Unfortunately it may also eat ladybeetle
eggs (Gautam 1994). The C. carnea species complex lives in
temperate regions worldwide. C. carnea does best in moder-
ate temperatures (24-27°C) and moderate humidity (55%
RH), but adapts to a wide range of humidity (35-75% RH).
APPEARANCE: Adults (called “lacewings”) have slen-
der pale green bodies 12-20 mm long, with delicate, lacy,
light green wings, and bright eyes (Fig 4.11). They flutter
like moths when disturbed. Larvae (called “aphid lions”)
have yellowish-grey bodies with brown marks, tufts of hair,

Figure 4.11: Green lacewing, Chrysoperla carnea, adult,
“aphid lion” larva, and eggs (courtesy USDA).

and large jaws (Plate 8). They look like tiny alligators, 2-10
mm long. Eggs are oval, white, and suspended from under-
sides of leaves by slender threads 1 cm long (Plate 9).

DEVELOPMENT: Lacewings overwinter as pupae or
adults. Adults have strong migratory instincts and may fly
for three or four hours before settling down on plants. They
are attracted by the scents of tryptophan and caryophyllene—
two components of aphid honeydew. Caryophyllene is also
part of the aroma of Cannabis (Brenneisen & ElSohly 1988).
Adults do not eat aphids, they feed on nectar or honeydew.
Females lay up to 600 eggs. Larvae consume 300400 aphids
during their two-week larval life (Hill 1994). In optimal con-
ditions the life cycle takes 25 days. Adults live another 40
days; three to eight generations cycle per year. Short days
induce diapause in some populations of C. carnea (Tauber &
Tauber 1993), rendering them ineffective in short-day flow-
ering crops.

APPLICATION: Eggs are the best, supplied in paper tubes
with intact egg-threads, or glued onto cards, or loosely mixed
with vermiculite in shaker bottles. Adults are supplied in
sealed tubes, larvae are supplied in divider boxes. Adults
should not be stored. Larvae can be stored up to two days,
in a cool (7-14°C), dark place; eggs can be stored up to four
days. Recommendations for release rates are presented in
Table 4.4. Place eggs or larvae at the base of plants, in the

Table 4.4: C. carnea release rate for control of aphids.

ISI* NUMBER OF PREDATORS RELEASED PER PLANT
OR M2 OF GLASSHOUSE CROP**

Preventative 5 larvae m-2 every 3 weeks

Light 5 larvae/plant OR 10 m2 every 2 weeks

Moderate 25 larvae m-2 on trouble spots, 10 m-2
elsewhere every week

Heavy 50 larvae m2 on trouble spots, 25 m-2
elsewhere every week

Critical 100 larvae m-2 on trouble spots, 50 m2

elsewhere every week, use ladybeetles

* ISl = Infestation Severity Index of aphids, see Table 4.3.
**control of aphids with C. carnea is difficult during flowering (light
cycles below 12 hours/day)
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crotch of branches, or in distribution boxes hanging from
plants. Spread them out to avoid cannibalism. Researchers
have coated eggs with acrylamide (sticky gel), so they can
be sprayed and adhere to plant surfaces.

Do not irrigate plants for a couple days after release, to
avoid washing lacewings away (misting is okay and may
help young larvae survive). Lacewings do not establish
themselves with ease. Entice adults to stay and lay eggs by
providing artificial honeydew—mix honey and brewers yeast
on sticks and distribute among plants (replace when
mouldy); commercial products include Wheast®, Biodiet®,
or Formula 57® (see Chapter 9, method 14).

NOTES: Green lacewing eggs are the most cost-effective
biocontrol of aphids currently available. Lacewings can even
provide preventative control. For spot control of heavy
infestations, lacewings are not as effective as ladybeetles. C.
carnea is compatible with other Chrysoperla species,
ladybeetles, Trichogramma wasps, and predatory mites, al-
though some of these biocontrols may be eaten in the ab-
sence of aphids. Normally, foliage sprayed with Bt does not
affect C. carnea; but the genetically modified, truncated form
of Bt in transgenic plants may be harmful (Hilbeck et al. 1998).
Some C. carneq strains tolerate malathion.

Chrysoperla (Chrysopa) rufilabris

BIOLOGY: Another lacewing resembling the aforemen-
tioned species. C. rufilabris is native to the Southeastern USA,
where it commonly inhabits trees. In optimal temperatures
(24-27°C) the life cycle takes 23 days. C. rufilabris reproduces
better than C. carnae in humid environments (>75% RH), it is
thought to be a more aggressive predator than C. carnae, pro-
duces more eggs per female, may be found in higher num-
bers towards the end of the season. C. rufilabris lacks the
strong migratory wanderlust of C. carnea, so it stays in re-
lease areas longer (Hoffmann & Frodsham 1993). Neverthe-
less, establishing a season-long, self-replicating population
is difficult; multiple releases may be required. C. rufilabris is
supplied like C. carnea, released at the same rate.

Other Chrysoperla and Chrysopa species

BIOLOGY: Chrysoperla comanche is new. It stays active later
in the season, after C. carnea enters diapause. C. comanche is
more fecund than C. carnae (females lay up to 1100 eggs).
Chrysopa oculata and Chrysopa nigricornis are native
biocontrols in the USA, not yet commercially available.
Adults of these species are predatory, an added advantage.

Hippodamia convergens “Convergent ladybeetle”
BIOLOGY: A beetle that preys on aphids as well as

Table 4.5: Hippodamia convergens release rate for control
of aphids.

ISi* NUMBER OF PREDATORS RELEASED PER M2
OF GLASSHOUSE CROP**

Preventative 10 ladybeetles m2 every 2 weeks
Light 50 ladybeetles m-2 weekly

Moderate 100 ladybeetles m-2 weekly

Heavy 200-500 ladybeetles m-2 twice weekly
Critical apply chemical controls, wait 2 days,

then release 200 ladybeetles m-2 twice
weekly

* 18! = Infestation Severity Index of aphids, see Table 4.3.

mealybugs, scales, and other small insects. It is native to
North America, and does best in moderate humidity and
temperatures (>40% RH, 19-31°C).

APPEARANCE: Larvae are slim, flat, alligator-like, dark
with orange spots, and up to 12 mm long (Fig 4.3 & Plate
10). Adults are tortoise-shaped, 4-7 mm long, with a black
and white-lined thorax, and two white lines converging be-
hind the head (Fig 4.3 & Plate 11). Wing covers are orange,
red, or yellow, typically with six black spots (the number
varies from none to 13). Eggs are orange, cigar-shaped, and
laid in clusters of ten to 20 near aphid colonies.

DEVELOPMENT: Females lay up to 1000 eggs in spring
and early summer. Larvae eat voraciously for a couple of
weeks, pupate, then the adults also feed on aphids. Devel-
opment from egg hatching to adulthood takes 28 days in
optimal conditions. Adults live another 11 months. At the
end of the season adults migrate to hillsides and creek beds,
where they aggregate and overwinter.

APPLICATION: Supplied as adults in bottles, bags, or
burlap sacks. Store in a cool (4-8°C), dark place. Beetles pur-
chased before the month of May must be released by the
end of May; beetles purchased after early June can be stored
for up to three months. Every couple of weeks remove them
from the cold, mist with water, allow to dry, and return to
storage (Cherim 1998). Used preventatively, release 41 (1
gallon) of adults per 4000 m2 (=20 beetles per m?2), or refer to
Table 4.5. Watson (pers. commun. 1992) applied up to 5000
adults to an extremely infested, extremely valuable plant,
and reapplied weekly. Extra adults flew off to the rest of the
crop. In a few weeks the aphids were 99% gone.

Commercial supplies of H. convergens have been har-
vested from winter aggregation sites in California. They har-
bour a strong migrational instinct which requires them to
disperse before feeding and laying eggs. Thus, field releases
of H. convergens are ineffective, because the adults quickly
disperse. They work in enclosed structures such as glass-
houses and growrooms. Screen vents to keep them from es-
caping. Delay migration releasing at night, and by “gluing”
their wings shut with a spray of sugared soda (Coke, Pepsi,
etc.) mixed 1:1 with water. After a week the sugar-water
solution wears off.

Entice ladybeetles to stay and lay eggs by serving them
“artificial honeydew”—see recipes in the Chrysoperla carnae
section, above. Provide moisture by misting plants with
water before releasing (be careful misting flowering plants—
they may develop grey mould). Some commercial suppliers
decrease the ladybeetles’ migratory instinct by feeding them
a special diet and allowing them to “fly off” in a controlled
environment.

NOTES: H. convergens is the best-known mail-order
predator of aphids. For heavy infestations, ladybeetles are the
best—they can be applied in high numbers as a “living insecticide.”
But ladybeetles are a poor choice for preventative control—
without food they migrate away or die. Ladybeetles may
eat other predators in the absence of pests, but they are
compatible with parasitoids. Ladybeetles are not fully
compatible with some biocontrol fungi (e.g., Beauveria
bassiana and Paecilomyces fumosoroseus). Commercial supplies
of H. convergens have been harvested from the wild, so they
have little tolerance for pesticides.

Adalia bipunctata “Two-spotted ladybeetle”

BIOLOGY: A beetle that preys on aphids, is native to
North America, and does best in moderate humidity and
temperatures. Adults have oval, convex bodies, with red to
yellowish-orange wings marked by two black dots (Fig 4.3).
They overwinter as ad ults; several generations arise per year.
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Coccinella undecimpunctata “Eleven-spotted ladybeetle”

BIOLOGY: Another beetle that preys on aphids and other
small insects, introduced to North America from Europe, and
does best in moderate humidity and temperatures. Adults
have elongate-oval, convex bodies, with red or orange wings
marked by 11 black dots, 5-7 mm long. A related European
species, Coccinella septempunctata, known as the seven-
spotted ladybeetle, has become established in eastern North
America. It can accumulate in large numbers, displacing
native ladybeetles and becoming a nuisance to humans (even
biting people, according to Schaefer et al. 1987b).

Aphidoletes aphidimyza

BIOLOGY: A midge (fly) whose larvae prey on aphids, is
native to northern Europe and North America, and does best
in moderate humidity and temperatures (70% RH, 18-27°C).
A. aphidimyza does poorly in hot, dry, windy locations.

APPEARANCE: Adults look like tiny mosquitos, 2.5 mm
long. Eggs are oblong, shiny orange, 0.3 mm long. Larvae
are white upon hatching but turn orange as they mature,
reaching 3 mm in length (Plate 12).

DEVELOPMENT: Larvae inject a paralysing poison into
aphids (Fig 4.12), then suck out all body contents. Westcott
(1964) claimed the maggots kill an aphid a minute. Usually
the larvae kill ten to 100 aphids in a week or less, then pu-
pate in soil. Adults are night fliers and feed on aphid honey-
dew. Females lay 100-250 eggs near aphid colonies. The life
cycle takes about four weeks, adults live another two weeks.
Unfortunately, short photoperiods send maggots into
diapause, ending their effectiveness when Cannabis flowers.
A. aphidimyza overwinters in soil and may become estab-
lished in glasshouses with soil floors.

A B

Figure 4.12: Aphidoletes, a midge that preys on aphids.
A. Adult female; B. Maggot biting an aphid on the knee.
(from Davis 1916)

APPLICATION: Supplied as pupae mixed with
vermiculite or peat in shaker bottles or tubs. Store up to four
days in a cool (8-15°C), dark place. Release pupae in humid,
shaded areas—not on surfaces receiving direct sunlight.
Hussey & Scopes (1985) released one predator per 25 aphids
at five-day intervals. Clarke & Watson (pers. commun. 1995)
released two to five pupae per m? at the first sign of aphids,
or ten pupae per m? in heavy infestations, repeating every
two weeks until control is achieved. Koppert (1998)
suggested releasing A. aphidimyza pupae in piles of at least
10 cc (approximately 20 pupae).

NOTES: A. aphidimyza may be used preventatively or re-
leased against established infestations. The maggots eat less
than lacewing larvae, but the maggots do not migrate away.
Adult females require an established aphid population be-
fore they lay eggs. A. aphidimyza maggots need soil to pu-
pate and become established. In soilless hydroponic glass-

houses with concrete or plastic-covered floors, sprinkle peat
moss between rows of plants for pupation sites. A. aphidimyza
adults are not attracted to bright light (unlike lacewings and
ladybeetles), so they won't fly into bulbs and windows. But
they may be attracted to yellow sticky traps. A. aphidimyza is
compatible with Aphidius matricariae, but not with beneficial
nematodes. The maggots tolerate some pesticides, but adults
are very sensitive. Adults can be released a week after spray-
ing pyrethrum (Thomson 1992). Olkowski et al. (1991) sug-
gest collecting wild maggots from Compositae weeds, but
field-collected maggots may be infested by Aphanogmus
fulmeki and other hyperparasites, which occasionally infil-
trate into commercial mass-rearing units (Gilkeson 1997).

Aphidius matricariae

BIOLOGY: A braconid wasp, native to England; it does
best in moderate humidity and temperatures (optimal 80%
RH, 22-24°C). A. matricariae parasitizes over 40 species of
aphids. It provides good control of M. persicae and A. fabae,
but poor control of A. gossypii (Steenis 1995) and Phorodon
species (Neve 1991).

APPEARANCE & DEVELOPMENT: Adults are tiny black
wasps, 2 mm long (Fig 4.13). Female wasps lay 50-150 eggs,
each egg is individually deposited within an aphid nymph.
Eggs hatch into maggots which grow and pupate within
aphids. Aphids swell and stiffen into shiny, papery, light-
brown mummies. Emerging wasps leave small, round exit
holes. The life cycle takes two or three weeks in optimal tem-
peratures, and adults live another two weeks.

APPLICATION: Supplied in vials or shaker bottles as
adults or pupae in mummies. Store for a maximum of one or
two days in a cool (8-10°C), dark place. Release in shaded
areas, from open boxes hanging in plants or on rockwool
slabs. To prevent aphids, Reuveni (1995) recommended a
weekly release of one mummy per 10 m? glasshouse. For
light infestations, release three to six mummies per m2weekly
(Thomson 1992).

NOTES: A. matricariae works best as a preventative in
glasshouse situations. The species reproduces slowly and
cannot handle heavy infestations. Some researchers report
A. matricariae wasps travel widely in search of prey, others
report they fly less than 3 m (Steenis 1995). Heavy honeydew
hinders them. They do not diapause during flowering.
Unfortunately, A. matricarize may be killed by its own
hyperparasites, especially in late summer. Hyperparasites
infest A. matricariae within aphids, and leave aphids via exit
holes that may be confused with exit holes of A. matricariae.
Exit holes by A. matricarige are smooth and round, whereas
exit holes by hyperparasites have ragged, uneven edges
(Cherim 1998). Purchasing adults instead of pupae will
reduce or exclude hyperparasites.

Figure 4.13: Two wasps parasitizing aphids. A. Aphidius, a
braconid (from van Leeuwenhoek 1700); B. Aphidencyrtus,
a chalcid (from Griswold 1926).
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A. matricarige is compatible with other parasitoid wasps,
Aphidoletes aphidimyza, ladybeetles, and lacewings. A.
matricarige is not compatible with the biocontrol fungus
Beauveria bassiana, which kills larvae developing inside
aphids. Adults wasps are attracted to the colour yellow, so
remove yellow sticky cards before releases are made. Avoid
insecticides, although some strains of A. matricariae tolerate
neem and malathion.

Aphidius colemani

BIOLOGY: This species has been confused with the afore-
mentioned A. matricariae. A. colemani wasps lay twice as
many eggs as A. matricarige, and they reproduce much better
on A. gossypii (Steenis 1995). Several companies have dropped
A. matricariae in favour of selling A. colemani.

APPLICATION: Supplied and applied like A. matricarige.

NOTES: A related species, Aphidius ervi, works well
against potato aphids such as Macrosiphum euphorbige and
Aulacorthum solani.

Aphelinus abdominalis

BIOLOGY: A chalcid wasp that parasitizes aphids, is na-
tive to temperate Europe, and does best in moderate humid-
ity and temperatures.

APPEARANCE & DEVELOPMENT: Adults are 2.5-3 mm
long, with a black thorax, yellow abdomen, and short
antennae. Female wasps deposit eggs in adult aphids. Wasps
also feed on ovipositor wounds. In about two weeks, aphids
turn into black, leathery mummies. Larvae pupate within
dead mummies and emerge as wasps, leaving behind a rag-
ged exit hole at the rear of the mummy.

APPLICATION: Supplied as adults in shaker bottles. Store
a maximum of one or two days at 8-10°C. The wasps migrate
poorly and should be released close to aphids. Release 50
wasps per infested plant (Thomson 1992).

NOTES: A. abdominalis works best as a preventative. It
prefers potato aphids (Macrosiphum euphorbiae and
Aulacorthrum solani). This wasp is compatible with other
parasitoids.

Verticillium (Cephalosporium) lecanii

BIOLOGY: A fungus that parasitizes aphids (Vertalec®)
and whiteflies (Mycotal®). V. lecanii works best against Myzus
persicae and Aphis gossypii, and worst against Aphis fabae. The
fungus provides excellent short-term control; it knocks down
heavy aphid populations to a level managed by slower-
working biocontrols. For more information see the section
on whiteflies.

Metarhizium anisopliae

BIOLOGY: A soil fungus first tested in 1879 against beetles
in Russia (Samson et al. 1988). Different strains are used
against aphids and whiteflies (BackOff®), termites (BioBlast®),
spittlebugs (Metaquino®), cockroaches (BioPath®), thrips,
beetles (chafers, weevils), ants, termites, and other insects.
M. anisopliae does best in high humidity and moderate tem-
peratures (24-28°C).

APPEARANCE & DEVELOPMENT: M. anisopliae is a
hyphomycete with branching, phialidic conidiophores and
simple oval spores (conidia) which aggregate into green
prismatic columns. Conidia in contact with insects quickly
germinate and grow into their hosts. M. anisoplize does not
have to be eaten; it can penetrate insect skin, although it
usually enters through spiracles. Infected insects stop feed-
ing, then die in four to ten days, depending on the tempera-
ture. In humid conditions, M. anisoplize reemerges from dead
hosts to sprout more conidia and repeat the life cycle.

APPLICATION: Supplied as conidia formulated in pow-
der, granules, or solid cultures in foil packets, plastic bags,
or bottles. Store for weeks in a cool (2-3°C), dark place.

NOTES: This fungus is compatible with biocontrol
parasitoids such as Aphidius matricariae and Aphelinus
abdominalis (Roberts & Hajek 1992), but may infect preda-
tors, such as Orius insidiosis. Disadvantages include a slow
onset of action, and M. anisopliae does not grow through the
soil (Leslie 1994). There are many strains of M. anisopliae,
and the successful control of specific insects may require spe-
cific strains.

Entomophthora exitialis

BIOLOGY: A cosmopolitan fungus that parasitizes
aphids. It does best in moderate to high humidity and mod-
erate temperatures.

APPEARANCE & DEVELOPMENT: This fungus produces
several types of spores. Ballistospores are forcibly discharged
from dead insects, surrounding the cadavers with a white
halo of sticky, mucus-covered spores. Resting spores arise
within cadavers, and are mass-produced in liquid media
fermenters. Spores that contact susceptible insects rapidly
invade their hosts (E. exitialis does not have to be eaten by
insects; it can penetrate insect skin). E. exitialis spores have
been sprayed in California to control aphids (Yepsen 1976).
Unfortunately, E. exitialis also infects aphid predators (but
not aphid parasitoids, according to Hajek 1993).

Erynia neoaphidis (= Entomophthora aphidis)

BIOLOGY: This widespread fungus is related to the pre-
vious pathogen. It causes natural epidemics in P. humuli and
other aphids (Byford & Ward 1968), and is being investigated
as a biocontrol agent. In France, E. neoaphidis predominates
in cool, humid conditions (Samson ef al. 1988).

BIORATIONAL CHEMICAL CONTROL (see Chapter 11)

Frank & Rosenthal (1978) repelled aphids with a
vegetable-based spray: grind up four hot peppers with one
onion and several cloves of garlic. Let the mash sit in two
quarts of water for several days. Strain the liquid, and add a
half teaspoon of detergent as a spreader. Direct all sprays
and dusts at undersides of leaves. Kill young aphids and
repel adults with insecticidal soap, diatomaceous earth, and
clay microparticles. Soaps have been sprayed up to a week
before harvest without any distasteful residues discerned
on finished dry flowers (Bush Doctor 1985).

Nicotine works par excellence against aphids, especially
bhang aphids (Ceapoiu 1958) and hops aphids (Parker
1913a). Imidacloprid, a synthetic nicotine, works well against
M. persicae, A. gossypii, and especially P. humuli (LDgs = 0.32
ppm), but not against A. fabae (Elbert et al. 1998).
Cinnamaldehyde, extracted from cinnamon (Cinnamonum
zeylanicum), kills all aphids but also kills beneficial insects.
Parker (1913a) and Yepsen (1976) controlled aphids with
quassia, which kills P. humuli but not M. persicae.

Two synthetic insect growth hormones, buprofezin and
kinoprene, kill aphids. Deltamethrin, a synthetic pyrethroid,
kills aphids, especially when sprayed in small droplets rather
than large droplets (Thacker et al. 1995). Enhancing toxicity
by spraying small droplets may hold true for most insecti-
cides. Neem works poorly against aphids, and some aphids
areresistant to pyrethrum. Rotenone kills insects with chew-
ing mouthparts, not aphids. Smother overwintering eggs of
M. persicae and P. humuli by spraying neighbouring Prunus
species with dormant oil.

Winged aphids can be lured into traps baited with food
attractants. P. humuli, for instance, is lured by a mix of volatile
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oils distilled from Prunus and Humulus plants (Losel et al.
1996). Adding food attractants to sticky traps works well.

Winged sexuales (sexual aphids, the autumn migrants)
can be baited with sex pheromones, such as nepetalactol
(Losel et al. 1996). Sexuales can be mass-trapped to break
the reproductive cycle. P. humuli males can sense pheromones
6 m (20 ft} away from traps (Quarles 1999). Sex pheromones
do not attract nonsexual aphids, so pheromones have lim-
ited value against aphids infesting Cannabis during the spring
and summer (Howse et al. 1998). Sexual pheromones may
attract beneficial insects that attack aphids, such as Aphidius
matricarige, from surrounding areas (Quarles 1999).

Neve (1991) mixed an aphid alarm pheromone, (E)-3-
farnesene, with pesticides or biocontrols. Alarm pheromones
cause aphids to stop feeding and disperse across plants. Dis-
persal increases aphid contact with pesticides and
biocontrols, resulting in better aphid control. The alarm
pheromone is best applied with an electrostatic sprayer. (E)-
B-farnesene has not been tested on Cannabis crops, but it may
not work—Cannabis produces B-caryophyllene, another
terpenoid which inhibits the pheromone activity of (E)-f-
farnesene (Pickett et al. 1992).

WHITEFLIES

Whiteflies primarily cause problems in warm glass-
houses. They resemble tiny moths but are neither flies nor
moths. Whiteflies are related to aphids and leafhoppers. They
damage plants by sucking sap and vectoring plant viruses.
Three species of whiteflies infest Cannabis.

SIGNS & SYMPTOMS

Whiteflies produce few initial symptoms. This allows
their populations to build until you are suddenly engulfed
by a massive infestation. Whitefly symptoms resemble aphid
damage—plants lose vigour, leaves droop, turn yellow, wilt,
and sometimes die. Leaves become glazed with sticky hon-
eydew, followed by a sooty-coloured fungus which grows
on the honeydew. The adults congregate on undersides of
leaves, out of sight to the casual observer. But if you look
closely, the adults look like tiny specks of ash (Plate 13). When
infested plants are shaken, a billowing cloud of whiteflies
fills the air for several seconds before resettling.

Figure 4.14: Larva of sweetpotato whitefly, Bemisia
tabaci, seen with an SEM (courtesy USDA).

1. GREENHOUSE WHITEFLY
Trialeurodes vaporariorum (Westwood) 1856, Homoptera;
Aleyrodidae.

Description: Eggs are 0.2 mm long, pale yellow, oval or foot-
ball-shaped, with short stalks anchoring them to the leaf (Fig 4.16).
Sometimes they are laid in circles or semicircles, covered with dust
from the female’s wings. Eggs turn purple-grey to brown-black be-
fore hatching into tiny 0.3 mm long “crawlers.” These first-instar
larvae are almost transparent, oval in outline, nearly flat, and radi-
ate a halo of short waxy threads from their bodies. Subsequent instars
lose their legs and resemble immature scale insects, reaching 0.7 mm
in length. Late in the fourth stage, larvae change from transparent
to an off-white colour by secreting an extra layer of wax to pupate
within. Pupae project a halo of short wax threads from their pali-
sade-like perimetre (Fig 4.15). Several pairs of longer wax threads
may also arise from the top surface of pupae (Plate 15). Adult
whiteflies rarely measure over 1 mm in length. Their four wings are
off-white, have rounded contours, and are held flat over their abdo-
mens almost parallel to the leaf surface (Fig 4.15 & Plate 13). The
wings may become covered with a white dust or waxy powder.

Figure 4.15: Pupae and adults of 2 whitefly species.
A. Greenhouse whitefly, Trialeurodes vaporariorum;
B. Sweetpotato whitefly, Bemisia tabaci (McPartland
modified from Malais & Ravensberg 1992).

Life History & Host Range

Greenhouse whiteflies reproduce year-round. Females
lay >100 eggs, on undersides of leaves near the tops of plants,
often clustered in a circular pattern, anchored by short stalks
inserted into leaf stomates (Fig 4.16). Eggs hatch after seven
to ten days. First instar larvae crawl around plants search-
ing for suitable feeding sites. Once feeding begins, larvae
settle in one spot to suck sap, and eventually pupate. Larvae
take two to four weeks to reach adulthood, depending on
temperature. Adults live four to six weeks. In glasshouses
the generations often overlap, so all stages occur together.
The reproductive rate is dependent on temperature and host
plant. Optimal conditions for T. vaporariorum are 27°C and
75-80% RH. The pest infests growrooms around the world
(Frank & Rosenthal 1978, Frank 1988). It attacks a wide range
of glasshouse crops. T. vaporariorum vectors many plant vi-
ruses, including the hemp streak virus (Ceapoiu 1958).
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Figure 4.16: Female Trialeurodes vaporariorum laying
eggs in a circle (from Weber 1930).

2. SWEETPOTATO (TOBACCOQO) WHITEFLY
Bemisia tabaci (Gennadius) 1889, Homoptera; Aleyrodidae.

= Bemisia gossypiperda Misra & Lamba 1929
Description: Eggs are 0.2 mm long, white, oval, with short stalks
anchoring them to leaves. As eggs mature they turn yellow or amber.
Larvae are nearly colourless. Pupae have reddish-coloured eyespots,
their bodies are pale, marked by a caudal groove, and slightly pointed
in the rear (Figs 4.14 and 4.15). Margins of pupae taper to the leaf
surface, the margins lack a halo of short wax threads, and only a
few longer hairs project from top surfaces (Plate 16). Pupae grow an
anterior wedge of wax at tracheal folds (Fig 4.15, solid arrow), and a
posterior wax fringe which extends lateral to the caudal setae (Fig
4.15, hollow arrow). Adults are light beige to yellow, with longitu-
dinal striations and angled (not rounded) wing tips. Adults hold
wings close to their bodies, in a tent-like position over their abdo-
mens (Fig 4.15).

Life History & Host Range

Sweet potato whiteflies occur on Cannabis outdoors, in
southern Europe (Sorauer 1958), and Brazil (Flores 1958).
Outdoor populations overwinter as eggs. The pest also in-
fests glasshouses; indoor whiteflies reproduce year-round,
and have a life history similiar to that of T. vaporariorum, de-
scribed above. Females lay >100 eggs. Optimal temperatures
for B. tabaci are 30-33°C. The pest attacks many crops around
the world.

3. SILVERLEAF WHITEFLY

Bemisia argentifolii (Bellows & Perring) 1994, Homoptera;
Aleyrodidae.
= Bemista tabaci poinsettia strain or strain B

Description: B. tabaci and B. argentifolii show subtle morphological
differences—B. argentifolii pupae have narrower wedges of wax at
tracheal folds (dark arrow, Fig. 4.15), the posterior wax fringe does
not extend lateral to caudal setae (light arrow, Fig. 4.15), and they
have one less pair of dorsal hairs. The adults are slightly larger than
those of B. tabaci (Bellows et al. 1994).

Table 4.6: Infestation Severity Index for whiteflies.

Light any adults seen when plant is shaken

Moderate 5-10 adults/plant, seen on more than
one plant

Heavy 11-20 adults/plant, seen on many
plants

Critical > 20 adults/plant OR sooty mould and

leaf discoloration present
OR a few adults on all plants

Life History & Host Range

Silverleaf whiteflies have devastated growers in the
southern USA, outdoors and indoors. B. argentifolii appeared
in the USA around 1986. It was originally called the poinset-
tia strain of B. tabaci (so named because it first appeared in
Florida on poinsettia plants). Summer rains in the south-
eastern USA dampen the pest’s damage there, but it recently
arrived in southern California. It can feed on anything the
Imperial Valley has to offer, and is resistant to almost all
pesticides. Its life history is nearly identical to that of B. tabaci
(except B. argentifolii females lay 10% more eggs), and it pre-
fers the same temperatures, conditions, and host plants.

DIFFERENTIAL DIAGNOSIS

All Homopteran leaf damage looks similar, so symp-
toms caused by whiteflies can be confused with those of
aphids, scales, and hoppers. Immobile whitefly larvae may
be confused with immature scale insects.

Whiteflies are difficult to tell apart (Fig 4.15). Eggs of T.
vaporariorum are white and turn purple or brown before
hatching, while Bemisia eggs turn yellow. Pupae differ in
colour, hairiness, and the angle of their edges (edges of
Bemisia pupae taper at a 45° angle to the leaf surface, whereas
edges of T. vaporariorum pupae drop at 90° to the leaf sur-
face—like the edges of cookie dough cut with a cookie cut-
ter). T. vaporariorum adults are slightly larger and lighter col-
oured than Bemisia adults, and hold their wings differently.
B. tabaci and B. argentifolii are nearly identical, their mor-
phological differences are described above, under B.
argentifolii. The two species are reproductively isolated (they
cannot mate), genetically different (DNA sequences of the
two species are as different from each other as they are from
Trialeurodes species), and biologically distinct (B. argentifolii
is more fecund and produces more honeydew).

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Whiteflies are attracted to yellow objects, so use method
12b to remove many adults. Method 1 (sanitation) is always
important, especially indoors. Severely infested plants
should be rouged (method 10). Anecdotal reports claim that
air ionizers alleviate moderate whitefly infestations. Frank
(1988) sucked adults from undersides of leaves with a low-
powered vacuum cleaner, early in the morning when
whiteflies are cold and slow-moving. You can also shake
plants and suck the whiteflies out of the air. Vacuuming is
useful before rouging plants, otherwise you may leave be-
hind many flying adults. Outdoors, do not plant Cannabis
near eggplant, sweetpotato, tobacco or cotton crops. These
plants are whitefly magnets.

BIOLOGICAL CONTROL (see Chapter 10)

Early whitefly infestations are hard to detect, so grow-
ers with a history of problems should release biocontrols
before pests are seen. The best prophylactics are parasitic
wasps—Encarsia formosa, E. luteola, and Eretmocerus eremicus,
described below. Predators include Delphastus pusillus,
Geocoris punctipes, and Macrolophus caliginosus (described
below), pirate bugs (Or:us species, described under thrips),
Deraeocoris brevis (described under thrips), and green
lacewings and ladybeetles (described under aphids). Re-
searchers are evaluating two predaceous phytoseiid mites,
Euseius hibisci (from California, described under thrips) and
Euseius scutalis (from Morocco, not currently available).

Use combinations of parasitoids and predators. Heinz
& Nelson (1996) achieved better control of B. argentifolii by
releasing Encarsia formosa together with Delphastus pusillus
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Figure 4.17: Intertwining life cycles of the parasitic wasp Encarsia formosa and its host, Trialeurodes vaporariorum.
A. Normal life cycle of T. vaporariorum; B. Life cycle of E. formosa, beginning with egg insertion into 2nd instar nymph of
T. vaporariorum (McPartland modified from Malais & Ravensberg 1992).

than by releasing either biocontrol alone. D. pusillus feeds
on a few whiteflies containing young E. formosa larvae, but
as E. formosa larvae mature within their hosts, D. pusillus
avoids them.

Fungi are the microbial biocontrols of choice, because
they infect whiteflies through their skin (other microbials
such as viruses and bacteria must be eaten, which is unlikely
with sap-sucking insects). Choices include Verticillium lecanii,
Beauveria bassiana, Aschersonia aleyrodis, Paecilomyces
fumosoroseus (see below), and Metarhizium anisopliae (dis-
cussed under aphids). Whiteflies are repelled by Nasturtium
species (Israel 1981) and shoo-fly, Nicandra physalodes (Frank
1988). Cucumbers (Cucumis sativus L.) serve as trap crops
for B. tabaci (Hokkanen 1991).

Encarsia formosa

BIOLOGY: This wasp parasitoid does best in bright light,
50-80% RH, and temperatures between 18-28°C (optimally
24°C). E. formosa occurs throughout temperate regions of the
northern hemisphere, but was almost wiped out by DDT. It
has been raised for biocontrol since 1926 in England (van
Lenteren & Woets 1988).

APPEARANCE & DEVELOPMENT: Adults are tiny wasps,
0.5-0.7 mm long, with a black thorax and yellow abdomen
(Plate 14). Wasps lay eggs in whitefly larvae (second through
fourth instars) and sometimes pupae. Eggs hatch into mag-

gots which slowly devour their host. Parasitized T.
vaporariorum pupae turn black, making them easy to spot
(parasitized B. tabaci pupae turn amber brown). Encarsia
maggots moult into adults after 15-20 days and emerge from
carcasses, leaving behind an exit hole (Fig 4.17). They repro-
duce without mating; adult females live another 30 days and
lay up to 120 eggs. Females also directly kill larvae by feed-
ing on all instars (usually two or three per day), so this spe-
cies serves as both a parasitoid and a predator.

APPLICATION: Supplied as pupae in parasitized whitefly
larvae, attached to cards, usually 80-100 E. formosa per card
(Plate 86). Store a maximum of four days in a cool (8-10°C),
dark place. Hang cards horizontally, in shade near the bot-
toms of plants. The card surface with pupae should face
downward, to simulate the bottom of a leaf (although this is
not necessary). Recommendations for release rates are pre-
sented in Table 4.7.

NOTES: E. formosa works best against T. vaporariorum, less
so against B. tabaci/argentifolii. E. formosa works poorly in
heavy infestations, because the wasps spend more time clean-
ing honeydew from themselves than hunting whiteflies. Thus
E. formosa works best as a preventative. The percentage of
parasitized larvae (black larvae vs. uninfested white larvae)
can be monitored easily and should be >90% for effective
control. Dense leaf hairs covering Cannabis may interfere with
the wasp’s ability to locate prey. This problem also arises on
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Table 4.7: E. formosa release rate for control of glass-
house whiteflies.

ISI* NUMBER OF PREDATORS RELEASED PER PLANT
OR M2 OF GLASSHOUSE CROP**

Preventative  1-5 pupae per plant or 10 m-2 every
2 weeks
Light 20 m2 every 2 weeks until 80% of
whitefly larvae have turned black
Moderate 30 m-2 on trouble spots, 20 m2
elsewhere, then 10 m2 every 2 weeks
Heavy 50 m2 on trouble spots, 30 m2
elsewhere, then 20 m-2 every 2 weeks
Critical 100 m2 on trouble spots, 50 m2

elsewhere, then 20 m=2 every 2 weeks

* 181 = Infestation Severity Index of greenhouse whitefly, see
Table 4.6.

cucumbers. Cucumber breeders have reduced trichome den-
sity in new varieties, improving E. formosa effectiveness (van
Lenteren & Woets 1988). Bredemann et al. (1956) tried breed-
ing mutant Cannabis plants without trichomes, but their work
was abandoned.

E. formosa adults have a bad habit of flying into HID
lights and frying, which limits their use in growrooms. Yel-
low sticky traps may attract them. E. formosa is compatible
with green lacewings (Chrysoperla carnea), Delphastus pusillus,
and Eretmocerus eremicus. It is also compatible with Bt (used
against other pests). Most E. formosa strains tolerate some
pesticides (Table 10.1), including short-acting insecticides
(soap, horticultural oil, neem, kinoprene, fenoxycarb),
miticides (sulphur, abamectin), and fungicides
(chlorothalonil, iprodione, and metalaxyl). Pyriproxyfen, an
insect growth hormone useful against whiteflies, rarely
harms adult wasps, but it kills immature E. formosa inside
whitefly pupae.

Encarsia luteola (—Encarsia deserti)
This related species is being investigated for control of
B. argentifolii.

Eretmocerus eremicus

BIOLOGY: A wasp, sometimes called Eretmocerus nr
californicus, that parasitizes T. vaporariorum, B. tabaci, and B.
argentifolii. It is native to California and Arizona, and does
best in moderate humidity (optimally 40-60% RH), and tem-
peratures (optimally 20-35°C, but tolerates up to 45°C).

APPEARANCE: Adults are tiny, 0.8 mm long, with yel-
low-brown heads and bodies, green eyes, and short, clubbed
antennae. Eggs are translucent and brown before hatching.

DEVELOPMENT: Wasps lay eggs under sedentary
whitefly larvae. Eggs hatch and larvae chew into their hosts.
The hosts live long enough to pupate; infested pupae turn
an abnormal beige or yellow colour. The whitefly pupae die
and E. eremicus larvae pupate into adults within the cadav-
ers. Adults emerge via small, round exit holes. The life cycle
takes 17-20 days in optimal conditions. Adults mate and
female wasps live an additional ten to 20 days, laying up to
eight eggs per day. Females also host feed.

APPLICATION: Supplied as pupae within whitefly pu-
pae on paper cards, or pupae mixed with sawdust in bottles.

Store up to two or three days in a cool (8-10°C), dark place.
Scatter loose pupae on dry surfaces in direct sunlight.
Alternatively, place them in paper coffee cups with screened
bottoms and tape the cups to stalks or stakes. Disperse pu-
pae on cards the same way as E. formosa pupae. Do not al-
low them to get wet. Used preventively, release three females
per plant per week in moderately humid areas like the North-
east (Headrick et al. 1995); double the rate in hot, dry cli-
mates. Koppert (1998) suggested releasing nine wasps per
m?2 per week for moderate infestations, or switching to
Delphastus pusillus. Continue weekly releases until at least
75% of whitefly pupae are parasitized.

NOTES: E. eremicus works at higher temperatures than
E. formosa, tolerates pesticides better, and lays more eggs.
But E. eremicus harbours a greater attraction to yellow sticky
traps than E. formosa (Gill & Sanderson 1998). E. eremicus is
compatible with the same biocontrols as E. formosa.

Delphastus pusillus

BIOLOGY: A ladybeetle that preys on T. vaporariorum and
both Bemisia species. In the absence of whiteflies, it eats spi-
der mites and baby aphids. D. pusillus is native to Florida,
and does best in moderate humidity (70% RH) and moder-
ate to warm temperatures (19-32°C).

APPEARANCE & DEVELOPMENT: Adults are shiny black
and small, 1.3-2.0 mm long (Plate 15). Males have brown
heads, females are all black. Larvae are elongated, pale yel-
low, with a fuzzy fringe of hairs, 3 mm long. They pupate
on lower leaves or in leaf litter. Eggs are clear, elongate, 0.2
mm long, and laid on leaves alongside whitefly eggs. The
life cycle takes 21 days at an optimal 25-30°C. Adults live
another 30 to 60 days. Females lay three to four eggs a day,
for a total of about 75 eggs. The adults are voracious—they
devour as many as 10,000 whitefly eggs or 700 larvae. Lar-
vae also consume whitefly eggs (up to 1000 during devel-
opment) and larvae.

APPLICATION: Supplied as adults in bottles or tubes.
Store up to four days in a cool (8~10°C), dark place. At the
first sign of whiteflies, release one or two beetles per m?,
repeating every two weeks. For moderate infestations,
double the release rate and repeat weekly.

NOTES: D. pusillus works best in moderate outbreaks.
At low whitefly densities the beetles stop reproducing and
disperse (to thwart dispersal, see strategies outlined under
Hippodamia convergens in the aphid section). In heavy
infestations D. pusillus bogs down in heavy honeydew. It
moves poorly across hairy tomato leaves—and may find
hairy Cannabis leaves equally disagreeable. D. pusillus avoids
eating whitefly larvae obviously parasitized by Encarsia or
Eretmocerus, making these biocontrols compatible (Heinz &
Nelson 1996). D. pusillus can also be released with green
lacewings (Chrysoperla carnea).

Geocoris punctipes “Big-eyed bug”

BIOLOGY: A lygaeid bug that preys on whitefly larvae
and adults, aphids, spider mites and their eggs, and Heliothis
eggs and young larvae (Hill 1994). G. punctipes is native to
the southern USA and Mexico. It does best in moderate hu-
midity and temperatures. Nymphs and adults prey on pests.

APPEARANCE & DEVELOPMENT: Adults have large,
bulging eyes and somewhat flattened brown bodies covered
with black specks, 3-4 mm long (Fig 4.39 & Plate 16).
Nymphs look similar but without wings. Eggs are grey with
a tiny red spot appearing shortly after being laid. Under
optimal conditions, the life cycle takes about 30 days.

APPLICATION: In cases of mixed infestations, G.
punctipes will eat the largest pests first. So even if the
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predators are surrounded by millions of tiny whitefly larvae,
they would rather eat a plump, young budworm. G. punctipes
is compatible with Bt but not broad-spectrum insecticides.

Macrolophus caliginosus

BIOLOGY: A mirid bug that preys on T. vaporariorum, B.
tabaci, and B. argentifolii. In the absence of whiteflies it eats
aphids, spider mites, moth eggs, and thrips. M. caliginosus
works best on solanaceous crops; it survives on plant sap in
the absence of prey.

APPEARANCE: Adults are light green bugs, 6 mm long,
with long antennae and legs.

DEVELOPMENT: Nymphs and adults attack all whitefly
stages but prefer eggs and larvae, which they pierce to suck
out body fluids. M. caliginosus may feed on 30-40 whitefly
eggs a day. The entire life cycle takes about a month. Each
female lays about 250 eggs, inserted into plant tissue.

APPLICATION: Supplied as adults or adults and nymphs
in bottles. Store one or two days in a cool (8-10°C), dark
place. Gently sprinkle onto infested leaves. For light infestations,
release five M. caliginosus per m?; for heavy infestations,
release 10 per m? and repeat the release two weeks later.

NOTES: M. caliginosus is compatible with E. formosa and
D. pusillus. Avoid insecticides while utilizing this control (espe-
cially pirimicarb). In the absence of prey, large populations of M.
caliginosus may suck enough plant sap to cause crop damage.

Verticillium (Cephalosporium) lecanii

BIOLOGY: A cosmopolitan fungus that parasitizes aphids
(Vertalec®) and whiteflies (Mycotal®). Other strains infect
scales, mealybugs, thrips, beetles, flies, and eriophyid mites.
V. lecanii does best in moderate temperatures (18-28°C), and
prefers high humidity (>80% RH) for at least ten to 12 hours
per day.

APPEARANCE & DEVELOPMENT: Spores germinate and
directly penetrate the insect cuticle. After infection the fungus
takes four to 14 days to kill the pest. Under ideal conditions,
dead insects sprout a white fluff of conidiophores bearing
slimy, single-celled conidia. Slime facilitates the adhesion of
conidia to passing insects. Blastospores are yeast-like spores
produced within cadavers and mass-produced in liquid
media fermenters.

APPLICATION: Supplied as a wettable powder
containing 1010 blastospores per g. Store in original,
unopened package for up to six months at 2-6°C. Spores
germinate best if soaked in water (15-20°C) for two to four
hours prior to spraying. Spray around sunset—dew and
darkness facilitate spore germination. Be certain to spray
undersides of leaves. Keep the spray tank agitated. The
manufacturer recommends spraying a 500 g container of
spores over 2000 m? of crop area (density and height of plants
not specified).

NOTES: V. lecanii works best as a short-lived agent to
knock down heavy populations of pests, allowing E. formosa
or other biocontrols to take over. Hussey & Scopes (1985)
claim a single spray of Mycotal® will control greenhouse
whiteflies for at least two or three months. But optimal spore
germination requires high humidity for 24 hours. Thus V.
lecanii cannot be sprayed when plants are flowering and sus-
ceptible to grey mould. Encarsia formosa can be used with V.
lecanii, but is slightly susceptible to the fungus at high humid-
ity levels. Most other biocontrol organisms are unharmed.

Beauveria bassiana

BIOLOGY: A fungus with a very wide host range, includ-
ing sap-sucking insects (whiteflies, aphids, thrips,
planthoppers, bugs, mites) and chewing insects (grasshop-

pers, beetles, termites, ants, European corn borers). B. bassiana
lives worldwide. Several strains are available. The GHA
strain (BotaniGard ES®, Mycotrol®, ESC 170®) is registered
for use against whiteflies, thrips, aphids, and mealybugs. The
ATCC 74040 strain, also known as the JW-1 strain (Naturalis®)
is registered against the aforementioned insects, beetles, and
other soft-bodied insects. The Bb-147 strain (Ostrinil®) is reg-
istered against European corn borers. Uncharacterized prod-
ucts include Ago Bio Bassiana® and Boverin®. B. bassiana does
best in high humidity (> 92% RH) and a range of tempera-
tures, 8-35°C, optimally 20-30°C.

APPEARANCE & DEVELOPMENT: Spores germinate and
directly infect insects on contact, and kill them in two to ten
days. Under optimal conditions, insect cadavers sprout white
whorls of conidiophores, which bear globose conidia in
zigzag formations (Plate 17). Both conidia and yeast-like
blastospores are mass-produced in liquid media fermenters.

APPLICATION: B. bassiana is supplied as blastospores or
conidia in emulsified vegetable oil or water-disbursable gran-
ules. Store up to two years in a cool (8-10°C), dark place.
Spores are mixed with water and a wetting agent, then
sprayed on all surfaces of pest-infested plants. Some strains
have three to seven days of residual activity before reappli-
cation becomes necessary. Cherim (1998) described B. bassiana
causing some phytotoxicity in vegetable crops, but Rosenthal
(1999) reported excellent success with Cannabis crops.

NOTES: Beauveria spores are sticky and they infect pests
that brush against them; the spores do not have to be eaten
to be infective. Beauveria species are not as deadly as V. lecanii.
Nor are they as selective—Beauveria species kill ladybeetles,
green lacewings, and other soft bodied predators. Effective-
ness of B. bassiana depends on what pests are eating; accord-
ing to Leslie (1994), pests eating plants with antifungal com-
pounds (such as Cannabis) become somewhat resistant to
Beauveria species. The fungus persists in soil, but organic
material hinders survival, and nitrogen fertilizer kills it
(Leslie 1994). The fungus may persist as an endophyte in
some plants (see the section on endophytes in Chapter 5).
Some people develop allergic reactions to Beauveria after
repeated exposure (Hajek 1993).

Aschersonia aleyrodis

BIOLOGY: A subtropical fungus that parasitizes whitefly
larvae (T. vaporariorum) and some scales. A. aleyrodies rapidly
infects young larvae under conditions of high humidity. The
fungus does best in high humidity and warm temperatures—
conditions found in vegetative propagation (cloning)
chambers and warm glasshouses. In the USA, A. aleyrodis
was commercially available in the early 1900s until it was
replaced by insecticides; now it is back (Gillespie &
Moorhouse 1989).

APPEARANCE & DEVELOPMENT: A. aleyrodis covers T.
vaporariorum cadavers with a slimy orange stroma, which
contains pycnidia with phialidic conidiophores and hyaline,
fusiform conidia. The teleomorph is an Hypocrella species.

APPLICATION: Supplied as conidia on solid media.
Hussey & Scopes (1985) report a dose of 2 x 108 A. aleyrodis
conidia per plant killed 75% of whiteflies, and did not infect
the whitefly parasitoid Encarsia formosa.

Paecilomyces fumosoroseus (=P. farinosus)

BIOLOGY: A fungus that parasitizes whiteflies, including
B. argentifolii. Some strains also kill spider mites, aphids,
thrips, and mealybugs. P. fumosoroseus is native to semitropi-
cal areas and is used in the Philippines (PreFeRal®), Florida
(PFR-979), and in warm glasshouses in Europe (optimal con-
ditions > 68% RH, 22-33°C).
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APPEARANCE & DEVELOPMENT: Sprayed spores infect
whiteflies and begin killing them in four or five days. In hu-
mid microclimates, cadavers sprout hundreds of synnemata
(bundles of conidiophores), which bear single-celled conidia.

NOTES: P. fumosoroseus produces conidia in solid culture,
and yeast-like blastospores when cultivated in liquid fermen-
tation tanks. Blastospores germinate faster than conidia. They
have been added to mist irrigation systems in greenhouses.
P. fumosoroseus is compatible with other fungi and with preda-
tory mites; the fungus sometimes kills ladybeetles.

CHEMICAL CONTROL (see Chapter 11)

Heavy whitefly infestations may require chemical con-
trol before biocontrol organisms can take over. Direct all sprays
at undersides of leaves. Small plants in pots can be dipped in
spray solutions. Three or four applications (at weekly inter-
vals) kill whiteflies emerging from eggs that escaped initial
applications.

Bentz & Neal (1995) tested a sucrose ester extracted from
Nicotiana gossei, a species of tobacco. A 0.1% spray of the es-
ter killed nymphs of T. vaporariorum while sparing many E.
formosa wasps, so the spray and the biocontrol were compat-
ible together. Liu & Stansly (1995) compared five sprays
against B. argentifolii in greenhouses: 96% of adults were killed
by 2% Sunspray® Ultra-Fine horticultural oil, 68% were killed
by bifenthrin (a pyrethroid), 26% by N. gossei sucrose ester,
and 12% by M-Pede® insecticidal soap. After sprays dried
on leaves, mortality from horticultural oil and bifenthrin
actually increased, whereas N. gossei ester stayed the same,
and soap lost all activity upon drying. Mortality against
nymphs was not tested. In terms of repellency, bifenthrin
was best (egg-laying adults were repelled for seven days),

followed by horticultural oil (five days), soap and N. gossei
(one day), and garlic spray (four hours).

Neem mimics whitefly growth hormones and effectively
kills whitefly nymphs; it does not affect D. pusillus but may
harm Encarsia species (Mordue & Blackwell 1993). Two syn-
thetic insect growth hormones, kinoprene and fenoxycarb,
also kill whitefly nymphs. The Rodale crowd recommends
ryania (Yepsen 1976). For severe infestations, nicotine and
pyrethrum kill more whiteflies, but also kill more biocontrols.
A new chlorinated derivative of nicotine, imidacloprid,
works very well against whiteflies. Biocontrol mortality can
be reduced by shaking plants and then spraying whiteflies
while they hover in the air.

EUROPEAN CORN BORERS

These pests have “a-maize-ing” appetites. European
corn borers (hereafter “ECBs”) have been recorded on 230
different hosts, basically any herbaceous plant with a stalk
large enough to bore into. ECBs are native to eastern Eu-
rope, where hemp and hops served as original host plants.
ECBs switched to corn after the introduction of maize into
Europe (Nagy 1976, 1986). Nagy (1976) described ECB strains
in Hungary which prefer Cannabis over maize, with hemp
losses as high as 80-100% (Camprag et al. 1996). A Japanese
strain also prefers Cannabis to corn (Koo 1940). ECBs were
accidentally introduced into Boston about 1908. They have
migrated across much of the USA and Canada. Another
population was introduced into California via a cargo of Eu-
ropean hemp (Mackie 1918). ECBs ruined wartime hemp in
Illinois (Hackleman & Domingo 1943). ECBs attack both fe-

Figure 4.18: Approximate distribution of the European corn borer in the USA and Canada, circa 1997. Overlapping areas,
such as Kansas, containing overlapping populations; some Kansas ECBs may produce 2 generations per year, some may
produce 3 generations per year (McPartland update of Showers et al. 1983).
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ral hemp and cultivated marijuana all over the midwestern
corn belt (Bush Doctor 1987b). Today, only southern Florida,
northern Canada, and sections of the western USA have yet
to be invaded (Fig 4.18).

SIGNS & SYMPTOMS

Young larvae (caterpillars) eat leaves until half-grown
(through the third instar). ECB larvae then bore into small
branches. Their bore holes extrude a slimy mix of sawdust
and frass. Bore holes predispose plants to fungal infection
by Macrophomina phaseolina (McPartland 1996) and Fusarium
species (Grigoryev 1998). Within one or two weeks of bor-
ing into small branches, ECBs tunnel into main branches and
stalks (Nagy 1959). Their tunnels may cut xylem and cause
wilting. Stalks at tunnel sites may swell into galls, which are
structurally weak, causing stalks to snap (Plate 18). Snapped
galls spoil the fibre and prevent seed formation. Ceapoiu
(1958) and Nagy (1959) photographed badly infested hemp
fields, showing half the plants toppled at odd angles. Top-
pled plants become tangled in harvest machinery, with yield
losses up to 50% (Grigoryev 1998). According to Emchuck
(1937), five to 12 ECBs can destroy a hemp plant.

ECB larvae born in late summer or autumn will change
tactics—instead of boring into stems, they infest flowering
tops, wherein they spin webs and scatter faeces. They selec-
tively feed on female flowers and immature seeds. Camprag
et al. (1996) reported seed losses of 40%.

TAXONOMY & DESCRIPTION
Ostrinia nubilalis (Hubner) 1796, Lepidoptera; Pyralidae.

= Pyraustra nubilalis Hiibner, = Botys silacealis Hibner 1796
Description: Eggs are less than 1 mm long. Just before hatching,
the brown heads of larvae become visible within the creamy white
eggs. Caterpillars are light brown with dark brown heads (Plate
18). Along the length of their bodies are found several rows of brown
spot-like plates, each sprouting setae. Mature caterpillars may grow
to 15-25 mm long. They spin flimsy cocoons and transform into
reddish-brown torpedo-shaped pupae, 10-20 mm long. Female
moths are beige to dusky yellow, with irregular olive-brown bands
running in wavy lines across their 25 mm wingspan (Plate 19). Males
are slightly smaller and darker, also with olive-brown markings on
their wings. Eggs are laid on undersides of leaves, stems, or crop
stubble. They are laid in groups of 15-50, with the masses measur-
ing 4-5 mm in diametre. Young eggs are translucent and overlap
like fish scales (Plate 20); with age they fill out (Fig 4.19).

Prior to 1850, scientific authors preferred the taxon siacealis to
nubilalis, different names for the same species. Another ECB spe-
cies, Ostrinia scapulalis Walker 1859, reportedly infests Ukrainian
hemp and does not attack maize (Forolov 1981). O. scapulalis larvae
and female moths look identical to O. nubilalis. Male O. scapulalis
moths exhibit large, wide tibiae; this morphological feature sepa-
rates the species from O. nubilalis (Forolov 1981).

Life History & Host Range

Mature larvae overwinter in crop stubble near the soil
line. Springtime feeding begins when temperatures exceed
10°C. Larvae pupate for two weeks and then emerge as
moths in late May (or June, or even August in Canada and
northern Europe). Females are strong night flyers, seeking
out host plants to lay eggs. They lay up to 500 eggs in 25
days (Deay 1950). Eggs are deposited on lower leaves of the
most mature (i.e., earliest planted) hosts. Artemisia vulgaris
is a common weed host (Grigoryev 1998). Eggs of first-gen-
eration ECBs hatch in a week or less.

Larvae feed for about three weeks, then spin cocoons
and pupate. Moths emerge, mate, and repeat the life cycle.
A hard freeze late in the year kills all but the most mature
larvae (those in their fifth instar). In Russia, ECBs live as far
north as 56° latitude (Grigoryev 1998). One to four genera-
tions of O. nubilalis arise each year, depending on latitude

and local weather (Fig 4.18). In western Europe only one
generation arises north of about 45° latitude. Young (1997)
predicts global warming will expand the range of ECBs, so
two generations may arise as far north as 52° latitude. Sum-
mers with high humidity and little wind favour egg-laying,
egg survival, and larval survival.

DIFFERENTIAL DIAGNOSIS

ECBs must be differentiated from hemp borers
(Grapholita delineana), see Fig 4.22. Nagy (1959) reported that
91% of ECB galls are located in the lower three-quarters of
Cannabis plants, while hemp borers tend to infest the upper
thirds of plants (Nagy 1967). ECBs make longer tunnels than
hemp borers (Miller 1982). The grubs of weevils, curculios,
and other assorted beetles bore into stems and may be mis-
taken for ECB larvae. Gall midges cause small galls in small
branches and male flowers.

Figure 4.19: Egg mass of O. nubilasis (from Senchenko &
Timonina 1978).

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Method 1 (sanitation) was written with ECBs in mind.
Also apply methods 2a (deep ploughing), 3 (weeding, espe-
cially Artemisia), 4 (planting late in the spring), 6 (crop rota-
tion with red clover, Trifolium pratense), 7a (proper moisture
levels), 9 (hand removal), and 12d (mechanical light traps).
Virovets & Lepskaya (1983) cited Ukrainian cultivars with
resistance to O. nubilalis. Grigoryev (1998) found highest re-
sistance to O. nubilalis in some Ukraine cultivars ('USO-27,’
‘US0O-25’), and landraces from Italy (‘Carmagnola’), France
(‘Chenevis’), and Yugoslavia (‘Domaca Province’). Cultivars
with less resistance included ‘USO-14,” ‘'USO-12,” ‘Yellow
Stem,” and “Uniko B.

Grigoryev (1998) reported less infestation in dense hemp
fields (4-5 million plants per ha) than in sparse plantings
(500,000 plants per ha). Crops cultivated in organically-
managed soils suffer less ECB problems than crops cultivated
with conventional fertilizers (Phelan et al. 1996). Avoid
planting Cannabis near maize fields. Cover glasshouse vents
with screens and extinguish lights at night to exclude light-
attracted moths.

BIOCONTROL (see Chapter 10)

The most successful parasitoids are Trichogramma spe-
cies, described below. Research on ECB parasitoids began
around 1886 in French hemp fields (Lesne 1920). The USDA
has introduced over 20 species of ECB parasitoids into the
USA. Only a few became established, such as the tachnid fly
Lydella thompsonii (described below), and the braconid wasps
Meteorus nigricollis and Macrocentrus grandii.

Several predators feed on ECB eggs, such as green
lacewings (described under aphids) and pirate bugs (Orius
species, described under thrips). Yepsen (1976) claimed that
ladybeetles eat up to 60 ECB eggs a day. Podisus maculiventris
preys on young ECB larvae (described in the section on leaf-
eating caterpillars).
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Bacillus thuringiensis (Bt) is the best microbial pesticide,
described below. The fungus Beauveria bassiana (described
under whiteflies) is lethal to first-instar ECB larvae (Feng et
al. 1985). B. bassiana is widely employed in China for control
of ECBs (Samson et al. 1988). B. bassiana strain 147 (Ostrinil®)
is registered for control of ECBs in France. The fungus also
survives as an endophyte in some plants; maize plants in-
oculated with B. bassiana were protected against ECBs tun-
nelling within stalks. Kolotlina (1987) killed ECB larvae in
hemp fields with a mix of B. bassiana and B. globulifera.

Nosema pyrausta, a naturally-occurring control agent, is
described below. Don Jackson of Nature’s Control (pers.
commun. 1997) suggested killing ECBs with beneficial
nematodes such as Steinernema carpocapsae (described under
cutworms). Inject the nematodes directly into stalks.

Figure 4.20: Life cycle of Trichogramma minutum.

A. Female wasp laying egg within caterpillar egg,

B. View of egg within egg, C. Larva feeding within egg,

D. Pupal stage, E. emerging adult, F. Adult male with open
wings, G. Adult female with closed wings (McPartland
redrawn from Davidson & Peairs 1966).

Trichogramma species

BIOLOGY: At least 20 Trichogramma species have been
mass-reared for field use. They efficiently kill ECB eggs, before
the pests can damage crops. The eight most popular species
are described below. Most Trichogramma wasps work best at
20-29°C (range 9-36°C) and 40-60% RH (range 25-70% RH).
Species of a related genus, Trichogramatoidea, also provide
biocontrol against caterpillars.

APPEARANCE & DEVELOPMENT: Adults are very tiny,
0.3-1.0 mm long, with a black thorax, yellow abdomen, red
eyes, and short antennae (Plate 20). Females lay eggs in up
to 200 pest eggs, which turn black when parasitized. Larvae
pupate within pest eggs and emerge as adults in eight days
(Fig 4.20), adults live another ten days.

APPLICATION: There are two application approaches, in-
oculation or inundation (described in Chapter 10). The
inoculation approach often fails, because the wasps do not
become established. The inundation approach requires the
release of wasps when ECB moths lay eggs. Because wasps
can only parasitize young eggs (one to three days old), and
ECB moths lay eggs for several weeks, repeated inundations
become necessary.

Trichogramma species are supplied as pupae within
parasitized eggs, attached to cards made of cardboard, pa-
per, bamboo, or within gelatine capsules. Store for up to a
week in a cool (6-12°C), dark place. Cold-hardy species may
tolerate longer storage. Avoid releasing in cold, rainy, or
windy conditions. If inclement weather cannot be avoided,
the rate and frequency of releases must be adjusted upward
(Smith 1996). The wasps cannot fly against winds stronger
than 7 km h 1, which blow them out of release fields (Bigler
etal. 1997). Trichogramma pupae can be manually distributed
by hanging cards from plants in warm, humid places out of
direct sunlight. This approach takes about 30 minutes per
ha (Smith 1996). Watch out for ants, which eat the pupae. In
the presence of ants, place pupae in small cartons fitted with
protective screening, then attach cartons to plants. For a
large-scale approach, attach Trichogramma pupae to carriers
such as bran, and broadcast them from tractors or airplanes.
Pupae and carriers can be coated with acrylamide sticky gel
so they adhere to plant surfaces.

According to Orr & Suh (2000), Trichogramma product
support in Europe is superior to that in the USA. European
suppliers maintain rigid quality control procedures, and ship
their products by overnight delivery in refrigerated trucks
or in containers with ice packs. Furthermore, European sup-
pliers provide their customers with extensive technical in-
formation, and even monitor temperature data and ECB
populations in areas where Trichogramma releases take place.
Customers are informed in advance of product delivery and
release dates. In contrast, nearly 50% of USA companies
shipped dead biocontrols or Trichogramma species other than
that which was claimed, shipped products in padded enve-
lopes by standard “snail mail,” and provided little or no
product information or instructions (Orr & Suh 2000).

NOTES: Trichogramma species are compatible with Bt and
NPV. Avoid insecticides while utilizing the wasps.
Trichogramma wasps search for eggs by walking across leaf
surfaces, so leaf trichomes slow them down. On tomato
leaves, the wasps get entangled in trichome exudates and
die, especially if exudates contain methyl ketones (Kashyap
et al. 1991). It is worth mentioning that Cannabis trichomes
exude methyl ketones (Turner et al. 1980), and probably
hinder Trichogramma wasps. Bredemann et al. (1956) at-
tempted to breed Cannabis plants without trichomes, but
their work was discontinued. Trichogramma wasps live longer
and lay more eggs if provided with food (e.g., wild flowers
with nectaries, see Chapter 9, method 14).

Different Trichogramma species vary in their effective-
ness against different pests. Some species work best against
ECBs, other work best against budworms. The relative
effectiveness of different Trichogramma species against ECBs
is described below.

T. evanescens This is a cold-hardy European species,
with popular strains from Moldavia and Germany. Adults
are weak fliers and usually move less than 3 m from release
sites. Li (1994) tested 20 Trichogramma species, and judged Ti
evanescens the second-most effective control of ECBs (behind
only T. dendrolini). At the first sight of moths in the glass-
house, release ten pupae per m2. T. evanescens can be re-
leased at wider intervals than other Trichogramma species—
every one to three weeks, using 200,000-300,000 wasps per
ha (Smith 1996).

T. pretiosum & T. minutum These polyphagous species
parasitize the eggs of many Lepidoptera. Mixtures of both
species are available. Clarke (unpublished research, 1996)
used a combination of T. pretiosum, T. minutum, and T.
evanescens for best control in Dutch glasshouses. T. pretiosum
works best on plants under 1.5 m tall, while T. minutum pro-
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tects taller plants. Neither species is very cold-hardy. Ac-
cording to Losey & Calvin (1995), T. pretiosum parasitized
ECB eggs better than T. minutum, but both were inferior to
T. nubilalis. Nevertheless, Marin (1979) used T. minutum to
protect 12,500 ha of Soviet hemp. Marin released T. minutum
from an airplane; release rates were not given. Camprag et
al. (1996) released 75,000-100,000 wasps per ha, and repeated
the release a week later. Wasps were released from 50-60
locations per ha. Tkalich (1967) required 120,000-150,000
wasps per ha, released when oviposition began, and released
again when oviposition peaked.

T. brassicae (=maidis) This cold-hardy species is sus-
ceptible to mechanical injury, so wasp pupae shipped on
paper cards often die before release. French researchers im-
proved survival rates by gluing pupae to the inner wall of
capsules (Trichocaps®). This formulation makes handling
easier, with less wasp mortality. It has made T. brassicae the
favorite biocontrol of ECBs in Europe. In maize, release
200,000 wasps (400 capsules) per ha per week, whenever sig-
nificant numbers of ECB moths are caught in traps or seen
laying eggs. Depending on the number of ECB generations
per season, the number of required releases ranges from one
{Orr & Suh 2000) to four to nine (Smith 1996). Bigler et al.
{1997) found that T. brassicae heavily parasitized ECB eggs
within 8 m of each release site.

T. ostriniae & T. dendrolimi These species have been
introduced from China. T. dendrolini is cold-hardy, T. ostriniae
is not (T. ostriniae cannot survive winters in Vermont). Re-
lease rates and intervals are similar to those of T. brassicae. In
maize, T. ostrinige prefers to parasitize eggs found in the
lower and middle parts of plants—not flowering tops (Wang
et al. 1997). Li (1994) judged T. dendrolimi the most effective
Trichogramma control of ECBs, out of 20 tested species. Ad-
ditionally, T. dendrolimi is polyphagous, so in the absence of
ECBs it will parasitize other caterpillars.

T. nubilale This species is native to North America and
readily parasitizes O. nubilalis. Losey & Calvin (1995) re-
ported best results with T. nubilale against ECB in maize.
According to others, however, T. nubilale may not reduce ECB
populations consistently (Andow et al. 1995); T. nubilale was
15% less effective than T. ostrinia. Simultaneous release of
the two species produced worse control—so T. nubilale and
T. ostrinia should not be used together.

T. platneri is native to the USA west of the Rockies. It
has been used in orchards and vineyards. According to

Figure 4.21: Xylem vessel colonized by Clavibacter xyli, a
bioengineered Bt carrier (SEM x1000, McPartland).

Thomson (1992), it is not compatible with T. minutum, an
East Coast species. Losey & Calvin (1995) reported poor re-
sults against ECB in maize.

Bacillus thuringiensis ”Bt”

BIOLOGY: The Bt bacterium was described by Louis Pas-
teur in the 1860s (Flexner & Belnavis 2000), but Bt was not
field-tested against pests until the 1920s (the first trials were
against ECBs). Bt is actually a family of bacteria—at least 35
varieties of Bt produce at least 140 types of toxins.

The active agent in Bt is a spore toxin, which exists in
the bacterium as a nontoxic crystalline protein (8-endotoxin).
The endotoxin does not become toxic until the protein is dis-
solved by proteinases in the gut of certain insects. The acti-
vated toxin binds to cell membranes in the gut. Part of the
toxin forms an ion channel in the cell membrane, causing
selective cell leakage of Na* and K+, resulting in cell lysis.

Bacterial plasmids that encode toxin production (cry
genes) have been classified by amino acid homology. Gener-
ally, Cryl, Cry2, and Cry9 toxins are active against lepidop-
teran caterpillars (formerly grouped as Cryl), Cry3, Cry7,
and Cry8 toxins kill beetle grubs (formerly grouped as
Crylll), and Cry4, Cry10, and Cryl1 toxins kill fly maggots
(formerly grouped as CrylV).

APPEARANCE & DEVELOPMENT: After eating Bt, insects
stop feeding within the hour. They become flaccid, and a
foul-smelling fluid (liquefied digestive organs) trickles from
their mouths and anuses. They shrivel, blacken, and die in
several days (Plate 21). Dead insects can be found hanging
from leaves. Unfortunately, Bt bacteria rarely multiply in pest
populations; they must regularly be reapplied.

APPLICATION: Bt is formulated as a dust, granule, sand
granule, wettable powder, emulsifiable concentrate, flowable
concentrate, and liquid concentrate. Commercial products
do not contain viable bacteria. Most Bt formulations contain
the toxin and spore, but some contain only the toxin. Store
powders in a cool, dry place. Store liquid formulations in a
refrigerator, for a maximum of one year. Immediately before
spraying, mix with slightly acidic water (pH 4-7). For better
results add a spreader-sticker and UV inhibitor. For best re-
sults add a feeding stimulant (Entice®, Konsume®, Pheast®).
Spray all foliage uniformly and completely.

Bt works best against young, small larvae—so spray at
the first sign of caterpillar hatchout or crop damage. Bt on
foliage is degraded by UV light within one to three days, so
spray outdoors in late afternoon or on cloudy (not rainy)
days. Repeat application at least weekly while pests are out
and about. Spraying Bt every ten to 14 days prevents ECB
infestations, although surface sprays will not kill ECBs already
inside stalks. Frank (1988) used a large-bore syringe to inject
Bt into stalk galls.

Bt variety kurstaki is the most popular Bt, on the mar-
ket since 1961. Over 100 products contain Bt-k, largely de-
rived from the HD-1 strain. Popular trade names include
Agrobac®, Biobit®, BMP 123®, Condor®, Cutlass®, DiPel®,
Full-Bac®, and Javelin®. Bt-k kills caterpillars, including ECBs,
hemp borers, and budworms. Genetic engineers have trans-
ferred the Bt-k toxin gene CrylA(b) to Pseudomonas florscens.
This bacterium has a thick wall, so the P. florscens product is
marketed as “microencapsulated” (M-Trak® MVP II®, M-
Peril®, Mattch®). Microencapsulation protects the toxin from
UV light, so the toxin remains effective on plant surfaces for
up to eight days (or two to four times longer than regular Bt-
k). Bt-k genes have also been inserted into a bacterium,
Clavibacter xyli, which lives in plant xylem (Fig 4.21). Inocu-
late seeds with C. xyli, or hand-vaccinate plants to treat ECBs
already inside stalks.
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Bt variety aizawai (Bt-a, XenTari®, Agree®, Design®) is
a new Bt that kills armyworms, budworms, and some bor-
ers. Bt-a contains a different endotoxin, so it is more effec-
tive against Spodoptera species and insects that have devel-
oped resistance to Bt-k. Some products contain a
transconjugated combination of Bt-a and Bt-k (Mattch®).

Bt variety morrisoni (Bt-m), the latest Bt, being mar-
keted for use against lepidopterae with high gut pHs, such
as armyworms and cabbage loopers.

NOTES: Bt toxin is normally harmless to plants and ben-
eficial insects, though some people may develop allergic
reactions. The Bt toxin is safely pyrolysed. Unfortunately,
heavy reliance on Bt has created Bt-resistant caterpillars,
which first appeared around 1985 (Gould 1991).

The work of genetic engineers may accelerate resistance.
Bioengineers have transferred Bt genes to crop plants. Every
cell in these transgenic plants produces its own cache of Bt—
the equivalent of a permanent systemic insecticide. This input
trait creates constant, global pressure for the selection of
resistant pests. Organic farmers, who have relied on Bt for
decades, may lose their best weapon against caterpillars. To
delay the evolution of Bt-resistant pests, farmers who plant
Bt crops are required to plant a percentage of their acreage
in non-Bt crops. The idea behind this “refuge” strategy is
that Bt-resistant pests arising in transgenic Bt-corn will mate
with Bt-susceptible pests from neighbouring nontransgenic
crops. Assuming Bt resistance is recessive, and assuming
susceptible adults are homozygous, the offspring of these
matings should continue to be susceptible to Bt. The prob-
lems with this strategy, however, are multifarious. The cor-
rect size of “refuges” has not been determined. The spatial
proximity of transgenic plants to nontoxic plants is critical—
close enough to allow mating between resistant and
nonresistant moths, but far enough apart to prevent the
migration of larvae from transgenic plants to nontoxic plants.
Convincing farmers to create pest havens (aka, refuges) may
be difficult, and there is no enforcement mechanism. Fur-
thermore, the basic premise may be flawed: Bt resistance in
ECBs may not be recessive (Huang et al. 1999). Pests have
alread appeared with resistance to Bt-transgenic plants
(Gould 1998).

To complicate the situation, transgenic Bt is expressed
in a modified, truncated form. Hilbeck et al. (1998)
demonstrated that truncated Bt may harm predators, such
as lacewings (Chrysoperla carnea) that eat Bt-consuming ECBs.
The effects of transgenic Bt upon nontarget organisms cannot
be predicted; pollen from Bt-corn, for instance, contains
enough Bt to kill larvae of the monarch butterfly, Danaus
plexippus. Bt-toxic corn pollen blows onto milkweed plants
(Asclepias curassavica) within 60 m of corn fields; caterpillars
that eat pollen-dusted milkweed plants stop feeding and die
(Losey et al. 1999).

Lydella thompsonii

BIOLOGY: This tachinid fly is native to Europe. The
USDA released L. thompsonii in the USA between 1920 and
1938. It became firmly established and now can be found
from New York to South Carolina and west to the corn belt.
L. thompsonii parasitizes up to 75% of ECBs in the midwest
(Hoffmann & Frodsham 1993).

APPEARANCE & DEVELOPMENT: L. thompsonit' adults re-
semble large, bristly houseflies. Female flies run up and down
hemp stalks, looking for ECB entrance holes. Females de-
posit living larvae, which wriggle into entrance holes. The
maggots bite ECBs and bore into them (Mahr 1997). Mature
maggots leave dead ECB larvae to pupate within stalks, then
emerge as adults. The life cycle can be as short as 20 days. L.

thompsonii overwinters as maggots in hibernating ECB lar-
vae. Two or three generations arise per year. The first gen-
eration often emerges too early in the spring, and must sur-
vive on alternate hosts, such as Papaipema nebris, the com-
mon stalk borer (Mahr 1997).

NOTES: L. thompsonii is susceptible to microscopic
biocontrols, such as Beauveria bassiana and Nosema pyrausta
(Mahr 1997).

Nosema pyrausta

BIOLOGY: A single-celled microsporidial protozoan that
infects ECBs. It is presumably native to Europe but now lives
in North America.

DEVELOPMENT: N. pyrausta rarely kills caterpillars, but
causes debilitating disease in both larvae and adults, which
reduces ECB longevity and fecundity. Hence N. pyrausta
serves as a long-term population suppressor. It produces tiny
ovoid spores (4.2 x 2 pm) which spread in larval faeces, and
spreads by transovarial transmission in eggs.

APPLICATION: Researchers have mass-produced N.
pyrausta as spores, sprayed on foliage while young ECBs are
still feeding on leaves. Spores persist on foliage for one to
two weeks. ECB predators, such as green lacewings, can eat
N. pyrausta-infected ECB eggs and pass the spores harmlessly
in their faeces. These spores remain infective. Unfortunately,
parasitoids that develop within ECBs, such as Macrocentrus
grandii, may acquire the infection. N. pyrausta can be used
with Bt—the treatments have an additive effect.

NOTES: A second species, Nosema furnacalis, is cur-
rently under investigation. A related microsporidian,
Vairimorpha necatrix, is also being investigated. V. necatrix
kills ECBs and various armyworms much quicker than
Nosema species.

CHEMICAL CONTROL (see Chapter 11)

Young ECBs (those still feeding on leaves) are repelled
or killed with neem, nicotine, rotenone, and ryania. Once
ECBs bore into stalks, nothing sprayed on plant surfaces will
affect them. Frank (1988) used a large-bore syringe to inject
stalk galls with plain mineral oil. Clarke (pers. commun.
1995) retrofitted the spray nozzle and tube from a can of
WD-40® onto an aerosol can of pyrethrin, and sprayed the
pyrethrin into borer holes. After treatment, wipe away all
frass from stems. New excrement indicates a need for re-
peated treatment.

Chemicals and microbial biocontrols work better when
combined with a feeding stimulant. One commercially-avail-
able stimulant, Coax®, has been used against ECBs. For more
information, see the section on Budworms.

Baiting with synthetic pheromones can lure male moths
into traps. When many moths appear in pheromone traps, a
new generation of young larvae is only a week away—get
your Trichogramma and Bt ready. In North America, two
strains of ECBs respond to different pheromone blends of
tetradecenyl acetate (Howard et al. 1994), so growers will
need two traps for the two strains. Alternatively, small rub-
ber septums can be impregnated with pheromones and
spread around hemp fields to confuse male moths and in-
hibit mating (Nagy 1979).

HEMP BORERS

Hemp borers are also called hemp leaf rollers and hemp
seed eaters. Besides boring into stems, Kryachko et al. (1965)
described hemp borers destroying 80% of flowering tops in
Russia. Bes (1978) reported 41% seed losses in unprotected
Yugoslavian hemp. Each larva consumes an average of 16
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Cannabis seeds (Smith & Haney 1973). In addition to culti-
vated hemp, hemp borers also infest marijuana, feral hemp
(Cannabis ruderalis), and hops. Anti-marijuana researchers
considered the hemp borer “an excellent biocontrol weapon”
(Mushtaque et al. 1973, Baloch et al. 1974, Scheibelreiter 1976).
Forty larvae can kill a seedling that is 15-25 cm tall in ten
days (Baloch et al. 1974). Ten larvae per plant cripple growth
and seed production. A Pakistani strain is host-specific on
Cannabis; the larvae do not feed on hops like European hemp
borers (Mushtaque et al. 1973). Hemp borers arrived in North
America around 1943 (Miller 1982).

SIGNS & SYMPTOMS

Hemp borers feed on leaves in the spring and early sum-
mer. Subsequently they bore into petioles, branches, and
stalks. Feeding within stalks causes fusiform-shaped galls
(Plate 22). Stalks may break at galls, although the length of
tunnels within galls averages only 1 cm (Miller 1982).

Borers that hatch in late summer and autumn spin loose
webs around terminal buds and feed on flowers and seeds.
Senchenko & Timonina (1978) provided an illustration of
seed damage. Late season larvae pupate in curled leaves
within buds, bound together by strands of silk.

TAXONOMY & DESCRIPTION
Grapholita delineana (Walker) 1863, Lepidoptera; Olethreutidae.
= Cydia delineana (Walker), = Laspeyresia delineana (Walker),

= Grapholita sinana Felder 1874, = Cydia sinana (Felder)

G. delineana and G. sinana were considered different species until
1968 (Miller 1982). Smith & Haney (1973) and Haney & Kutscheid
(1975) report Grapholita tristrigana (Clemens) infesting hemp.
Miller (1982) reexamined G. tristrigana specimens from Minnesota,
lowa, Missouri, Wisconsin, Illinois, Kentucky and New York—all
were G. delineana, not G. tristrigana. A report of Grapholita
interstictana on hemp (Dempsey 1975) probably represents another
misidentification. These species are differentiated by their genita-
lia, summarized by Miller (1982).

Description: Eggs are white to pale yellow, oval, 0.4 mm wide,
and laid singly on stems and undersides of leaves. Larvae are pink-
ish-white to pale brown, up to 9-10 mm long (Fig 4.22). Several
pale bristles per segment are barely visible. Their heads are dark
vellow-brown, with black ocelli, averaging 0.91 mm wide. Larvae
pupate in silken cocoons covered with bits of hemp leaf. Adults are
tiny moths, with greyish- to rusty-brown bodies and brown, fringed
wings. Body length and wingspan average 5 mm and 9-13 mm re-
spectively in males, and 6-7 and 10-15 mm respectively in females.
Forewings exhibit white stripes along the anterior edge with four
chevron-like stripes near the centre (Fig 4.22, Plate 23).

Figure 4.22: Larva, pupa and femaie moth of Grapholita
delineana (A) compared to larger Ostrinia nubilalis (B).
Both about x2 actual size. G. delineana from Senchenko &
Timonina 1978, O. nubilalis from Ceapoiu 1958.

Life History & Host Range

Hemp borers overwinter as last-instar larvae in crop
stubble, weeds, and sometimes stored seed (Shutova &
Strygina 1969). They pupate in April, in soil under plant de-
bris. Moths emerge in early May and migrate at night to new
hemp fields. Moths are not strong fliers; Nagy (1979) calcu-
lated flight speeds of 3.2—4.7 km hour! in a wind chamber.
Upon finding a hemp field, females land quickly, usually
within 3 m of the field’s edge. After mating, females lay be-
tween 350-500 eggs. Adults live less than two weeks.

Eggs hatch in five to six days at 22-25°C, or three to
four days at 26-28°C. Out of 350-500 eggs, Smith & Haney
(1973) estimated only 17 larvae survived to first instar. Lar-
vae skeletonize leaves for several days before boring into
stems. Borers pupate within stems. The Primorsk region of
Russia is evidently the northern limit of G. delineana in Eura-
sia. Further south, two generations occur in Hungary (Nagy
1979) and the Ukraine (Kryachko et al. 1965). A partial third
generation arises in Armenia (Shutova & Strygina 1969) and
four generations overlap in Pakistan (Mushtaque et al. 1973).

Larvae go into hibernation in September and October.
Day length under 14 hours induces diapause (Saringer &
Nagy 1971). Temperature also influences diapause—warm
weather slows photoperiodic effects.

DIFFERENTIAL DIAGNOSIS

Hemp borer damage often arises in the top 1/3 of plants
(Nagy 1967), while European corn borers usually form galls
in the lower 3/4ths of plants (Nagy 1959). European corn
borers and other boring caterpillars drill longer tunnels than
G. delineana larvae. Weevils, curculios, and gall midges also
bore into stems and form galls. Late-season hemp borers that
infest buds may be confused with late-season budworms.

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Methods 1 (sanitation) and 2a (deep autumn plough-
ing) greatly reduce overwintering borer populations. Elimi-
nate “sanctuary” stands of feral hemp, hops, and other weeds
(method 3). Early crop harvest (method 4) is helpful. Since
full-grown larvae survive in harvested stems, stems should
not be transported into uninfested areas. Larvae may
overwinter in seed, so method 11 is important. Methods 12d
(nocturnal light traps) and 13 (screening) help. Breeding
dwarf Cannabis may decrease hemp borer infestation—Smith
& Haney (1973) rarely found larvae attacking plants less than
30 cm tall, even when plants were flowering.

BIOCONTROL (see Chapter 10)

Native organisms heavily parasitize G. delineana larvae
in the USA, which may explain why hemp borers rarely harm
feral hemp. Smith & Haney (1973) found 75% of larvae in-
fested by Lixophaga variablis (Coquillett), a tachinid fly, and
Macrocentrus delicatus Cresson (a braconid wasp, described
below). Goniozus species attack G. delineana larvae in Paki-
stan (Mushtaque et al. 1973); Scambus species parasitize 30%
of hemp borers in Hungary (Scheibelreiter 1976).

Camprag et al. (1996) used Trichogramma wasps to con-
trol the first generation infestation with “51-68% efficiency.”
He released 75,000-100,000 wasps per ha, and repeated the
release one week later. He did not report which species he
used. Trichogramma species are described in the previous sec-
tion on European corn borers.

Peteanu (1980) experimented with Trichogramma
evanescens. He released 80,000, 100,000, or 120,000 wasps per
ha, four times per season (presumably two releases against
the first generation and two against the second generation).
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T. evanescens worked best at the highest release rate, and
worked better against second generation larvae than first
generation larvae. Peteanu combined T. evanescens with Bt
and pesticides, with interesting results (see Table 4.8).

Smith (1996) controlled a related Grapholita pest, G.
molesta, with Trichogramma dendrolimi released at a rate of
600,000 wasps per ha, repeated every five days while moths
were laying eggs.

Bako & Nitre (1977) successfully controlled young hemp
borers with aerial applications of Bt (described in the previ-
ous section). Podisus maculiventris preys on young hemp bor-
ers feeding in the leaf canopy (described in the section on
leaf-eating caterpillars). Consider injecting stem galls with
beneficial nematodes such as Steinernema carpocapsae (de-
scribed under cutworms).

Macrocentrus ancylivorus

BIOLOGY: Several Macrocentrus species have been mass-
reared for field use. M. ancylivorus is a braconid wasp native
to New Jersey. It attacks many fruitworms, leafrollers, and
stem borers. In the 1930s M. ancylivorus was reared in large
numbers to control Grapholita molesta. The parasitoid does
best between Massachusetts and Georgia, west to the Mis-
sissippi river.

APPEARANCE & DEVELOPMENT: Adults are slender
wasps, 3-5 mm long, amber-yellow to reddish brown in col-
our, with antennae and ovipositors longer than their bodies.
Female wasps are nocturnal, most active at 18-27°C and
>40% RH, and lay up to 50 eggs, one egg per borer (Mahr
1998). The wasps go after borers already within branches (sec-
ond and third instars preferred). M. ancylivorus larvae ini-
tially feed within caterpillars, then emerge to feed externally,
and pupate in silken cocoons next to the body of their hosts.
One generation arises per generation of the host. They
overwinter as larvae in hibernating hosts.

NOTES: In orchards, Grapholita molesta is controlled by
releasing three to six M. ancylivorous females per tree (Mahr
1998). A related species, Macrocentrus delicatus, attacks G.
delineana in the midwest. Macrocentrus grandii and
Macrocentrus gifuensis are widespread biocontrols of Euro-
pean corn borers.

CHEMICAL CONTROL (see Chapter 11)

Many botanicals that control European corn borers also
work against hemp borers—neem, nicotine, rotenone, and
ryania. Peteanu (1980) killed borers with sumithrin, a syn-

Table 4.8: Effectiveness of biological and chemical control
against Grapholita delineana.

TREATMENT DosE PER TREATMENTS FATAUTY RATE
HECTAREZ PER SEASON OF LARVAE (%)

1. Trichogramma 120,000 4 89.5

2. Trichogramma 100,000 4 82.5

3. Trichogramma 80,000 4 77.9

4. Bt (Dipel) 2kg 4 74.4

5. sumithrin 750 g a.i. 4 86.1

6. diazinon 5%G 25 kg 1 55.8

7. #2 + #3 100,000 + 2 kg 2+2 84.9

8. #2 + #4 100,000 + 750 g 2+2 89.2

9. #2 + #5 100,000 + 25 kg 3+1 76.7

'Data from Peteanu (1980)
2Dose per individual treatment

thetic pyrethroid (see Table 4.8). Spraying pesticides only
works before hemp borers burrow into stalks. Once inside
stems, no surface sprays will affect borers. Nagy (1979) de-
scribed an “edge effect” in fields infested by G. delineana.
Weakly-flying female moths land quickly to lay eggs after
discovering a hemp field; most infestations occur in the first
3 m around a hemp field. Spray this edge zone with pesti-
cides as moths arrive. In severe infestations, the edge zone
should be cut down and buried or burned.

Nagy (1979) used female sex hormones to attract and
trap male moths, preventing reproduction. Fenoxycarb, a
synthetic juvenoid, kills eggs of the related pest Grapholita
funebrana (Godfrey 1995).

OTHER BORING
CATERPILLARS

At least five other moth larvae damage Cannabis stalks.
These borers generally do not form galls. Infested plants
appear stunted and unhealthy. Inspection of stalks reveals
entrance holes, often exuding sawdust-like frass. Hollowed
stalks may collapse and fall over.

1. GOAT MOTH

Cossus cossus (Linnaeus) 1758, Lepidoptera; Cossidae.
Description: C. cossus caterpillars are said to smell like goats (as
will stalks, even after larvae exit to pupate in soil). Caterpillars are
red-violet and grow 90 mm long. Pupae are reddish-brown, 38-50
mm long, covered with pieces of wood and debris. Moths are robust,
brown-bodied, with olive-grey variegated wings reaching a span
of 90 mm.

Life History & Host Range

Ferri (1959) described goat moth larvae attacking Ital-
ian hemp. Moths emerge from pupae in June and July. C.
coccus takes three or four years to complete its life cycle. The
pest normally infests trees in Europe, central Asia, and north-
ern Africa. A related American species, Cossus redtenbachi,
(“the worm in the bottle”) infests Agave plants, the source of
tequila.

2. MANANDHAR MOTH
Zeuzera multistrigata Moore 1881, Lepidoptera; Cossidae.

= Zeuzera indica Walker 1856, nec Z. indica Herrich-Schaffer 1854
Description: Adults of this species resemble Leopard moths (Zeuzera
pyrina L.), with predominantly white bodies, three pairs of steel-
blue spots on the thorax, and seven black bands across the abdomen.
Wings are white with steel-blue spots and streaks, veins have an
ochreous tinge, wings span 85 mm in females, 65 mm in males.
Heads and antennae are black, lower legs blue, femora white. Larvae
are predominantly white, with black heads and dark spots.

Life History & Host Range

Baloch & Ghani (1972) described this species causing
serious damage in Pakistan. Z. multistrigata takes two or three
years to complete its life cycle. According to Sorauer (1958),
this pest normally feeds within coffee tree trunks, as does
its difficult-to-distinguish cousin, Zeuzera coffeze Nietn. Z.
multistrigata occurs across the Himalayan foothills from
Dharmsala to Darjeeling.

3. COMMON STALK BORER

Papaipema nebris (Guenee) 1852, Lepidoptera; Noctuidae.
=Papaipema nitela (Guenee) 1852

Description: Eggs are white, globular, ridged. Young larvae are red-

dish-brown with a pair of white dorsal stripes. Side stripes are in-

terrupted near the middle of the body, lending a “bruised” appear-

ance (Metcalf et al. 1962). When larvae approach maturity they lose
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their stripes and turn a dirty-grey colour. Heads and anal shields
are dark brown, mandibles and true legs are black. Mature larvae
reach 45 mm in length and bore large exit holes (7 mm diametre).
Moths have robust brown bodies and greyish brown wings with
small white dots, wingspan 30 mm.

Life History & Host Range

Tietz (1972) listed Cannabis among this borer’s 68 her-
baceous hosts. Young larvae bore in monocots (e.g.,
quackgrass, giant foxtail) until they outgrow these hosts; by
July they migrate to larger-stemmed plants. Maize and gi-
ant ragweed are two common targets. Larvae usually enter
stems near the ground, bore for 25-50 cm, then exit in search
of a new host. This restless habit multiplies crop losses. Lar-
vae enter soil to pupate in August; moths emerge in Sep-
tember. Females deposit eggs on monocots between curled
leaves. Eggs hatch in spring. One generation arises per year.
P. nebris lives in North America east of the Rocky Mountains.

4. BURDOCK BORER

Papaipema cataphracta (Grote) 1864, Lepidoptera; Noctuidae.
Description: Metcalf et al. (1962) said burdock borers resem-

ble common stalk borers, except P. cataphracta’s side stripes are not

interrupted and they are smaller. Adult moths resemble those of

commuon stalk borers, except for different genitalia.

Life History & Host Range

Tietz (1972) listed 31 herbaceous plants attacked by this
borer, including Cannabis. Frequent hosts include rhubarb,
burdock, and thistle. Since P. cataphracta larvae are smaller
than those of P. nebris, they inhabit smaller stems and
branches. Larvae pupate in stems, not soil. One generation
arises per year. The species is sympatric (same geographic
range) with P. nebris.

5. HEMP GHOST MOTH

Endocylyta excrescens (Butler) 1877, Lepidoptera; Hepialidae.
Takahashi (1919), Clausen (1931), and Shiraki (1952)

cited larvae of this moth attacking Japanese hemp. Larvae

feed on roots and possibly stems. Adults are large (81-90

mm wingspan) and fly swiftly. Coloration of moth forew-

ings varies from greenish grey to brown, with black flecks.

Figure 4.23: Life cycle of Helicoverpa armigera.
A. Egg viewed from side; B. Egg viewed from above;
C. Larva; D. Pupa; E & F. Adult (from Holland 1937).

DIFFERENTIAL DIAGNOSIS

European corn borers and hemp borers usually cause
swellings at their feeding sites. Gall midges and boring bee-
tles must also be differentiated. Split the stem and see what
you find.

CONTROL

Follow recommendations for European corn borers and
hemp borers. To reduce P. nebris and other omnivorous pests,
mow down grass and weeds around crops. Grass and weeds
need to be mowed again in August before moths emerge to
lay overwintering eggs. Biocontrol researchers are testing
Scambus pterophori, a wasp (Ichneumonidae) that parasitizes
caterpillar borers and beetle grubs. Lydella thompsoni may
attack P. nebris larvae (this biocontrol is described under
European corn borers). All lepidoptera are killed by Bt (de-
scribed under European corn borers). The two Noctuids (P.
nebris and P. ataphracta) might also be sensitive to NPV (de-
scribed under cutworms). To control borers with Bt and NPV
requires individual injection of each plant stem. Consider
injecting stems with beneficial nematodes (Steinernema car-
pocapsae, described under cutworms). Synthetic pheromone
lures are available for more common pests, such as C. cossus.

BUDWORMS

Four budworms appear in the Cannabis literature.
Budworms specialize in destroying plant parts high in ni-
trogen, namely flowers, fruits, and seeds. Some species also
skeletonize leaves. Budworms spin loose webs around flow-
ering tops and feed (and frass) therein. Sometimes they feed
inside floral clusters where damage is not visible until flow-
ers are ruined. Wounded buds and frass provide a starting
point for grey mould infection.

1. COTTON BOLLWORM
Helicoverpa armigera (Hiibner) 1809, Lepidoptera; Noctuidae.
=Heliothis armigera Hubner, =Heliothis obsoleta (Fabricius),
=Chloridea obsoleta (Fabricius), = Bombyx obsoleta Fabricius 1775,
nec B. obsoleta Fabricius 1793
Description: Eggs are hemispherical, shiny, with ridges that radiate
from the apex like wheel spokes, white when newly laid but dark-
ening to tan with a reddish-brown ring, 0.5 mm in diameter (Fig
4.23). Newly-hatched bollworms are pale yellow with dark longitu-
dinal stripes, 1.5 mm in length. They grow into stout caterpillars up
to 45 mm long. Mature caterpillars vary in colour from green to
brown to almost black, with alternating light and dark longitudinal
stripes along their bodies, pale-coloured undersides, with yellow-
green heads and black legs (Fig 4.23 & Plate 24). Tiny spines cover
most of their body surface (visible through a 10x hand lens), in
addition to the dozen or so longer bristles found on each segment.
Shiny brown pupae are found 5 cm or more below the soil surface.
Moths are stout-bodied and brown; wings are yellow-brown with
irregular lines and dark brown markings near the margins, wingspan
up to 40 mm (Plate 25).

Life History & Host Range

H. armigera lives in Eurasia and Australia (Hill 1983), so
we use the name preferred by Eurasian entomologists—Heli-
coverpa, rather than Heliothis. This pest does its worst dam-
age in the tropics, where its life cycle can be as short as 28
days (Hill 1983). H. armigera commonly infests cotton, maize,
tobacco, and chickpeas. It sometimes turns up in canned to-
matoes. The pest has been reported on hemp by Goureau
(1866), Riley (1885), Vinokurov (1927), Shiraki (1952), Rataj
(1957), Ceapoiu (1958), Dempsey (1975), Khamukov &
Kolotilina (1987), and Dippenaar et al. (1996). It is cited on
marijuana by Rao (1928) and Nair & Ponnappa (1974). In
southern India, Cherian (1932) considered H. armigera sec-
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ond only to spider mites in destructive capacity. He found
that 100 bollworms could eat a pound of Cannabis (0.45 kg)
per day!

H. armigera and the next species (H. zea) share similar
life cycles. The pests produce one to six generations per year,
depending on the latitude (six generations in the tropics, less
away from the equator). Populations in temperate regions
overwinter as pupae in soil. Tropical populations do not hi-
bernate. Moths emerge from pupae as late as June in north-
ern Russia (Vinokurov 1927). Female moths, which are noc-
turnal, lay over 1000 eggs, one at a time, on upper leaves of
crops and weeds. According to Young (1997), H. zea moths
lay more eggs on yellowed leaves than green leaves. Eggs
hatch in three to five days. Larvae eat leaves, flowers, or
seeds. The larval period lasts 14-51 days, depending on lati-
tude (Hill 1983). Caterpillars in the tropics may seek shelter
in soil during the heat of the day (Cherian 1932). Budworms
are cannibalistic and feed on their brethren if suitable veg-
etation is unavailable.

2. BOLLWORM

Helicoverpa zea (Boddie) 1850, Lepidoptera; Noctuidae.
=Heliothis zea (Boddie), =Bombyx obsoleta Fabricius 1793, nec B.
obsoleta Fabricius 1775

Description: H. zea closely resembles H. armigera; (compare Fig 4.24

to Fig 4.23), only a close look at genitalia tells them apart. Gill &

Sanderson (1998) describe the adults as having distinct green eyes.

Life History & Host Range

A plethora of common names reflects the wide host
range of H. zea—cotton bollworm (confused with H. armig-
era), tobacco budworm, tomato fruitworm, corn earworm,
and vetchworm. Tietz (1972) cited H. zea on North American
Cannabis. It may be the “bollworm” that Comstock (1879)
reported “devouring heads of hemp.” H. zea is not a perma-
nent resident above 39°N (it cannot overwinter), but every
summer the adults migrate as far north as Ontario (Howard
et al. 1994). H. zea is native to the Americas, while H. armigera
is a Eurasian species (Hill 1983). H. zea is easily mistaken for
Heliothis virescens (F.), also confusingly known as the to-
bacco budworm—a horrific pest of tobacco, cotton, and other
solanaceous plants. H. zea shares the same life cycle as H.
armigera, described above.

3. FLAX NOCTUID

Heliothis viriplaca Hufanagel 1766, Lepidoptera; Noctuidae.
=Heliothis dipsacea Linnaeus 1767

Description: Larvae have greyish green to dark brown bodies up to

14-22 mm long, with green to yellow-green heads. Dorsal stripes

are yellow, narrow, with dark borders described as a rust colour

(Kirchner 1906). Moths and eggs resemble those of the aforemen-

tioned Noctuids.

Life History & Host Range

The Flax noctuid attacks flax, lucerne, soyabean, and at
least 20 other plant hosts (Vinokurov 1927). H. viriplaca been
found on flowering hemp by Kirchner (1906), Blunck (1920),
Vinokurov (1927), Clausen (1931), Shiraki (1952), and
Ceapoiu (1958). H. viriplaca lives in cooler Eurasian climates
than H. armigera, and produces only one to two generations
per year. Other than that, its life cycle is the same as that of
H. armigera (see above).

4. HEMF BAGWORM

Psyche cannabinella Doumere 1860, Lepidoptera; Psychidae.
Description: Larvae slender and pale, pinkish white, with light

brown heads and legs. Shortly after hatching, larvae weave a co-

coon and cover it with flower fragments. Bags of mature caterpil-

lars are spindle-shaped or conical, 20-23 mm long and 6-7 mm wide
(Kozhanchikov 1956). Therein bagworms feed and eventually pu-
pate. Doumere (1860) described moth forewings as grey with brown
spots, bordered posteriorly with grey fringe; hindwings are greyish
white with silver-white fringe. Head, thorax and abdomen are grey-
brown. Doumere said female moths resembled males, except for
smaller antennae. But according to Kozhanchikov (describing
Sterrhopteryx fusca, see next paragraph), only males develop wings,
while females are wingless, milky-white, and wormlike, with only
rudimentary legs.

The identity of P. cannabinella is questionable.
Kozhanchikov (1956) placed the species under synonymy
with Sterrhopteryx fusca Haworth 1829, family Psychidae.
Paclt (1976) considered P. cannabinella identical to Aglaope
infausta (Linnaeus 1758), family Pyromorphidae
(=Zygaenidae). Marshall (1917) suggested the insect was a
Hymenopteron!

Life History & Host Range

Doumere (1860) originally found P. cannabinella in Lux-
embourg on hemp growing from birdseed. Larvae hatch in
July and usually infest female flowers, not male flowers. Ac-
cording to Kozhanchikov (describing Sterrhopteryx fusca),
mating takes place without females leaving their bags. Fe-
males lay eggs in place, then die and fall out of old bags.

DIFFERENTIAL DIAGNOSIS

Other caterpillars may infest flowering tops during part
of their life cycles, such as European corn borers, hemp bor-
ers, cutworms, and armyworms.

Table 4.9: Infestation Severity Index for budworms.

Light any budworms or webs or bud damage
seen

Moderate  signs or symptoms at more than one
location, moths present

Heavy many worms and webbings seen,
most buds in crop infested

Critical every plant with bud damage, and 10 or

more budworms/plant, moths common

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Methods 2a (deep ploughing) and 3 (weeding) are very
important. Cherian (1932) used method 9—he shook infested
plants every ten days and collected all caterpillars that fell
to the ground. Method 12d (nocturnal light traps) works
against moths. Tomato breeders have conferred some resist-
ance against H. zea by selecting plants that produce methyl
ketones (Kashyap et al. 1991). Methyl ketones are produced
by Cannabis (Turner et al. 1980).

BIOCONTROL (see Chapter 10)

Khamukov & Kolotilina (1987) controlled hemp
budworms with Trichogramma pretiosum and T. minutum (de-
scribed under European corn borers). They did not cite re-
lease rates. Smith (1996) said corn growers release a million
T. pretiosum wasps per ha every two or three days while
moths are laying eggs, for a total of 11-18 releases per sea-
son. T. brassicae and T. dendrolimi have also controlled
budworms, at release rates of 200,000-600,000 wasps per ha
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(Li 1994). Less commonly used parasitoids include Chelonus
insularis, Eucelatoria bryani, Microplitis croceipes, and Archytas
marmoratus (discussed below), and Cotesia marginiventris (de-
scribed under cutworms and armyworms).

Predators work well indoors. The larvae of big-eyed
bugs (Geocoris species) consume an average of 77 first-instar
budworms or 151 budworm eggs before pupating into adults
(which continue to feed!). Yet these statistics pale compared
to those of adult ladybeetles (62 budworm eggs per day),
larval ladybeetles (34 eggs per day), and larvae of green
lacewings (28 eggs per day). Pirate bugs (Orius species) also
eat eggs and young larvae. Podisus maculiventris preys on
young budworm larvae (described in the section on leaf-
eating caterpillars).

Effective microbial agents include Bt (see European corn
borers) and NPV (discussed below). Researchers have killed
budworms with the fungus Nomuraea rileyi. For budworms
pupating in soil, consider the soil nematodes Steinernema car-
pocapsae (see cutworms) and Steinernema riobravis (see flea
beetles).

Microplitis croceipes

BIOLOGY: A parasitic braconid wasp that lays eggs in
second through fourth instar larvae of H. zea and H. virescens
(Fig 4.24). The wasp is attracted to caryophyllene (Lewis &
Sheehan 1997), a volatile oil produced by Cannabis plants
(Mediavilla & Steinemann 1997). Economic mass-rearing
methods are currently being developed.

Figure 4.24: A parasitic wasp, Microplitis croceipes,
laying eggs in a budworm, Helicoverpa zea (courtesy
USDA).

Chelonus insularis and C. texanus

BIOLOGY: Two closely-related parasitic braconid wasps
some entomologists say they are the same species) that at-
tack many Noctuids (budworms, armyworms, cutworms,
etc.). Females lay eggs in budworm eggs or young larvae.

Eucelatoria bryani

BIOLOGY: A parasitic tachinid fly that lays eggs in fourth
and fifth instar larvae of H. zea. Females deposit several eggs
in each host. The species is native to the southwestern USA.

Archytas marmoratus
BIOLOGY: Another tachinid that preys on bollworms,
fall armyworms, and other Noctuids. A. marmoratus is na-

tive to the southern USA. Each fly lays up to 3000 eggs dur-
ing her 50-70 day life span. Eggs are deposited on leaves of
plants, not caterpillars, so the hatching maggots must con-
nect with their hosts.

Nuclear Polyhedrosis Virus “NPV”

BIOLOGY: Several strains of NPV infest budworms. Three
are described below.

Heliothis zea NPV (HzNPV) specifically kills Heliothis
and Helicoverpa species. Sandoz, via IMCC, registered
HzNPV for use on tobacco in 1975 (as Elcar®), but discontin-
ued the product in 1983. A new strain (Gemstar®) is avail-
able. According to Hunter-Fujiata et al. (1998), the recom-
mended dose of HzZNPV is 6 x 101 OBs per ha, which can be
obtained by grinding up the cadavers of 25-50 infected
budworms, or using 700 g of the 0.64% liquid formulation.
In cotton, three applications are made at three- to seven-day
intervals, beginning when pheromone traps start catching
egg-laying moths.

Autographa californica NPV (AcNPV, AcMNPV,
Gusano®) produces mixed results against budworms—H.
virescens is more susceptible to AcNPV than HzNPV, but H.
zea is less susceptible to AcNPV (Hunter-Fujita et al. 1998).

Mamestra brassicae NPV (MbNPV, Mamestrin®,
Virin®) kills some Heliothis-Helicoverpa species. For more in-
formation on AcNPV and MbNPYV, including development
and application, see the next section on cutworms.

Helicoverpa armigera Stunt Virus “HaSV”

BIOLOGY: An RNA virus that infests H. armigera. Young
caterpillars are killed within three days of eating the virus.
The viral genome of HaSV has been genetically engineered
into tobacco plants to kill H. armigera (Anonymous 1996).

Nomuraea rileyi

BIOLOGY: A fungus that infects and kills many Noctuids,
including H. zea. The fungus does best in moderate humid-
ity and warm temperatures.

APPEARANCE & DEVELOPMENT: Spores germinate and
directly infect budworms through their skins. Death occurs
in about a week. Under optimal conditions, “mummified”
cadavers become covered with phialidic conidiophores and
oval, single-celled, greenish conidia. The cycle is repeated
when conidia contact new hosts. Blastospores are yeast-like
and produced in liquid media, but commercial formulations
require further research.

CHEMICAL CONTROL (see Chapter 11)

Synthetic pheromone traps are available for H. armigera
and H. zea. The active ingredients are (Z)-11-hexadecenal and
several related aldehydes and alcohols (Howse et al. 1998).
Pheromone traps are particularly important for monitoring
the annual immigration of H. zea into regions north of 39°N.

In tobacco, ten budworms per plant justifies breaking
out the spray gun. Rotenone kills budworms, albeit slowly.
Neem also kills slowly, but it acts as an antifeedant, repel-
ling budworms from sprayed surfaces (Mordue & Blackwell
1993). Some budworms are highly resistant to pyrethrum
(e.g., H. armigera). Spinosad, a metabolite produced by an
actinomycete, controls budworms in cotton and vegetable
crops. Polygodial may be available soon. Back in the old days,
Cherian (1932) sprayed plants with lead arsenate; he esti-
mated 100 g of sprayed marijuana contained 2.0 mg of ar-
senic, “allowed as a medical dose.”

Chemicals and NPV work better when combined with
Coax®, a feeding stimulant. It was developed for budworms
on cotton, but also stimulates European corn borers on corn
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(Hunter-Fujita et al. 1998). Coax consists of cotton seed flour,
cotton seed oil, sucrose, and Tween 80 (a surfactant). Coax
has been used at 3.4 kg ha'!, mixed with NPV to kill
budworms in cotton fields (Hunter-Fujita et al. 1998). Feed-
ing stimulants work even better when they contain extracts
of the crop to which they are applied (i.e., try hemp seed
extracts). Monitor the effectiveness of controls by looking
for budworm frass—fresh frass is light green, old frass be-
comes dark green.

CUTWORMS & ARMYWORMS

Allen (1908) called cutworms “hemp’s only enemy.” Ten
species reportedly attack Cannabis. Some of these reports are
probably wrong, because cutworms and armyworms are
notorious migrants and may have been collected on Canna-
bis while en route to a true host plant. For instance, Alexan-
der (1984b) cited the eastern tent caterpillar, Malacosoma
americanum (Fabricius). Other questionable observations in-
clude the clover cutworm, Discestra (Scotogramma) trifolii
(Hufnagel) in North Caucasus hemp (Shchegolev 1929), and
the oriental armyworm, Mythimna (Pseudaletia) separata
(Walker) infesting Indian marijuana (Sinha et al. 1979).

On the other hand, several armyworms we would ex-
pect on Cannabis do not appear in the literature. These poly-
phagous pests include the armyworm, Pseudaletia unipuncta
(Haworth), the fall armyworm, Spodoptera frugiperda (Smith),
and the cotton leafworm, Spodoptera littoralis Boisduval.

SYMPTOMS

Most farmers are familiar with cutworm damage, but
few witness the culprits in action. Cutworms emerge from
soil at night to feed on stems of seedlings. The next morn-
ing, dead plants are found lying on the ground, severed at
the soil line. Older plants may not be completely severed—
instead, they tilt, wilt, and die. Since cutworms only eat a
little from each plant, they destroy a surfeit of seedlings each
evening. Cutworms burrow back into the ground shortly
before dawn, usually within 25 cm of damaged plants. Some-
times they drag seedlings into their burrows. Raking soil to
a depth of 5 cm will uncover them. Cutworms roll into tight
spirals (Plate 26) and “play ‘possum” when exposed to light
(Metcalf et al. 1962).

Larvae hatching later in the season, lacking seedlings
to cut, will climb up plants to feed on leaves and flowers.
Some species accumulate in large numbers and crawl en
masse across fields, devouring everything in their path, earn-
ing their new name, armyworms. Armyworms are also called
“climbing cutworms.”

1. BLACK CUTWORM
Agrotis ipsilon (Hufnagel) 1765, Lepidoptera; Noctuidae.

= Euxoa ypsilon Rottemburg 1761
Description: Larvae are plump, greasy, grey-brown in colour, with
dark lateral stripes and a pale grey line down their back, growing
to a length of 45 mm (Fig 4.25). They have a dark head with two
white spots. A magnifying glass reveals many convex granules on
their skin, resembling rough sandpaper. Pupae are brown, spindle-
shaped, with flexible abdominal segments. They are found 5 cm
down in soil near host plants. Moths are small, brown, with indis-
tinct Y-shaped markings on their dark forewing (hindwings nearly
white), and difficult to distinguish from other Noctuids. Eggs are
round to conical, ribbed, yellow, laid either singularly or in clusters
of two to 30 on plants close to the ground.

Life History & Host Range
Black cutworms attack marijuana in India (Sinha et al.
1979) and hemp in Europe (Ragazzi 1954). Dewey (1914) de-

Figure 4.25: Some cutworms. A. Adult and larva of Agrotis
ipsilon; B. Spodoptera litura; C. Spodoptera exigua; D. Agrotis
segetum (not to scale). All illustrations from Hill (1994).

scribed cutworms causing heavy losses in late-sown hemp,
but noted little damage in seedlings sown at the proper time.
Robinson (1952) considered cutworms a problem only in
hemp rotated after sod. A. ipsilon frequents weedy, poorly
cultivated crops.

A. ipsilon overwinters in soil as pupae or mature larvae.
Moths emerge in April or early May and lay eggs on plants
inlow spots or poorly drained land (Metcalf et al. 1962). Each
moth lays up to 1800 eggs. Eggs hatch in five to ten days.
Larvae feed for ten to 30 days before pupating, repeating
their life cycle until a heavy frost. Two generations per year
arise in Canada, three in most of the USA, and four genera-
tions in southern California and Florida. A. ipsilon is found
worldwide and despised for its pernicious habit of cutting
down many seedlings to satisfy its appetite. It feeds on al-
most any herbaceous plant.

2. PADDY CUTWORM
Spodoptera litura (Fabricius) 1775, Lepidoptera; Noctuidae.

= Prodenia litura Fabricius
Description: Larvae reach 50 mm in length. They are stout, smooth-
skinned, with black heads and dull grey to grey-green bodies par-
tially covered with short setae. Mature cutworms exhibit yellow
stripes down their back and sides. The dorsal stripes are bordered
by a series of semilunar black spots (Fig 4.25). Paddy cutworms
closely resemble cotton leafworms (Spodoptera littoralis Boisduval).
Pupae are brown and spindle-shaped. Moths have robust brown
bodies and wings coloured buff to brown (forewings are darker,
with buff markings), reaching a span of 38 mm. Eggs are laid in
clusters of 200-500 and covered with moth hairs.

Life History & Host Range
S. litura lives in warm climates and rarely overwinters.
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In the tropics its life cycle takes 30 days; as many as eight
generations arise per year (Hill 1983). Female moths lay egg
clusters under leaves of host plants. Eggs hatch in three or
four days. Caterpillars destroy crops for 20 days before pu-
pating in the soil. Pupation takes six or seven days, then
adult moths emerge once again.

Also called the tobacco caterpillar and the fall army-
worm, S. litura should not be confused with Spodoptera
frugiperda (Smith) 1797, the North American fall armyworm.
S. litura attacks crops from Pakistan to China, and south to
eastern Australia. Main hosts are tobacco, tomato, cotton,
rice, and maize. Cherian (1932) considered S. litura a “minor
pest.” Nevertheless, the caterpillar attracted biocontrol re-
searchers, who described it destroying flowering tops (Nair
& Ponnappa 1974).

3. BEET ARMYWORM
Spodoptera exigua (Hiibner) 1827, Lepidoptera; Noctuidae.
=Laphygma exigua Hibner

Description: Newly-hatched larvae are light green with black heads.
Full grown larvae vary in colour, grey-green to brown, with wavy
lines down the back and pale lateral stripes along each side, skin
colour between the stripes often dotted and mottled, total length
25-35 mm (Fig 4.25). Larvae have dark heads and often have a dark
spot on each side of the body above the second true leg. Pupae are
dark brown, and found in the upper 10 mm of soil in a cell formed
of soil and plant debris glued together with a sticky secretion. Moth
bodies are brown, similar to those of S. litura but smaller (wingspan
25-30 mm). Forewings are grey-brown with a yellow kidney-shaped
spot in the mid-front margin, reaching a span of 30 mm; hindwings
are white with a dark fringe. Eggs are pearly-green (changing to
grey), spherical, with radiating ribs, 0.5 mm in diameter, laid in clus-
ters of 50-300, in several layers, covered by moth hairs and scales.

Life History & Host Range

Moths emerge in spring and deposit 500-900 eggs in
four to ten days, which hatch in two to five days. Larvae
feed for about three weeks and pupate in half that time. In
warm areas four to six generations arise per year. Beet
armyworms can march in enormous numbers, defoliating
hundreds of hectares of sugarbeets, rice, cotton, maize, and
vegetable crops.

Anative of India and China, where it feeds on Cannabis
(Cherian 1932), S. exigua was accidentally introduced into
California around 1876 (Metcalf et al. 1962). It moved east to
Florida and north to Kansas and Nebraska. From Florida
the pest was introduced into Europe, where it attacks hemp
(Ceapoiu 1958).

4. CLAYBACKED CUTWORM
Agrotis gladiaria (Morrison) 1874, Lepidoptera; Noctuidae.
Description: Mature larvae are grey with a distinctly paler dor-
sum, set with numerous small, flat, shining granules arranged down
the back like pavement stones. The body tapers both anteriorly and
posteriorly, reaching 37 mm in length. Moths resemble most
Noctuids: robust brown bodies, forewings darker than hindwings,
with variegated dark brown markings.

Life History & Host Range

Overwintering larvae cause their greatest destruction
from May to late June. After that they pupate underground.
Moths emerge in September and October, mate, lay eggs,
and repeat their life cycle. Only one generation arises each
vear. Tietz (1972) cited this species feeding on hemp, along
with 20 other hosts. A. gladiaria lives east of the Rocky Moun-
tains, and becomes scarce south of Tennessee and Virginia.

5. COMMON CUTWORM
Agrotis segetum (Denis & Schiffermiiller) 1775, Lepidoptera;

Noctuidae. =Euxoa segetum Denis & Schiffermdiller

Description: Mature larvae are plump, greasy, cinnamon-grey
to grey-brown with dark heads and faint dark dorsal stripes, reach-
ing 45 mm in length (Fig 4.25). Pupae are smooth, shiny brown, 12-
22 mm long and found in the soil. Moths are distinguished by black
kidney-shaped markings on their dark forewings (hindwings are
white). They are smaller than black cutworm moths, with a wing-
span of 32-42 mm. Females lay light yellow eggs haphazardly, on
plants or soil, singly or in groups of two to 20.

Life History & Host Range

Also called the Turnip moth, Durnovo (1933) described
A. segetum destroying hemp near Daghestan, Georgia. This
polyphagous pests cuts down seedlings at soil level and
gnaws at root crops underground. In equatorial Africa and
southeast Asia up to five generations arise per year; whereas
in northern Europe A. segetum is univoltine (one generation
per year), and overwinters as larvae in the soil.

6. BERTHA ARMYWORM
Mamestra configurata Walker, Lepidoptera, Noctuidae.
Description: Young larvae are pale green with a yellowish stripe
on each side. Mature larvae darken to a brown-black colour, with
broad yellow-orange stripes on each side, and three narrow, broken
white lines down their backs. Some larvae, however, remain green.
Mature larvae have light brown heads and measure 40 mm in length.
Pupae are reddish brown and tapered. Adults have grey forewings
flecked with black, brown, olive , and white patches. A prominent
white kidney-shaped spot arises near the wing margin. Forewings
are edged with white and olive-coloured irregular transverse lines,
wingspan 40 mm. Eggs are white (turning darker with age), ribbed,
and laid in batches of 50~500, in geometric, single-layer rows.

Life History & Host Range

M. configurata overwinters as pupae, 5-16 cm deep in
soil. Adults emerge and lay eggs from May to August. Each
female lays an average of 2150 eggs, which hatch within a
week. Young larvae congregate on the underside of leaves.
Crop damage peaks between July and August. One or two
generations arise per year. M. configurata is a serious pest of
canola (rape seed), but also feeds on alfalfa, flax, peas, and
potatoes. Weed hosts include lamb’s quarters and wild mus-
tard. The species is native to North America and attacks hemp
in Manitoba, chewing off all leaf blade tissues, leaving only
a stalk with leaf skeletons (Moes, pers. commun. 1995). The
pest population is cyclical—M. configurata damage becomes
significant for two to four years, then becomes insignificant
for eight to ten years, then cycles into significance again.

DIFFERENTIAL DIAGNOSIS

Cutworm damage can be confused with post-emergent
damping off, caused by fungi. Bird damage can be confused
with cutworm damage, because early birds damage seed-
lings before growers get out of bed and see them in action.
Armyworms must be differentiated from other assorted leaf-
eating caterpillars (discussed in the next section).

CULTURAL & MECHANICAL CONTROL
(method numbers refer to Chapter 9)

Cold, wet spring weather causes cutworms to prolifer-
ate, so follow method 4 (plant late). A combination of meth-
ods 3 and 9 works well—hoeing, a good eye, and quick
hands. Destroy egg clusters and eradicate weeds (especially
grasses) from the vicinity. Observe method 6 (avoid rotating
Cannabis after sod). Finish the season with method 2a
(ploughing). Recultivate fields in early spring, and wait two
weeks before planting. Cultivation destroys the cutworm'’s
food source (weed seedlings), and a two week fallow starves
them.
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Light traps (method 12d) work against moths. Method
13 (mechanical barriers) is labour-intensive but effective.
Place cardboard or tin collars around seedlings. Be sure to
push 10-cm-tall collars at least 3 cm into the soil. Rings of
sand, wood ashes or eggs shells also repel larvae. Placing
toothpicks alongside stems, despite old wives’ tales, will not
stop cutworms. For armyworms, apply Tanglefoot® as de-
scribed in method 13. Armyworms may bridge the sticky
barrier by marching over their stuck brethren.

BIOCONTROL (refer to Chapter 10)

Cutworms and armyworms have been controlled by
Trichogramma species (T. dendolimi, T. brassicae, T. evanescens,
described under European corn borers). In sugar beets, Smith
(1996) released 100,000-200,000 wasps per ha every one to
two months. Chelonus species have killed cutworms and
armyworms (see budworms). A new parasitic wasp, Cotesia
marginiventris, is described below. Cool, rainy weather sup-
presses all parasitic wasps. In these conditions, switch to
Steinernema carpocapsae, a parasitic nematode (described be-
low). Steinernema riobravis kills caterpillars in warmer, drier soil
(see flea beetles).

Turning to microbials—NPV kills cutworms and
armyworms, albeit slowly (described below). Bt (described
under European corn borers) works well against armyworms
{except S. exigua). Bt is less successful against cutworms.
Nomuraea rileyi is a fungus that infests Noctuids (described
under budworms).

Some predatory insects (e.g., pirate bugs) eat the eggs
of cutworms and armyworms. Podisus maculiventris preys
on cutworms and armyworms {described in the section on
leaf-eating caterpillars). Many toads, birds, small mammals,
and other insects relish cutworms. Make their work easier
by frequently tilling the soil. Yepsen (1976) repelled cut-
worms with tansy, Tanacetum vulgare (described in the next
section on leaf eating caterpillars).

Steinernema (Neoapectana) carpocapsae

BIOLOGY: Of the >20 known species of Steinernema, this
species is the best known and most widely marketed para-
sitic nematode (Biosafe®, Exhibit®, EcoMask®, Exhibit SC®,
Sanoplant®). S. carpocapsae kills cutworms, armyworms, and
other caterpillars, as well as beetle grubs, root maggots, and
some thrips and bugs in soil. Steinernema nematodes are cos-
mopolitan, and do best in soil temperatures between 15-32°C
(but the Scanmask® strain of S. carpocapsae is native to north-
ern Sweden and remains active down to 10°C).

DEVELOPMENT: S. carpocapsae hunts for hosts with a “sit-
and-wait” or “ambush” strategy. It stands upright on its tail,
near the soil surface, and waits for mobile, surface-feeding
insects to pass by. Steinernema species must enter hosts via
natural openings; they cannot directly penetrate insect skin.
Within hosts, Steinernema species release bacteria
(Xenorhabdus nematophilus and subspecies X. bovienii and X.
poinarii). The bacteria ooze insect-destroying enzymes, and
do the actual killing. Bacteria also produce antibiotics which
prevent putrefaction of dead insects, allowing nematodes
to reproduce in the cadavers (Plate 31). Cutworms begin
dying within 24 hours of infection, and the next generations
emerges within ten days. Steinernema-infected hosts become
limp and turn a cream, yellow, or brown colour.

APPLICATION: Supplied as third-stage larvae in
polyethylene sponge packs or bottles. Sealed containers of
Steinernema species remain viable for six to 12 months at 2—
6°C. To apply to soil, follow instructions for Heterorhabditis
bacteriophora (see the section on white root grubs). Leslie
(1994) reduced black cutworms by 94% with S. carpocapsae,

applying about 50,000 nematodes to soil around each plant.
S. carpocapsae has also been injected into borer holes and
sprayed onto foliage to control above-ground insects, but
nematode survival is short. Survival can be lengthened by
coating nematodes with antidesiccants (e.g., wax, Folicote,
Biosys 627). Repeat applications every three to six weeks for
the duration of infestations.

NOTES: S. carpocapsae lives near the soil surface. Its “am-
bush” strategy works best against active, surface-feeding
insects, like cutworms, armyworms, and fungus gnat mag-
gots. Steinernema species are hardier than Heterorhabditis
nematodes, easier to mass produce, and last longer in stor-
age. But they do not penetrate hosts as well as Heterorhabditis
species. Nematodes living near the soil surface suffer higher
predation rates from nematophagous collembolans such as
Folsomia candida. Beneficial nematodes are compatible with
Bt and NPV, but biocontrol insects that live in the soil are
incompatible (e.g., pupating Aphidoletes aphidimyza). Accord-
ing to some experts, wasp parasitoids that pupate within
silken cocoons are not killed.

Nuclear polyhedrosis virus “NPV”

BIOLOGY: A rod-shaped baculovirus (Fig 6.4) which con-
tains dsDNA. Individual NPV rods are only 300 nm long,
but they may clump by the hundreds into occlusion bodies
(OBs) that grow to 15 um in diameter (easily seen under a
light microscope). NPV kills larvae of Noctuids (e.g., cut-
worms, armyworms, budworms, borers, and leaf-eating cat-
erpillars). Of course not all caterpillars are from the Noctuid
family so you must properly identify your pests. Many
strains of NPV are available.

Mamestra brassicae NPV (MbNPV, Mamestrin®, Virin-
EKS®) kills at least 25 species of Noctuids, including
Mamestra, Spodoptera, and Heliothis-Helicoverpa species.
Mamestrin Plus® combines MbNPV with a synthetic
pyrethroid, cypermethrin.

Figure 4.26: Dead armyworm killed by a nuclear polyhe-
drosis virus, MbNPV (courtesy USDA).
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Autographa californica NPV (AcNPV, VPN-809,
Gusano®), has the widest host range of any NPV. AcNPV
kills at least 45 species of caterpillars, including most cut-
worms. A genetically engineered version of AcNPV ex-
presses a neurotoxin from the venom of Androctonus australis,
a scorpion (currently under investigation).

Spodoptera exigua NPV (SeNPV, Spod-X®, Instar®,
Ness-A®) has a restricted host range—the beet armyworm.
The Yoder Brothers developed SeNPYV in Florida.

Heliothis zea NPV (HzNPV) was formally marketed
as Elcar® and now sells as Gem-Star® (described under
Budworms).

Spodoptera littoralis NPV (SINPV, Spodopterin®) kills
cotton leafworms. It is not available at the time.

DEVELOPMENT: Caterpillars that eat plant material
sprayed with NPV stop feeding, become flaccid, darken, then
die. Unfortunately, death may take a week; slow lethality
has been a limiting factor in the popularity of NPV. NPV-
killed caterpillars, unlike Bt victims, generally do not smell
(unless infected by secondary saprophytic bacteria). The car-
casses hang from plants and spread more viruses (Fig 4.26).

APPLICATION: NPV is supplied as a liquid concentrate
or wettable powder. Since NPV must be eaten to kill cater-
pillars, spray all foliage uniformly and completely. NPV on
foliage is degraded by UV light, so spray outdoors in late
afternoon or on cloudy (not rainy) days. To slow degrada-
tion, combine NPV with Pheast® or Coax®, which are lepi-
dopteran feeding stimulants.

Shapiro & Dougherty (1993) increased the potency of
NPV by adding laundry brighteners. Many brands worked,
especially stilbene brighteners (e.g., Leucophor BS,
Leucophor BSB, Phorwite AR, Tinopal LPW). They found
that 0.1% of Tinopal LPW added to NPV worked the best.
Brighteners protect NPV from UV light; brighteners also
decrease caterpillar gut pH, which enhances NPV activity.

NOTES: Caterpillars gain resistance to NPV as they age.
For instance, the LDs; for M. brassicae jumps from seven OBs
in the first instar to 240,000 OBs in the fifth instar (Hunter-
Fujita et al. 1998). Get those cutworms while they're young!
NPV is compatible with Bt and all other biocontrols. NPV
works well against two cutworms that are Bt-resistant, M.
brassicae and S. exigua.

Agrotis segetum granulosis virus

BIOLOGY: AsGV is a new OB-forming DNA virus used
by European workers (Agrovir®). It is very host-specific,
killing only A. segetum and A. ipsilon. AgGV has been ap-
plied as a spray or a bran bait, at a rate of 4 x 1013 OBs per ha
(Hunter-Fujita et al. 1998). Young larvae are the most sus-
ceptible; use light traps or pheromone traps to determine
when Agrotis moths are flying, and apply AsGV a week later.

Agrotis segetum cytoplasmic polyhedrosis virus

BIOLOGY: AsCPV is an OB-forming RNA virus,
discovered in the UK. Infected caterpillars lighten to a milky-
white colour before dying.

Saccharopolyspora spinosa
BIOLOGY: A bacterium that kills S. exigua (a pest some-
what impervious to Bt), cabbage loopers, and other Noctuids.

Cotesia marginiventris

BIOLOGY: A tiny braconid parasitic wasp that lays eggs
in young Noctuid caterpillars. C. marginiventris lives in tem-
perate and semitropical regions around the world. It con-
trols cabbage loopers, cutworms, armyworms, and
budworms in cotton, corn, and vegetable crops.

APPEARANCE & DEVELOPMENT: Adults are sturdy
wasps, 7-8 mm long, dark coloured, with long, curved an-
tennae. The egg-laying wasps track down volatiles emitted
by caterpillar-damaged plants. Amazingly, leaves damaged
by wind or other mechanisms do rof attract parasitoids, un-
less oral secretions from leaf-eating insects are added
(Turlings ef al. 1990). Females lay 150-200 eggs, inserting 20—
60 eggs per caterpillar. C. marginiventris larvae kill their host
and then pupate externally, in a yellow, silken cocoon at-
tached to host larvae or the undersides of leaves. The lifecy-
cle takes 22-30 days in optimal conditions.

APPLICATION: C. marginiventris is supplied as adult
wasps. Release 800-2000 wasps per ha, weekly, while moths
of pests are flying and laying eggs (at least three releases).

CHEMICAL CONTROL (see Chapter 11)

Yepsen (1976) described a cutworm bait: mix hardwood
sawdust, wheat bran, molasses, and water. Scatter the sticky
bait at dusk. It immobilizes larva and exposes them to their
enemies. Lace the bait with an insecticide to insure results
(Metcalf et al. 1962). For spray-gun enthusiasts, Yepsen sug-
gested a repellent spray of garlic, hot peppers, and horse-
radish. Neem acts as an repellent, antifeedant, and it kills
Spodoptera species (Mordue & Blackwell 1993). Spinosad is
particularly useful against Spodoptera species. Rotenone con-
trols armyworms in cotton and vegetable crops.
Diflubenzuron is the synthetic form of a natural chitin in-
hibitor that kills armyworms. Synthetic pheromone lures are
commercially available for A. ipsilon, A. segetum, S. litura, S.
exigua, and M. configurata.

LEAF-EATING CATERPILLARS

The literature reports dozens of leaf-eating caterpillars
on Cannabis, including many improbable pests. Some improb-
able pests are incidental migrants, such as the American dag-
ger (Acronicta americana Harris) found on feral hemp in Michi-
gan (McPartland, unpublished data 1995). A. americana is
arboreal and probably fell from trees overhanging the hemp.
Hanson (1963) cited three improbable pests on leaves and
“pods” of Vietnamese marijuana—the long-tailed blue swal-
lowtail, Lampides boeticus (Linnaeus), Jamides bochus (Stoll),
and a Papilionides species.

Surprisingly, some improbable pests are cited more than
once: Amyna octo Guen. was reported on Indian marijuana
(Rao 1928, Cherian 1932) and European hemp (Sorauer 1958).
Vice versa, several leaf-feeding caterpillars we’'d expect to
find on Cannabis have not been reported. Examples include
the pale tussock (Calliteara pudibunda Linnaeus), the red ad-
miral (Vanessa atalanta Linnaeus), the comma or hops mer-
chant (Polygonia comma Harris), and the hops looper (Hypena
humuli Harris).

Baloch & Ghani (1972) collected loopers from Pakistani
plants, the polyphagous pests Plusia nigrisigna Walker, P.
(Diachrisia) orichalcea Fabricius and P. horticola. Loopers have
been observed on feral hemp in 1llinois but not identified
(Bush Doctor, unpublished data 1983).

Cherian (1932) found larvae of two tussock moths (fam-
ily Liparidae) causing minor damage in Indian marijuana
fields, Euproctis fraterna Moore and E. scintillans Walker. These
species occupy sympatric ranges from India to Malaysia.
Goidanich (1928) and Schaefer et al. (1987a) cited another (and
infamous) member of the tussock family feeding on Canna-
bis—the gypsy moth, Lymantria dispar (Linnaeus).

Shiraki (1952) reported several odd species on Japanese
hemp, including some improbable pests: Eumeta japonica
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Heylaerts (Psychidae), Plataplecta consanguis Butler
(Noctuidae) and five Nymphalids, including the Painted
Lady (Cynthia cardui Linnaeus), Vanessa urticae connexa But-
ler, Araschnia burejana Bremer, Araschnia levana Linnaeus and
Pyrameis indica Herbst. Anonymous (1974) also cited Pyrameis
indica in China. Clausen (1931) added another odd east Asian
nymphalid, Polygonia c-aureum (Linnaeus).

SIGNS & SYMPTOMS

Leaf-eating caterpillars act as leaf rollers (weaving leaves
together for protection while they feed), as leaf skeletonizers
(selectively eating leaf tissue between leaf veins, leaving a
skeleton of veins), or they simply chew big holes in leaves.
Shaking a plant, especially in the early morning, will dis-
lodge all leaf-eating caterpillars except leaf rollers. For esti-
mating the level of infestation, see the budworm chart (Ta-
ble 4.9). For estimating the degree of damage, see Fig 1.3.

Only seven leaf-eating caterpillars are cited often
enough to be considered serious pests:

1. SILVER Y-MOTH or GAMMA MOTH
Autographa gamma (Linnaeus) 1758, Lepidoptera; Noctuidae.
=Plusia gamma (Linnaeus), =Phytometra gamma Linnaeus
Description: Larvae are 12-footed “semiloopers” with only three
pairs of prolegs. They are dark green, pinched towards the head,
marked by a white dorsal stripe and two lateral yellow lines, and
reach 20-30 mm fully grown. Head and legs have black markings.
They pupate on plants inside a silken cocoon. Moths are brown bod-
ied with forewings sporting a silvery “Y” mark (or Greek gamma)
against a grey-brown background, wingspan 30-45 mm (Fig 4.27).
Eggs are white, round, and ribbed.

Figure 4.27: Adult moths of some leaf-eating caterpillars.
A. Autographa gamma; B. Melanchra persicariae; C.
Mamestra brassicae (not to scale). All illustrations by Hill
(1994).

Life History & Host Range

Females lay 500-1000 eggs on undersides of leaves, sin-
gly or in small groups. The life cycle takes 45-60 days. Two
cycles arise per year in Europe, but up to four cycles occurin
Israel (Hill 1983). Caterpillars skeletonize leaves when young,
but later eat the entire leaf lamina. Larvae attack seedlings
(Kaltenbach 1874, Kirchner 1906), and leaves or flowers of
mature plants (Blunk 1920, Goidanich 1928, Martelli 1940,
Ceapoiu 1958, Spaar et al. 1990). Dempsey (1975) considered

A. gamma a major pest in temperate Eurasia, and now it lives
North America. The moths can migrate hundreds of miles.
Hosts include sugarbeets, assorted vegetables, Prunus, Rubus,
and Sambucus.

2. DOT MOTH
Melanchra persicarige (Linnaeus) 1761, Lepidoptera; Noctuidae.
=Polia persicarige (Linnaeus), =Mamestra persicariae (Linnaeus)
Description: Larvae colours vary from pale grey-green to dark green
or purple-brown. They have a light green head, a pale dorsal line
down their backs, a series of V-shaped markings, and a dorsal hump
on the eighth abdominal segment. Setae (1-1.3 mm) cover the body
giving them a velvety texture. Fully-grown larvae reach 40 mm in
length. Moths are grey to bluish-black, with darker forewings
marked by two kidney-shaped white dots, wingspan 38-50 mm (Fig
4.27). Eggs are hemispherical, ribbed, whitish green becoming pink-
ish brown, laid on undersides of leaves, singly or in small masses.

Life History & Host Range

Pupae overwinter in soil. Moths emerge in June or July
and promptly lay eggs. Eggs hatch in a week and larvae feed
for up to 90 days before moving underground in autumn.
Only one generation arises per year. Blunk (1920) rarely
found M. persicariae in hemp, while Dempsey (1975) consid-
ered the species a major pest. Kaltenbach (1874), Kirchner
(1906), Goidanich (1928), and Rataj (1957) also report it in
central Europe. M. persicariae prefers feeding on Urtica, Plan-
tago, Salix, and Sambucus species, but is polyphagous.

3. CABBAGE MOTH
Mamestra brassicae (Linnaeus) 1758, Lepidoptera, Noctuidae.
=Barathra brassicae Linnaeus
Description: Young larvae are yellow-green, their dorsum darken-
ing to a green-brown colour by the fourth instar. They have yellow
heads and side stripes resembling a chain of dark semilunar spots;
rusty brown setae cover the body. Full-grown larvae measure 40-50
mm in length and have a small hump on abdominal segment eight.
Adults are brown Noctuid moths, nearly indistinguishable from
other species except for a curved dorsal spur on the tibia of the fore-
leg (Fig 4.27). Eggs are transparent (turning light yellow to brown),
ribbed, and laid in batches of 50 or more, in single-layered geomet-
ric rows.

Life History & Host Range

M. brassicae overwinters as pupae in soil. Adults emerge
and lay eggs in May-June. Young larvae act as cutworms;
later they eat leaves. Two generations arise per year. The
species is highly polyphagous and a serious pest of vegeta-
ble crops. It attacks hemp in Europe (Martelli 1940, Rataj
1957, Ferri 1959) and Japan (Takahashi 1919, Harada 1930,
Clausen 1931, Shiraki 1952). The Japanese report that it also
feeds like a budworm. Yepsen (1976) suggested Cannabis
could repel this pest from other crops. M. brassicae ranges
across the Old World, and is somewhat tolerant to Bt.

4. GARDEN TIGER MOTH
Arctia caja (L.) 1758, Lepidoptera; Arctiidae.

Description: Larvae are black woollybears with white spots
on their flanks. The woolly hairs contain high concentrations of his-
tamine (Rothschild et al. 1979). Moths have variegated forewings of
beige and brown, hindwings of bright orange with iridescent blue
spots, wingspan 50 mm. Moth bodies are brown dorsally, orange
underneath. The stiff spines growing from moths can inflict a se-
vere sting (Rothschild et al. 1979).

Life History & Host Range

This species is distributed worldwide north of the equa-
tor. Harada (1930) and Shiraki (1952) reported this pest in
Japan; Sorauer (1958) reported it in Europe. But when Roth-
schild et al. (1977) fed A. caja a pure Cannabis diet, the larvae
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became stunted and died before maturity. Given a choice,
A. caja larvae preferred eating high-THC plants to low-THC,
high-CBD varieties. Yet their survival was higher when they
fed upon the latter.

A. caja is aposematic — the moths are conspicuously
coloured, and the colours serve as a warning to predatory
birds and rodents. Moths store plant poisons in their bodies
which repel predators, just like their famous cousin—the
monarch butterfly. Birds will eat A. caja without hesitation
on the first occasion, but subsequently refuse to eat the dis-
tasteful moths (Rothschild et al. 1979). A. caja larvae are poly-
phagous, but show a predilection for poisonous plants, in-
cluding Aconitum, Senecio, Convalaria, Digitalis, Solanum, and
Urtica (Rothschild et al. 1979). One A. caja larva feeding on
Cannabis can store enough THC in its cuticle to be
pharmacologically active to a mouse (Rothschild et al. 1977).

Berenji (pers. commun. 1997) reported another Arctiid,
the Fall webworm (Hyphantria cunea Drury), infesting hemp
in Yugoslavia. H. cunea larvae web leaves and flowers into
an unsightly nest. Greatest damage arises from August to
October. Larvae are black and white with long, whitish hairs.
Two generations arise per year. H. cunea normally infests
trees and shrubs. It is a gift from America to the Old World.

5. COMMON HAIRY CATERPILLAR

Spilosoma obliqua (Walker) 1862, Lepidoptera; Arctiidae.
=Diacrisia obliqua (Walker)

Description: S. obligua woollybears have yellow bodies, orange

stripes, dark heads, and long, light-coloured hairs. Moths are

aposematic, with orange abdomens and yellow wings that are lightly

spattered with black spots, wingspan 40 mm.

Life History & Host Range

This species overwinters as pupae just beneath the soil
surface. Young larvae skeletonize leaves; later they com-
pletely consume leaves. S. obliqua sometimes infests flower-
ing tops. Females lay eggs in large conspicuous masses, up
to 1000 at a time. In warm climates the life cycle takes 30
days; three to eight generations arise per year.

S. obligua ranges from the Himalaya foothills of India to
Japan. The larvae are polyphagous, but like many aposematic
insects, they prefer eating poisonous plants (Rothschild et
al. 1979). S. obligua caught the attention of biocontrol research-
ers in India (Nair & Ponnappa 1974) and Pakistan (Baloch &

Figure 4.28: The woollybear, Spilosoma virginica.
A. Female moth; B. Pupa; C. Dark form of larva;
D. Light form of larva {courtesy of USDA).

Ghani 1972). Deshmukh et al. (1979) offered S. obliqua larvae
154 different plant species, and found Cannabis among the
six most preferred hosts. Yet, when fed a diet of pure Canna-
bis, 50% of the larvae died after 24 days.

Lago & Stanford (1989) reported another yellow
woollybear, Spilosoma (Diacrisia) virginica (F.), feeding on
Mississippi marijuana (Fig 4.28).

6. BEET WEBWORM

Loxostege sticticalis (Linnaeus) 1761, Lepidoptera; Pyraustinae.
=Phlyctaenodes sticticalis Linnaeus

Description: Larvae are yellowish-green, darkening with age to

nearly black, with a black stripe down their backs, reaching 30 mm

in length. Moths are mottled brown, with straw-coloured markings

and a dark margin on the underside of their hindwings.

Life History & Host Range

Larvae overwinter in silk-lined cells in the soil, pupat-
ing there in the spring. Moths emerge from March to June.
Moths are strong night fliers, migrating hundreds of miles
along river valleys with prevailing winds. Females lay 150
eggs, in groups of two to 20, on undersides of leaves. The
entire life cycle can be as short as 35 days, with up to three
generations arising each year.

This polyphagous pest is also known as the meadow
moth or steppe caterpillar. It infests leaves and flowering tops
throughout eastern Europe (Kulagin 1915, Ceapoiu 1958,
Camprag et al. 1996). L. sticticalis ranges across temperate
Asia and has been introduced into the USA and Canada
(Metcalf et al. 1962). Young larvae skeletonize hemp leaves,
often webbing several leaves together, while older larvae eat
entire leaves. They occasionally march en masse as
armyworms.

7. HEMP DAGGER MOTH
Plataplecta consanguis (Butler) 1879, Lepidoptera; Noctuidae.

= Acronycla consanguis Butler
Description: Butler originally placed this species in the
Bombycoidea. He only described the adult moths, which are grey
with lavender and brown wing markings, with 35 <ns1:XMLFault xmlns:ns1="http://cxf.apache.org/bindings/xformat"><ns1:faultstring xmlns:ns1="http://cxf.apache.org/bindings/xformat">java.lang.OutOfMemoryError: Java heap space</ns1:faultstring></ns1:XMLFault>